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ABSTRACT

Signal transduction is the mechanism by which the cell converts a stimulus into a specific
response. This process typically involves a series, or cascade, of molecular events tightly
regulated across time and space. This includes binding, modification, and translocation of
biomolecules. These reactions ultimately lead to a precise response from the cell in order
to appropriately adapt to their environment, and failure to do so can often result in a
“disease state”. Understanding these events is of fundamental importance to design
appropriate therapies, leading to an ever-growing need for tools to precisely analyze
signaling. Optical tools are particularly well-suited for studying signal transduction
because light is minimally invasive to biological systems, allowing for dynamic tracking
of cellular events in live cells. Additionally, optical tools offer high spatial resolution, down

to the level of a single molecule.

The goal of my PhD has been to develop and adapt optical chemical biology approaches to
study signal transduction in cells. In pursuing this goal, I developed genetically encoded
FRET sensors to monitor with high temporal resolution PARP1-dependent ADP-
ribosylation in live cells (Chapter 2). I explored CB1 location-dependent functionality by
adapting genetic code expansion to generate novel tagging strategies in live cells (Chapter
3). Finally, I characterized chemically engineered lipid probes designed to follow lipid

transport, metabolism and protein-interactions (Chapter 4).



Chapter 1: Introduction

In my PhD, I focused on the development and application of an array of chemical biology
tools to monitor various cell regulation mechanisms. This ranged from the development of
genetically encoded FRET sensors to monitor dynamic post translational modifications in

live cells, to characterization of chemically engineered lipid probes for lipid profiling.

Tool development in chemical biology exist at the interface between molecular engineering
and biology. In the absence of a structured collaborative effort, often lacking in the academic
field, it is important to possess both a deep understanding of the biology and the necessary
skills to design and develop these tools. I started my PhD with a purely engineering mindset
and over time gained a deeper and deeper appreciation for biology and its scientific method.
Tool development and this shift in perspective defined my PhD, and combined with the
opportunity in my lab to work with many different chemical biology approaches, led me to
work on a diverse set of tools and biology fields, with a particular focus on signal
transduction. Accordingly, the first part of my introduction covers two different classes of
chemical biology tools I worked on particularly adapted to study signal transduction, while
the second part briefly discusses three distinct fields of molecular biology and the conceptual

approach for identifying potential needs for new tools in these areas.



INVENTING NEW CHEMICAL BIOLOGY TOOLS

As scientists, our fundamental objective is to formulate hypotheses that, through rigorous
work, lead to significant advancements in our research area. Intrinsically, most research is
based on theoretical advancement or the discovery of new principles. This means that novelty
echoes with success. When developing tools, we aim at creating or improving technologies
that enable or enhance the study of biological processes or therapies. This process can add a
layer of complexity compared to the wider field of biomedical research as the success of

these tools is not only measured by their novelty but also their usability and reliability.

Defining scientific methods

The traditional scientific methodology relies on the formulation of hypotheses which are
rigorously tested through the gathering of empirical evidence. If the test results support the
hypothesis, then it is considered as new insight until it is disproved (if it is ever). Of note, in
the words of D.Boorstin, “The greatest obstacles to discovery is not ignorance — it is the
illusion of knowledge”; hypothesis testing always involves a certain amount of assumptions
and can limit the recognition of paradigm shift. Still, hypothesis-driven deduction has defined
scientific inquiries since the formalization of scientific methods and continues to guide

researchers in their investigations today.

Six years ago, as a fresh graduate student learning about grant writing, I was taught that
framing your research project as a hypothesis-driven deduction is the sole acceptable
approach. Proposing to address a lack of data or a knowledge gap in a scientific are through
a screen would be qualified as “fishing expedition”, a red flag in grant writing drastically
decreasing the chance of funding. While this approach remains valid in grant writing, a shift
in the scientific method occurred 20 years ago with the Omics revolution -- the ability to

1



measure changes in large number of genes, proteins, metabolites or lipids in an un-
discriminated fashion. Omics has opened a new path in scientific method, so-called “data-
mining-inspired induction”, where the gathering of data can, in itself, be sufficient to justify
the inquiry. While this method defies the potential bias of the hypothesis driven method
described above, it presents its own challenges in the form of understanding and analyzing
the large set of data in a comprehensive and reproducible way. However, the methodology
has been successfully adopted, mostly by implementing a cycling between generation of

omics-driven ideas followed by careful testing(2).

In the recent years, the explosion of machine learning models has amplified the use of omics-
driven research, assisting in the analysis of data sets. This can be pushed as far as presenting
insight founded purely on correlative analysis from large data sets, bypassing the formulation
of'a mechanistic model, analogous to how some Al engine are generated today using machine
learning (following the law of big numbers). This methodology has been met with fierce
resistance by the scientific community, proposing instead “synergistic merging of big data
with big theory”(3). In any case the field of big-data is still evolving and improving their
methods in order to increase reliable insight. Yet, these strategies and new methodologies are
already so successful that, just in the time of my PhD, I have observed a dramatic shift in
how omics-driven methodologies, adopted 20 years ago, are presented. The universal
hypothesis-driven deduction, modeling how we systemically used to present our science, has

given room to a hybrid form of omics-driven induction followed by deductive testing.

Adapting scientific methods to develop molecular biology tools

Practically, when starting a new molecular biology research project, most scientist will go
through a two-step approach: first step is learning and understanding the field and the second

2



step is to formulate a research question based on the information you gathered and
synthesized. After these two steps, one can either formulate a hypothesis or run a big data
collection screen to address the proposed research question. Either way, experiments are run,
data is collected, and results are analyzed, with the end goal of discovering a new mechanistic
insight. With hypothesis testing, however, the preliminary data collection stage is filled with
great uncertainty. Most researchers design “go or no-go” experiments, meant to determine if
a hypothesis is worth exploring or not. But in response to a “no-go” result, many will go
through iterations of reshaping the hypothesis until one seems to be correct. With omic-
driven induction, this first stage of testing and re-deigning is by-passed, the data tells you
what the most probable path to answers is, mitigating the risk taken with hypothesis

formulated research projects.

Tool development, on the other hand, currently only has a singular approach, analogous to
the “go or no go” approach of molecular biology. It requires precise design; novelty is not
always enough and several elements of engineering need to be taken into account. This
includes the ease of implementation, the efficiency, the adaptability and, in some cases,
scalability. If possible, the tool design should be accommodated for use in different models
and experiment conditions, permit consistency between operators, and have some form of
normalization. Together these factors define the tools usability and reliability and need to be
pondered against the potential for novelty in order to promote its impact. All of these factors
are highly stringent and amplified by the wide variety of pre-existing molecular biology
tools, making tool design a challenging and possibly risky endeavor. For this reason, testing
tool quickly is challenging as all the factors described above often need to be tested in

sequential round of experiments, each round potentially making the tool obsolete. Many



designs are flawed and tools fail, but the quicker the tool is tested, the quicker you can adapt
or move on. With the advent of Al, iteration could become the rule of success, similarly to
how omics screens in biology have partially offset the risk inherent in formulating a
hypothesis. In order to address challenges as medical science complexifies, and molecular

tools with it, it will be critical to adapt new methodologies.

OPTICALLY ACTIVE INDICATOR OF SIGNAL TRANSDUCTION

Molecular imaging reveals the timing and location of biochemically defined molecules,
signals, or processes as they emerge, interact, and vanish across time and space. As a result,
molecular imaging synergistically integrates principles from physics, chemistry, physiology,

biochemistry, and genetics (adapted from Roger Tsien)(4).

Fluorescent dyes as indicators
Fluoresceins and rhodamines, which belong to the xanthene dye family, are some of the most
widely utilized fluorophores. Modification of fluorescein and rhodamine structures has led
to extension of the absorption and emission spectra into the infrared and improvement in
brightness and photostability of the dyes(5-7). The unique open-closed equilibrium of
fluoresceins and rhodamines has allowed the construction of photoactivatable
fluorophores(8), fluorogenic enzyme substrate(9) and indicators (10)with extremely high
contrast. The spirolactone-forming equilibrium of these dyes can be influenced by the
polarity of the medium and their protonation state, making rhodamines and fluoresceins
effective environmental sensors(11). Those properties have sparked the design of fluorescent

indicators synthesized with built-in sensing ability, allowing noninvasive monitoring of



signal transduction inside cells. For example, some first designs involved either inherent

sensitivity to pH(12), or solvent polarity(13).

Additionally, attaching an ion chelator to a fluorophore can create probes that exhibit
increased fluorescence upon ion binding. This effect can be achieved through diverse
photophysical mechanisms, for example by altering the molecule electronic conjugation or
photoinduced electron transfer (PeT). Those fluorescent chemical indicators were widely
adopted for intracellular Ca®" first synthesized in the 1980s by the Tsien lab(14, 15). The first
Ca?" indicator, BAPTA, relied on a shift in electronic conjugation upon binding to Ca*",
shifting its maximum absorbance from 254 nm to 203 nm(16). The overlapping absorbance
with proteins and lack of membrane permeability limited BAPTA applications in cell and led
to the development of a new generation of Ca®" indicators. These were improved by
enhancing cell permeability, shifting to suitable wavelengths with increased brightness and
optimization of the dynamic range. To achieve this, BAPTA was coupled to fluorescein or
rhodamine, generating fluo-1, -2 and -3 as well as rhod -1 or -2(17, 18). The change of
fluorescence for these indicators relies on PeT. Before binding of Ca**, electron transfer from
BAPTA to the photoinduced dye reduces fluorescence. Binding of Ca?" to BAPTA reduced

the PeT efficiency leading to an increase in fluorescence.

A major advantage of those fluorophore probes over genetically encoded sensors is the broad
range of ion specificity and affinity available, as well as the ease of use by bypassing the
need for transfection, making them suitable for experiments in primary cells. However,
robustly targeting the chemical indicators to a specific cell sub-compartment is challenging,
and extruding of the indicators from cells makes long experiments difficult(19). New

methods combining flexible scaffolds with advances in protein engineering have opened new



possibilities in targeting fluorescent indicator, as well as enzyme substrate and
photoactivatable fluorophores to a specific subcellular compartment(20), some of which will

be discussed below.

Fluorescent proteins
In the 90s, the development of genetically encoded fluorescent indicators revolutionized the
field of cell and molecular biology. Most of these fluorescent proteins originated from
mutants of the green fluorescent protein (GFP) from the jellyfish Aquoria Victoria. GFP was
discovered in 1962(21) and recombinantly expressed in E.coli in 1994, demonstrating that
only oxygen was required for proper folding and maturation of the chromophore. This
highlighted its suitability as a fluorescent tag in living organisms(22). Following this
discovery, brighter GFP mutants with optimized spectra were engineered to overcome the
low quantum yield and broad spectrum of the original GFP(23), simultaneously giving birth
to blue and cyan-emitting mutants(24). Around the same time, the structure of GFP and its
fluorophore chemical structure was solved(25), further enabling the design of new variants
with longer (red-shifted) emission wavelength. This led to the generation of yellow
fluorescent protein (YFP) and cyan fluorescent protein (CFP) which, to this day, is one of
the best pairs for Forster Resonance Energy Transfer (FRET)(26). Today, fluorescent proteins
exist in a broad range of colors spanning the visible spectrum from violet to far-red, and
continue to be improved(27). Most notably, due to the low light scattering, absorbance, and
autofluorescence from endogenous molecules at higher wavelengths, far-red fluorescent

proteins remain a major focus, with ongoing efforts to enhance their quantum yield(28).

FRET-based biosensors



FRET describes the energy transfer from a donor fluorophore to an acceptor fluorophore via
non-radiative dipole-dipole coupling when both fluorophores are in close proximity
(<100A), the dipole moments of both fluorophores are at an appropriate angle, and the
emission spectra of the donor fluorophore sufficiently overlaps with the excitation spectra of
the acceptor fluorophore. The orientation of the dipoles, together with the distance between
the fluorophore defines the efficiency of the energy transfer through space. This was
demonstrated by Lubert Stryer and his graduate student, Haugland, in a breakthrough paper:
by attaching a donor fluorophore to one end and an acceptor fluorophore to the other end of
poly-L-proline peptides ranging in length from 12 to 46 A. They observed a decrease in
energy transfer efficiency with increasing peptide length in agreement with the predictions
of the Forster equation(29). Those characteristics are ideal to generate intrinsically
ratiometric fluorescent changes from protein-protein interaction and protein re-

conformation(30).

A generalized design for FRET biosensors, categorized as “intramolecular”, consists of
inserting a protein domain or molecular switch that changes conformation upon ligand
binding or enzymatic modification between a pair of donor and acceptor fluorescent
proteins(Figure 1-1). For example, kinase activity biosensors have a kinase-specific peptide
substrate linked to a phosphoamino-acid binding domain. Phosphorylation by a kinase
induces substrate-binding domain interaction, leading to conformational change and
significant FRET variation(31). This design was widely adopted to monitor not only kinase
activity but also dynamics changes in metabolites like cAMP(Figure 1-1)(32) or for diverse
post translational modifications such as methylation(33), O-GIcNAcylation(34) and more

recently histone H3 Lys-9 trimethylation and Ser-10 phosphorylation(35) among others.



Intramolecular FRET-based biosensors have been widely successful as they combine the
advantage of high signal-to-noise ratio, efficient expression in cells and simple ratiometric
readout. However, it is challenging to achieve high sensitivity. The reason for this is that the
two main parameters defining FRET efficiency, distances between the FPs and relative
orientation, are hard to predict and rationally design. In a single sensor protein, the
fluorophores are always fairly close giving rise to a basal FRET level. We and other groups
have engineered optimized cassettes or backbones in order to facilitate rapid screening and
optimization of biosensors in which the change in dipole moment adds to changes in

fluorophore distance(36, 37).

530 nm ===} Dipole moment

- = — Distance between chromophore

Figure 1-1. Representation of the change in conformation of a cAMP sensor based on the regulatory
domain of EPAC. Following cAMP binding, the VLVLE sequence binds to the regulatory domain, leading
to a change in distance and dipole/dipole angle between the CFP and YFP(32).

Another FRET sensor design relies on the co-expression of two interacting proteins each
containing either the donor or acceptor FP. They are typically referred to as bimolecular

FRET-based sensors or “intermolecular” sensors. Although intermolecular FRET biosensors



can present the advantage of higher FRET change other intramolecular biosensors, their
signal can be affected by unbalanced expression level between the donor and acceptor(38).
An example of bimolecular FRET sensor is the protein kinase A (PKA) sensor BImAKAR,
which is derived from the intramolecular FRET sensor AKAR(39). BImAKAR consists of a
PKA substrate fused to a YFP acceptor co-expressed with a CFP donor fused to Forkhead-
associated (FHA) domain, a binder of phosphothreonine. FHA binds to the phosphorylated

substrate leading to an increase in FRET that was shown superior to the AKAR sensor(40).

FP FRET biosensors simple design and intrinsic ratiometric readout have made them some
of the most applied optical tools to study cell signal transduction. However, some inherent
limitations have dampened their popularity over the years. First, the use of two fluorescent
proteins limits the potential for multiplexing as well as imaging in animal because of
absorption and scattering (this can be partially remedied by using fluorescence life time
imaging). Second, the maximum dynamic range of intramolecular FRET biosensor

achievable is relatively small compared to other modern biosensors.
Single fluorescent protein biosensors

The first circularly permuted fluorescent protein (cpFP) originated from the Tsien lab after
their discovery that opening of new N and C termini at specific residues in proximity to
Tyr145 in GFP was well tolerated with retained fluorescence. The circular permutation with
new termini led to equilibrium shifts between the deprotonated and protonated chromophore,
modulating the emission intensity(41). To test if conformational changes at those residues
could lead to dynamic variation in emission intensity, calmodulin was inserted at residue
Tyr145. Ca*" binding to calmodulin caused deprotonation of the chromophore, increasing
emission by 7-fold. This construct, named camgaroos, became the first example of a

9



circularly permuted fluorescent protein biosensor(41). Camgaroos inspired the design of the
improved Ca”" indicators GCaMP and pericams, where M13 is attached to the N-terminus
and calmodulin to the C-terminus (Figure 1-2) (42, 43). GCaMP has since then gone though

many iterations and is widely successful in monitoring Ca** in complex systems.

Recently, several highly
successful cpFP-based
neurotransmitter sensors
have been reported. G
Protein-Coupled Receptors
(GPCR)  feature  seven
transmembrane alpha
helices. When a GPCR is

bound to a ligand in its

orthosteric pocket, the TMS5
Figure 1-2. Structure of calcium-saturated jGCamP8 (PDB

and 6 helices undergo a  7ST4)(1). Ca* ions are shown in yellow, Calmodulin/M13 in light blue
and GFP in light green. The chromophore was moved to the foreground

conserved  conformational ~ for visibility.

change with TM6 moving outward from the receptor core to facilitate activation of the G

protein complex(44). The extent of this conformational change varies between GPCRs and

can reach up to 14 A in the 2-Adrenergic Receptor-G(45). This allosteric domain movement

can be exploited to design cpFP biosensor to measure neurotransmitter and other GPCR

ligands. Some early example are the dopamine biosensors dLight(46) and GRAB(47) which

are both based on the insertion of a cpFP between TMS5 and 6 of dopamine D1 receptor and

10



dopamine D2 receptor respectively. Sensors following a similar design can detect

norepinephrine(48), serotonin(49), acetylcholine(50) and more.

Circularly permuted biosensors have several advantages over other FRET-based biosensors.
The single-color excitation increases the possibility for multiplexing. Due to their small size,
they are easier to fuse to a large sensor molecule and express and traffic better in cells. Lastly,
the dynamic range achieved between bound and apo state is typically higher than in the more
limited FRET-based biosensors. However, cpFP biosensors are more challenging to design.
Typically they require a large screen to optimized the sensor fusion site and the linkers.
Additionally, their reliance on changes in the protonation state of their chromophore renders
them environmentally-sensitive, which can affect quantification and make them more

adapted to binary read-out (such as Ca®>" spike measurement or action potential)(51).
Bimolecular fluorescent complementation

Following the discovery that GFP can fold and fluoresce after the rearrangement of the
original sequence, it was hypothesized that splitting GFP at the loop between residues 157
and 158, leaving 7 B-strands from the N-terminal part of the fluorophore and 4 strands of the
C-terminus, could recover when they are re-assembled(52). Each monomer of an antiparallel
leucine zipper heterodimer was fused to the N-terminal and C-terminal fragment of the split
GFP and expressed in similar amounts in E-coli. Transformed colonies turned green
demonstrating the ability to reconstitute GFP from its peptide fragments. Bimolecular
fluorescent complementation (BiFC) exploits this property of GFP by fusing each FP

fragment to two interacting proteins of interest which can dimerize with a signaling molecule.
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Most BiFC probes are used to investigate protein-protein interactions. By combining BiFC
with FRET it is possible to visualize ternary complexe formation. An assay has been
developed where proteins A and B are fused to non-fluorescent Venus fragments, and protein
C is fused to Cerulean. Interaction between A and B reconstitutes Venus, serving as a FRET
acceptor. If C interacts with A or B, both FPs come in close proximity enabling FRET and

indicating ternary complex formation(53).

Importantly, most protein-protein interaction in cells are highly transient and the
reconstituted form of split GFP is more often than not more stable than the interaction of
interest itself. For this reason, BiFC is a useful tool to look at the interaction onset but are
unable to resolve the reversibility of the interaction(54). Alternatively, SplitFAST, recently
derived from the fluorogenic reporter FAST(55), is a reversible split fluorescent reporter that
can spatiotemporally monitor the formation and dissociation dynamics of the protein-protein
complex(56). This tagging systems belong to the family of chemical-genetic fluorescent

tools, which offer interesting variations to FP for the generation of biosensors.

Self-labeling fluorescent indicators
So far, we have shown that fluorescein and rhodamine derived dyes as well as genetically
encoded fluorescent proteins are fantastic non-invasive tools to develop indicators of
molecular changes in live cells. In 2003, the first self-labeling protein tag, later named
SNAP-tag, was engineered from human DNA repair protein O°-alkylguanine-DNA
alkyltransferase (hAGT)(57, 58). SNAP-tag can selectively react with O%-benzylguanine
derivatives enabling orthogonal labeling of the protein with a large variety of different
organic molecules(59). Later, CLIP-tag(60) and HalLoTag(61), both both engineered to

function independently of the SNAP-tag (referred to as “orthogonal”), were engineered and
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implemented in optical sensors (also referred to as chemigenetic biosensors). In the context
of fluorescent indicator development, combining the optical properties of organic dyes with
the cell specificity, sub-cellular targeting and existing molecular recognition motifs that
genetically encoded sensors offer can lead to new biosensors with unique properties and

versatility.

A disadvantage associated with FP FRET-based biosensors is their broad absorption and
emission spectra and small Stokes shifts(62), which can lead to cross-talk when attempting
simultaneous read out of multiple biosensors(63, 64). Chemigenetic biosensors are not as
limited in this way because of the superior optical properties of small molecule dyes. Another
disadvantage is that most FP FRET-based biosensors rely on a conformational change of the
receptor upon ligand binding, as described above with the cAMP EPAC sensor (Figure 1-
1)(32). Self-labeling fluorescent indicators can by-pass the need for change in conformation
of the receptor by labeling the protein tag with a synthetic fluorophore tethered to a receptor
protein ligand. In doing so, the ligand, covalently attached to the protein tag, is bound in a
“close confirmation” to the receptor until it is out-competed by the agonist of interest. This
induces a “release” of the fluorescent protein tag, which can be exploited for the generation
of fluorescent indicators(65, 66)(Figure 1-3). Because the sensor is based on competitive

binding, the K4 of the analyte for the receptor has to be lower than the range studied.

One of the first examples of a biosensor using this strategy is the GABA-snifit, a FRET
biosensor capable of detecting micromolar concentrations of GABA in live cells(67). The
sensor consists of a SNAP-tag labeled with the fluorescent GABAB receptor antagonist, and
a CLIP-tag labeled with a second fluorophore compatible for FRET and attached to the

GABAGB receptor. Both fluorophores are in close proximity in the closed conformation and
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upon physiological increase in GABA, the antagonist is out-competed leading to a shift of
the sensor from a closed to an open conformation and a decrease in FRET(Figure 1-3). The
FRET readout permits quantification of the GABA concentration at the cell surface. Similar
scaffolds can be derived to quantify other analytes if a proper binding protein and suitable
ligand exists, and was successfully adapted to quantify acetylcholine, anticholinesterase, and

NAD" to name a few(68, 69).

A GABA antagonist derivative

@9 8@ Cy5 (FRET acceptor)
111 DY-547 (FRET donor)

Figure 1-3. Representation of SNIFIT-GABA. SNAP-tag is labeled with CyS5 functionalized with a GABA
antagonist CGP51783 derivative. CLIP-tag is labeled with DY-547. In the absence of GABA, the derivative
is bound to the receptor, keeping SNIFIT in a close confirmation with low FRET. Upon increase in GABA
concentration, the CGP51783 derivative is outcompeted leading to the open conformation of SNIFIT and
increase in FRET(67).
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SNIFIT biosensors offer high specificity and sensitivity, making them powerful tools for
detecting ligand concentrations, particularly with transmembrane receptors. However, their
reliance on the efficient and specific labeling of both tags can complicate their
implementation in cellular assays. Moreover, while most dyes used are fluorogenic,
background fluorescent, tissue penetration of the dyes and the inherent bulkiness of the
scaffold can still be problematic and potentially prohibitive for live animal studies. Recently,
new scaffold of chemigenetic biosensors have emerged relying on the use of a single self-
labeling protein. Because of the demonstrated faster labeling kinetics and higher fluorogenic
potential of HalLoTag7 (HT7), it has become the self-labeling protein predominantly utilized

in generating those novel biosensors(70).

One such scaffold originated from the finding that exchanging the CFP/YFP pair of pre-
existing FRET-based biosensors with an eGFP donor and a HT7(71, 72) labeled with a red-
shifted silico-rhodamine dye acceptor can lead to biosensors with unprecedented dynamic
ranges, likely by reducing the spectral overlap of the FRET pair in the open state. This was
demonstrated by generating sensors for Ca*’, ATP and NAD". Remarkably, replacing the
eGFP with the non-fluorescent ShadowG(73) enabled the conversion of the FRET NAD"
sensor into an intensiometric sensor with reasonable dynamic range and, more importantly,

state-of-the-art fluorescence lifetime changes(74).

Alternatively, another strategy using HaloTag took advantage of the fluorescent equilibrium
of silico-rhodamine, which exist predominantly in its non-fluorescent form (lactone) in water
and partially switches to its fluorescent zwitterionic form after covalent binding to Halo-Tag,
increasing the fluorescence by 100 fold(75). Recognizing that protein binding does not fully

shift the equilibrium of the dye, a circularly permuted Halo-Tag was generated by inserting
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a recognition domain in close proximity to the fluorophore binding site in order to modulate
the fluorophore environment and shift its equilibrium. This led to the successful development
of red-shifted Ca?" and voltage indicators with superior optical properties to comparable red-

shifted FPs sensors(76).

Bioluminescence-based indicators
Fluorescent indicators require excitation by incident light, which can lead to undesired
phototoxicity and autofluorescence, particularly when imaging in deep tissue.
Bioluminescent proteins do not require light for excitation. Instead, they rely o