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ABSTRACT

Expression, Structure and Mechanism of Manganese

Peroxidase from Phanerochaete chrysosporium

Katsuyuki Kishi, Ph.D.
Supervising Professor: Michael H. Gold

Manganese peroxidase (MnP) is one of two extracellular peroxidases secreted by
the lignin-degrading fungus Phanerochaete chrysosporium. MnP oxidizes Mn(II) to
Mn(III) and the latter, complexed with a chelator, in turn oxidizes the plant polymer,
lignin, and aromatic pollutants.

The role of organic acid chelators in the MnP reaction was examined using
transient state kinetic techniques. Maximal stimulation of the rate of MnP compound II
reduction occurs at physiological concentrations of oxalate, suggesting that a 1:1 complex
of Mn(II)-chelator may be the substrate for MnP compound II reduction.

An homologous expression system in P. chrysosporium was developed in order
to study structure/function relationships in MnP via site-directed mutagenesis. In this
system, the promoter region of the glyceraldehyde-3-phosphate dehydrogenase gene (gpd)
is used to drive expression of the gene encoding MnP isozyme 1 (MnP1) during primary
metabolic growth of P. chrysosporium. The expressed MnP protein is secreted and fully
active and has kinetic and spectral properties which are essentially identical to the wild-
type MnP.

Site-directed MnP mutants were created using the polymerase chain reaction and
variant proteins were produced using our homologous expression system. MnP mutants
of the potential Mn(Il) ligands, D179N, E35Q, E39Q, and DI179N-E35Q, were

Xv




generated, expressed and characterized. All of these variants exhibit dramatically
reduced Mn(II) binding and rates of oxidation, strongly suggesting that MnP has only one
productive site for Mn(II) oxidation. This site consists of Aspl179, Glu35, Glu39, the
heme 6-propionate and two water molecules.

The role of the Phel90 residue in the heme pocket also was examined by site-
directed mutagenesis. The F190Y, F190L, F190I, and F190A variants exhibit steady-
state kinetic properties similar to the wild-type enzyme. In contrast, the stability of both
the native and oxidized states of MnP are significantly altered in several of the Phel90
variants. Moreover, a pH-dependent Fe(IIl) high- to low-spin transition occurs at
considerably lower pHs for the F190A and F1901 variants. These results suggest that

Phe190 plays a critical role in stabilizing the heme environment of MnP.
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CHAPTER 1
INTRODUCTION
1.1 BIODEGRADATION OF LIGNIN

Lignin is the second most abundant carbon source after cellulose and the most
abundant renewable aromatic resource on earth (Sarkanen & Ludwig, 1971; Crawford,
1981). It comprises 15-36 % of the total lignocellulosic material in wood (Lin & Dence,
1992). It provides increased rigidity to the plant cell wall and also protects plants from
pathogenic organisms (Sarkanen & Ludwig, 1971; Higuchi, 1985). In addition, lignin
minimizes water permeation across the cell walls of xylem tissues (Sarkanen & Ludwig,
1971; Higuchi, 1985). Since the biodegradation of cellulose is retarded by the presence of
this polymer (Crawford, 1981; Buswell & Odier, 1987; Kirk & Farrell, 1987; Gold et al.,
1989), the breakdown and potential utilization of lignin are of enormous significance.

Although wood was known to be degraded by living organisms, particularly fungi
(Kirk & Shimada, 1985; Kirk & Farrell, 1987; Blanchette, 1991), substantial progress in
lignin biodegradation research did not commence until a better understanding of the lignin
structure was gained in the 1960s. Furthermore, an effective and simple assay to evaluate
lignin biodegradation either qualitatively or quantitatively was not developed until the

1970s. During the 1970s, assays for lignin biodegradation using lignin model compounds

and 4C-labeled lignins were finally developed (Crawford, 1981). From the 1970s to the
present day, model compounds have been used as substitutes for the natural polymer to
obtain a better understanding of the individual steps involved in lignin biodegradation.
Radioisotopic assay techniques have been applied successfully to a wide range of lignin
related research problems, such as the determination of the range of microbial taxa involved
and the screening of lignin-degrading microorganisms.

This section comprises a brief overview of lignin structure, the microorganisms
involved in lignin biodegradation, and a review of studies on lignin degradation by white




rot basidiomycetes.

1.1.1 Lignin: Structure and Classification

Lignin is a complex, heterogeneous and random phenylpropanoid polymer
(Freudenberg, 1968; Sarkanen & Ludwig, 1971) and is found in all vascular plants and in
certain primitive plant groups such as ferns and club mosses, but not in Bryophyta (true
mosses) and algae (Crawford, 1981). Lignin is synthesized from three substituted
cinnamyl alcohols: p-coumaryl [1-(4-hydroxyphenyl)-], coniferyl [1-(4-hydroxy-3-
methoxyphenyl)-], and sinapyl alcohols [1-(3,5-dimethoxy-4-hydroxyphenyl)-3-hydroxy-
1-propane] (Figure 1.1). These substructures have been commonly called p-coumaryl,
guaiacyl, and syringyl nuclei, respectively. The proportions of these nuclei are dependent
on the plant examined. Guaiacyl lignin is predominantly found in softwoods. Hardwoods
contain guaiacyl-syringyl lignin, which is derived from approximately equal amounts of
coniferyl and sinapyl alcohols and grasses produce a mixed polymer of p-coumaryl,
guaiacyl, and syringyl alcohols (Musha & Goring, 1975; Effland, 1977). Free radical
condensation of these alcohols, initiated by plant cell wall peroxidases (Harkin & Obst,
1973), results in the formation of a heterogeneous, amorphous, optically inactive, random,
and highly branched polymer (Figure 1.2). More than two thirds of the phenylpropane
units in lignin are linked by ether bonds and the remainder are linked by carbon-to-carbon
bonds. Figure 1.3 shows the principal bonds in lignin. The major functional groups in
lignin consist of phenolic hydroxyl, benzylic hydroxyl, and carbonyl groups. The
frequency of individual functional group varies with the origin of the lignins.

1.1.2 Lignin-Degrading Microorganisms

Most wood-decaying microorganisms degrade wood polysaccharides by means of
hydrolases, such as cellulases and xylanases. Many organisms are able to chemically
modify lignin but few can actually degrade lignin to CO; and H,O owing to its complex
and heterogenous structure. Thus, the biodegradation of lignin is believed to be
accomplished by special groups of some bacteria and fungi (Kirk & Shimada, 1985;
Kirk & Farrell, 1987; Blanchette, 1991).

1.1.2.1 Lignin-degrading bacteria

Bacteria are known to be involved in the degradation of lignin, particularly low-
molecular weight lignin-related aromatic compounds (Buswell & Odier, 1987; McCarthy,
1987, Vicuna, 1988; Zimmermann, 1990). Lignin-degrading bacteria belong to
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Figure 1.1. Lignin precursors. (1) p-coumaryl, (2) coniferyl, and (3) sinapyl alcohol
(Eriksson, 1990).

Figure 1.2. Schematic structure of spruce lignin (Adler, 1977).
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actinomycetes (Streptomyces spp.) and some Gram-negative eubacteria (Pseudomonas and
Xanthomonas spp.). Lignin degradation by bacteria is, however, generally much slower
than by wood-decaying fungi. Most of the enzymes involved in the bacterial degradation
of lignin are intracellular, explaining the restricted effect on polymeric lignin. Interestingly,
peroxidases possibly involved in lignin degradation have recently been discovered in
several streptomycetes (Ramachandra et al., 1988; Adhi et al., 1989;
Miliki & Zimmermann, 1992) and a lignin peroxidase-like enzyme (Chapter 1.2.2) secreted
by Streptomyces viridosporus has been characterized (Ramachandra et al., 1988;
Wang et al., 1990b). This suggests that actinomycetous bacteria may utilize a ligninolytic
system related to that of white-rot fungi (Chapters 1.1.3 and 1.2.2).

1.1.2.2 Lignin-degrading fungi

Wood-rotting fungi have been classified into three categories: white-rot, brown-rot,
and soft-rot fungi, according to the morphology of wood decay (Kirk & Cowling, 1984;
Blanchette, 1991). White-rot fungi extensively decompose all major components of wood
(Kirk & Farrell, 1987). The name “white-rot” comes from the observation that these
organisms degrade cell wall lignin leaving the colorless cellulose. More than a thousand
species of white-rot fungi have been identified. The majority belong to Basidiomycotina
(Gilbertson, 1980). Among the ligninolytic microorganisms, white-rot basidiomycetes are
the most efficient of all known lignin degraders.

Brown-rot fungi typically decompose wood carbohydrates (cellulose and
hemicellulose) but leave the lignin intact. This lignin appears dark brown in color and is
almost equal in weight to the lignin in sound wood (Eriksson, 1990; Blanchette, 1991).
Brown-rot fungi predominantly attack softwood, whereas white-rot fungi primarily
decompose hardwood. Brown-rot fungi are taxonomically very similar to white-rot fungi
and also belong to the Basidiomycotina. Analysis of brown-rotted lignin has shown that
brown-rot fungi cause some modification of lignin including a decreased methoxy content
(Kirk & Adler, 1970; Kirk, 1975). As aresult, a significant amount of phenolic hydroxyl
groups are introduced into brown-rotted lignin (Kirk, 1975; Crawford, 1981; Jin et al.,
1990). The dark brown color is caused by the generation of additional quinones and
conjugated carbonyl groups in the decayed lignin.

Soft-rot fungi preferably attack hardwood, especially when the moisture content is
high (Blanchette, 1991). Most of these fungi belong to the Ascomycotina and
Deuteromycotina. Soft-rot fungi decompose softwood, though generally more slowly than

white- or brown-rot fungi (Kirk, 1971) and leave a modified lignin residue
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(Eslyn et al., 1975). It has been shown that soft-rot fungi are poor at degrading synthetic
lignin, dehydrogenated polymerizates (DHPs), whereas they rapidly mineralize lignin-
related phenolic compounds (Ander et al., 1984, 1988). Although it seems likely that
soft-rot fungi have an important role as lignin degraders in nature, cultivation of these
organisms in the laboratory is difficult, and little is known about the enzymes they use to
decompose lignin.

1.1.3 Lignin Biodegradation by White-Rot Basidiomycetes

Most of our knowledge about the biochemistry of lignin biodegradation comes from
studies of lignin degraded by white-rot basidiomycetes. One white-rot fungus,
Phanerochaete chrysosporium, has become the model for current studies of lignin
biodegradation. The advantages of studying this fungus are: (a) it efficiently degrades both
lignin and cellulose, (b) it is thermotolerant (an optimal growth temperature of 38 °C), (c) it
produces asexual (conidia) spores prolifically - an advantage for genetic manipulation, and
(d) it forms sexual fruiting structures in culture (Burdsall & Eslyn, 1974; Gold & Cheng,
1978). The ligninolytic activity in P. chrysosporium is triggered by the switch to
idiophase, the physiological state of secondary metabolism when the nutrient carbon,
sulfur, or nitrogen is depleted and the primary growth of the organism stops (Keyser ez al.,
1978; Wessels, 1987; Kirk et al., 1976; Jeffries et al., 1981; Faison & Kirk, 1985). The
addition of ammonium or glutamate to nitrogen-limiting cultures raises the concentration of
intracellular glutamate (Fenn & Kirk, 1981), sharply decreases the concentration of cAMP
(MacDonald et al., 1984), restores primary growth (Fenn & Kirk, 1981), and halts lignin
degradation (Fenn & Kirk, 1981).

Elemental and functional group analyses of lignin decayed by white-rot fungi,
mainly P. chrysosporium, suggest that the degradation of lignin is an oxidative process,
since the oxygen content of white-rotted lignin is generally higher than the control lignin
from sound wood (Kirk & Chang, 1974). There also is a decrease in methoxyl groups and
an increase in carbonyl and carboxyl groups. Product analysis of released fragments
indicates that lignin degradation occurs mainly through C,-Cpg cleavage of the propyl side

chains and through aryl-ether cleavage followed by modification of side chains, and
aromatic ring fission (Kirk & Chang, 1974, 1975; Chen et al., 1982; Chen & Chang,
1985; Higuchi, 1990; Tai et al., 1990). However, detailed studies of the degradation of
lignin by white-rot fungi are difficult owing to the complex and heterogeneous structure of
lignin. Therefore, various lignin-related model compounds have been utilized to elucidate
the mechanisms of lignin degradation. Dimeric and trimeric aromatic compounds




containing the most frequent lignin substructures, such as B-O-4 and B-1 dimers

(Figure 1.3), are only degraded under conditions in which lignin is also degraded
(Enoki et al., 1980, 1981; Enoki & Gold, 1982; Goldsby et al., 1980; Nakatsubo et al.,
1981, 1982; Kirk et al., 1983; Higuchi, 1985, 1990; Weinstein et al., 1980). In addition,

analyses of degradation products indicate that the B-ether and C,-Cg bonds of those model

compounds are cleaved by fungi, in agreement with the results for polymeric lignin
degradation (Kirk et al., 1978; Bar-Lev & Kirk, 1981; Enoki & Gold, 1982).

1.2 ENZYMES INVOLVED IN LIGNIN BIODEGRADATION

Extracellular phenol oxidization was observed in cultures of white-rot fungi in the
1930s (Eriksson et al., 1990). Bavendamm showed that most white-rot fungi produce a
colored zone around mycelium on agar plates containing tannin and that the color is caused
by phenol oxidases secreted by the fungi (Bavendamm, 1928). Later it was confirmed that
the ligninolytic activity of wood-rotting fungi and the positive Bavendamm’s test are almost
parallel with only a few exceptions (Kirk & Kelman, 1965). Three distinct types of
enzymes have been considered as phenol oxidases: tyrosinases, laccases, and peroxidases
(Ander & Eriksson, 1976). Tyrosinases are copper enzymes that use oxygen to oxidize
monophenols, yielding o-diphenols or o-quinones. They can also oxidize catechols to
o-quinones. These enzymes, however, have a relatively narrow substrate specificity and
are found intracellularly. Therefore, tyrosinases have not been considered as key enzymes
in the nonspecific oxidation of lignin. Laccases are also multicopper enzymes that catalyze
the oxidation of a variety of phenolic compounds by abstraction of one electron and one
proton from phenolic hydroxyl groups to form phenoxy radicals. Free radicals produced
by the enzyme undergo disproportionation or polymerization via radical coupling.
Laccases use oxygen as an electron acceptor which is ultimately reduced to water.
Peroxidases are heme enzymes that perform a similar reaction, but use hydrogen peroxide
rather than oxygen as the cosubstrate. In addition, several other enzymes such as H,O»-
producing enzymes and various reductases appear to play important roles in lignin
breakdown.

1.2.1 Laccase
Laccase (EC 1.10.3.2, benzenediol:oxygen oxidoreductase) is a copper-containing
oxidase (blue copper oxidase) (Reinhammar, 1984) and is produced by nearly all white-rot
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fungi and by higher plants. Laccase catalyzes the one-electron oxidation of a variety of
phenolic substrates, reducing O, to H,O by four electrons. Laccases are glycoproteins
with a carbohydrate content of 11-25 %.

Among fungal laccases, the laccases from the ascomycete Neurospora crassa
(Froehner & Eriksson, 1974; Lerch et al., 1978) and the basidiomycete Trametes
(Coriolus, Polyporus) versicolor (Fahraeus & Reinhammar, 1967; Reinhammar, 1984)
have been investigated in detail. Gene sequences of laccase have been reported from the
ascomycetes, N. crassa (Germann & Lerch, 1986) and Aspergillus nidulans
(Aramayo & Timberlake, 1990) and the basidiomycetes Trametes (Coriolus) hirsuta
(Kojima et al., 1990), Phlebia radiata (Saloheimo et al., 1991), and Agaricus bisporus
(Perry et al., 1993). These gene sequences reveal a close similarity with ascorbate oxidase
from higher plants (Messerschmidt & Huber, 1990).

T. versicolor laccase contains four copper atoms with three structural types: 1 type
I, 1 type II, and 2 type III copper ions. The catalytic cycle of laccase has been proposed
based upon the catalytic model for ascorbate oxidase (Reinhammar, 1984;
Messerschmidt er al., 1989). The type I copper is reduced by one electron by a phenol,
and the electron is transferred to the trinuclear copper complex (type II and III) through
amino acid ligands. All of the four copper ions are eventually reduced to Cu(l) ions which,
in turn, reduce the O bound to the type II copper generating two molecules of HyO. Since

a three-dimensional crystal structure of laccase is not available, the topology and
coordination of the active site of laccase are not precisely known. In addition, laccases
purified from various fungi are highly diverse in terms of molecular mass, copper content,
presence of subunits, and substrate specificity. The molecular weight of laccases range
from 60 to 100 kDa (Reinhammar, 1984), and non-blue laccases with only two copper
atoms in the active site have been reported in Agaricus bisporus (Wood, 1980) and Phlebia
radiata (Karhunen et al., 1990). More investigation is required to determine if these results
are accurate.

Research using phenolic lignin model dimers, particularly with guaiacyl type
models, has revealed that polymerization rather than depolymerization occurs with laccase,
although certain degradative reactions also are observed with syringyl models (Kirk et al.,
1968; Kawai et al., 1988a,b; Morohoshi & Haraguchi, 1987; Wariishi et al., 1987;
Higuchi, 1989; Leonowicz et al., 1984). The primary effect on lignin by laccase seems to
be further polymerization, although some modification of lignin may occur
(Ishihara & Miyazaki, 1972; Morohoshi et al., 1987). Furthermore, most laccases cannot
oxidize nonphenolic lignin related compounds (Kirk et al., 1968; Wariishi et al., 1987,

]
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Kawai ef al., 1988). Normally, lignin contains only 15-20% free phenolic hydroxyl
groups in its phenylpropanoid units (Adler, 1977; Sarkanen & Ludnig, 1971;
Fengel & Wegener, 1989). Therefore, lignin might be a poor substrate for laccase.
However, it should be noted that T. versicolor laccase has been shown to oxidize
non-phenolic lignin model compounds in the presence of 2,2%-azido-
bis(3-ethylbenzthiazoline-6-phosphate) (ABTS) (Bourbonnais & Paice, 1990;
Mubheim et al., 1992) or syringaldehyde (Kawai et al., 1989). The laccase-ABTS system is
also able to delignify hardwood Kraft pulp (Bourbonnais & Paice, 1992).

Other roles for laccase have been suggested. One possible function of laccase may
be detoxification of low-molecular-mass phenols released during lignin degradation
(Bollag et al., 1988). Additionally, laccase may produce specific chemical transformations
required for degradation by other enzymes (Trojanowski & Leonowicz, 1969). Finally,
laccase indirectly oxidizes Mn(Il) in the presence of phenolic substrates (Archibald & Roy,
1992). These results suggest a more complicated role for laccase in lignin degradation.

1.2.2 Lignin and Manganese Peroxidases

Although most basidiomycetous white-rot fungi secrete laccase, P. chrysosporium
produces no detectable laccase activity under commonly used ligninolytic culture
conditions. Studies on activated oxygen species generated by P. chrysosporium led to the
discovery of extracellular hydrogen peroxide in the culture medium (Forney et al., 1982;
Kustuki & Gold, 1982; Faison & Kirk, 1983). H,0O; was detected in the medium when
P. chrysosporium degraded lignin, suggesting the presence of H>O; requiring enzyme(s)
in ligninolytic culture medium of P. chrysosporium.

In 1983, Gold’s and Kirk’s groups simultaneously announced the discovery in
P. chrysosporium of an extracellular HO,-requiring enzyme involved in lignin degradation
(Gold et al., 1983; Kirk & Tien, 1983; Glenn et al., 1983; Tien & Kirk, 1983). The
enzyme was named lignin peroxidase (LiP, EC 1.11.1.14). Subsequently, a second
enzyme involved in lignin degradation, manganese peroxidase (MnP, EC 1.11.1.13), was
isolated in Gold’s laboratory (Kuwahara et al., 1984). Both enzymes exist as a series of
isozymes, which are encoded by multiple related genes (Leisola et al., 1987; Farrell et al.,
1989; Glumoff et al., 1990; Gold & Alic, 1993; Stewart ez al., 1992). MnP is found in all
white-rot fungi known to degrade lignin (Hatakka, 1994; Périé & Gold, 1991; Orth et al.,
1993). The major isozymes of LiP and MnP have been isolated and purified to
homogeneity from the extracellular culture medium of P. chrysosporium and have been
characterized as heme containing enzymes (Kuwahara et al., 1984; Gold et al., 1984;
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Tien & Kirk, 1984; Renganathan et al., 1985; Kirk et al., 1986; Leisola et al., 1987;
Glenn & Gold, 1985; Paszczynski et al., 1986).

Both LiP and MnP are able to oxidize lignin, lignin derivatives, and a variety of
lignin model compounds (Hammel et al., 1985; Kirk & Farrell, 1987; Gold et al., 1989;
Wariishi et al., 1989b; Higuchi, 1990; Schoemaker, 1990; Hammel & Moen, 1991,
Wariishi et al., 1991b). The main difference between LiP and MnP is in the nature of the

substrates. LiP oxidizes non-phenolic aromatics generating aryl m-cation radicals

(Buswell & Odier, 1987; Kirk & Farrell, 1987; Gold et al., 1989; Enoki et al., 1981;
Enoki & Gold, 1982; Schoemaker, 1990; Tien, 1987). In contrast, the primary reducing
substrate for MnP is a Mn(Il) ion rather than a phenol, producing highly reactive Mn(iII)
which, chelated with organic acids, oxidizes various phenolic compounds (Glenn & Gold,
1985; Glenn et al., 1986; Wariishi et al., 1992; Kuan et al., 1993; Kuan & Tien, 1993;
Tuor et al., 1992; Wariishi et al., 1991b), as well as possible mediator molecules
(Bao et al., 1994; Wariishi et al., 1989b). The general properties of heme peroxidases and
the catalytic cycle and structure of MnP are discussed in detail in Sections 1.3 and 1.4.

1.2.3 H,0,-Generating Enzymes
White-rot fungi produce a variety of intracellular and extracellular HyO,-generating

enzymes which can provide H,0; for peroxidase activity. The enzymes most studied are

the intracellular glucose-1-oxidase (B-D-glucose:oxygen 1-oxidoreductase, EC 1.1.3.4)

(Kelly & Reddy, 1986), pyranose-2-oxidase (pyranose:oxygen 2-oxidoreductase, EC
1.1.3.10) (Eriksson et al., 1986), and methanol oxidase (alcohol oxidase, EC 1.1.3.13)
(Nishida & Eriksson, 1987), and the extracellular glyoxal oxidase (EC 1.2.3.5)
(Kersten & Kirk, 1987) and aryl-alcohol oxidase (EC 1.1.3.7) (Waldner et al., 1988;
Muheim et al., 1990; Bourbonnais & Paice, 1988). The intracellular enzymes,
glucose-1-oxidase, pyranose-2-oxidase, and methanol oxidase possess FAD as a prosthetic
group. The preferred substrate for glucose-1-oxidase is glucose, whereas
pyranose-2-oxidase oxidizes glucose and xylose (Eriksson ez al., 1990; Daniel et al., 1990,
1992; Evans et al., 1991). Methanol oxidase reacts with primary alcohols and unsaturated
alcohols (Nishida & Eriksson, 1987).

The extracellular enzyme, aryl-alcohol oxidase, also contains FAD (Muheim et al.,
1990; Guillen et al., 1992). This glycoprotein was first found in cultures of Trametes
(Coriolus, Polyporus, Polystictus) versicolor (Farmer et al., 1960) and was purified from
Bjerkandera adusta (Waldner et al., 1988; Muheim et al., 1990). The enzyme oxidizes
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various non-phenolic aromatic alcohols to the corresponding aldehydes via a two-electron
oxidation with concomitant reduction of O, to H;O, (Guillen et al., 1992;
Bourbonnais & Paice, 1988). Another extracellular enzyme, glyoxal oxidase, has been
purified from ligninolytic cultures of P. chrysosporium (Kersten & Kirk, 1987).
Spectroscopic and biochemical studies have demonstrated that this enzyme has a free
radical-coupled copper complex in the catalytic site which is similar to that found in
galactose oxidase (Whittaker et al., 1996; Whittaker & Whittaker, 1988). The enzyme

oxidizes glyoxal, methyl glyoxal, and several other a-hydroxy carbonyl and dicarbonyl

compounds coupled to the reduction of O, to HyO,. Both glyoxal and methyl glyoxal have

been identified in the extracellular culture medium under ligninolytic conditions
(Kersten & Kirk, 1987).

1.2.4 Reductases

Various quinone intermediates are generated during lignin biodegradation.
White-rot fungi are able to reduce the various quinones to the corresponding phenols by
intracellular and extracellular enzymes. An intracellular quinone-reducing enzyme,
NAD(P)H: quinone oxidoreductase (EC 1.6.99.2) has been characterized (Buswell et al.,
1979; Buswell & Eriksson, 1988; Constam et al., 1991; Brock et al., 1995; Brock & Gold,
1996; Schoemaker et al., 1989). This enzyme contains FMN as a cofactor and has broad
substrate specificity (Brock & Gold, 1996). Quinone reductase is expressed under both
primary and secondary metabolic conditions, suggesting that the enzyme is regulated
independently of LiP and MnP (Brock et al., 1995). In addition to quinone reductases, an
intracellular aryl aldehyde reductase has been characterized (Muheim et al., 1991). This
enzyme reduces veratraldehyde to veratryl alcohol which is a substrate for LiP. Veratryl
alcohol is produced by several white-rot fungi including P. chrysosporium
(Lundquist & Kirk, 1978) and T. versicolor (Kawai et al., 1986).

Among the extracellular quinone reducing enzymes, cellobiose:quinone
oxidoreductase (CBQ, EC1.1.5.1) and cellobiose dehydrogenase (CDH, EC 1.1.99.18)
have been purified and extensively characterized from several white-rot fungi. CBQ was
first discovered in cultures of 7T. versicolor and P. chrysosporium
(Westermark & Eriksson, 1974a,b). CBQ is produced by many other white-rot fungi
(Ander & Eriksson, 1977; Eriksson et al., 1990) and also by a brown-rot fungus
(Schmidhalter & Canevascini, 1992). This is FAD-containing glycoprotein and catalyzes

the oxidation of cellobiose to cellobiono-8-lactone with simultaneous reduction of ortho-
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and para-quinones. CDH, formerly named cellobiose oxidase, has been purified from
P. chrysosporium (Ayers et al., 1978). CDH has two distinct domains: a heme
b-containing domain and an FAD-containing domain (Ayers et al., 1978; Bao et al., 1993).
CDH catalyzes the oxidation of cellobiose using a variety of electron acceptors such as
cytochrome ¢ and dichlorophenol-indophenol and benzoquinones (Samejima et al., 1992;
Samejima & Eriksson, 1992; Bao et al., 1993) . However, unlike CBQ, CDH is able to
reduce cytochrome ¢, which is dependent on the heme domain of CDH (Samejima et al.,
1992; Samejima & Eriksson, 1992; Ander, 1994). Recently, it has been proposed that
CBQ is a proteolytically cleaved product of CDH (Kremer & Wood, 1992a,b,c;
Henriksson et al., 1991; Eriksson ef al., 1993). One important function of CBQ and CDH
is the reduction of phenoxy or cation radicals generated by peroxidases, thus preventing
repolymerization of lignin (Ander et al., 1990; Samejima & Eriksson, 1992; Ander et al.,
1993; Eriksson et al., 1993; Ander, 1994). Another proposed role of CDH is the
generation of hydroxyl radicals through a Fenton’s reaction in the presence of H,O,
(Ander, 1994; Kremer & Wood, 1992a,b,c). However, since these enzymes are not
produced in cultures of P. chrysosporium under nitrogen-limited ligninolytic conditions,
further studies are required to elucidate the role of CBQ and CDH in lignin biodegradation
by white-rot fungi.

1.3 HEME PEROXIDASES

1.3.1 Occurrence and Function of Peroxidases

Peroxidases are found in most organisms from bacteria to animals. One of the most
extensively studied peroxidases has been purified from horseradish roots (horseradish
peroxidase; HRP, EC 1.11.1.7). Other well known plant peroxidases are turnip
peroxidase (Mazza, 1968), Japanese radish peroxidase (Dunford & Stillman, 1976), peanut
peroxidase (Buffard et al., 1990; Rodriguez-Maranén et al., 1994; Schuller et al., 1996),
and ascorbate peroxidase (Patterson & Poulos, 1995). All of these peroxidases contain
a ferric protoporphyrin IX (Figure 1.4). Plant peroxidases are thought to participate in
a variety of pathways, including synthesis of the cell wall components, lignin and suberin,
metabolism of hormones such as indole-3-acetic acid (IAA), stress response, and fatty acid
metabolism (Grisebach, 1981; Higuchi, 1989; Yang, 1967).

In addition to the plant peroxidases, bacteria and other microorganisms also
produce peroxidases. One of the best characterized peroxidases, cytochrome ¢ peroxidase

(CCP), is obtained from the intermembrane space of the mitochondria of baker’s and
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Figure 1.4. Ferric protoporphyrin IX (ferric heme).
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brewer’s yeasts (Maccecchini et al., 1979; Williams & Stewart, 1976). CCP catalyzes the
oxidation of ferrocytochrome ¢. CCP has also been isolated from Pseudomonas
aeruginosa (Ellfolk & Soininen, 1970, 1971). Although there is evidence suggesting that
CCP may support oxidative phosphorylation in the absence of cytochrome ¢ oxidase
(Erecinska et al., 1973), the role of CCP in vivo is still unclear. The fungal
chloroperoxidase isolated from the mold Caldarimyces fumago (Morris & Hager, 1966)
and the marine algal bromoperoxidase from Penicillus capitatus (Ahern et al., 1980;
Manthey & Hager, 1981) have also been characterized. The chloroperoxidase is able to
catalyze the oxidation of chloride ion, although a wide variety of compounds are substrates
for chloroperoxidase (Thomas et al., 1970; Kedderis et al., 1980; Shahangian & Hager,
1981). Bromoperoxidase use bromide ion (but not chloride ion) to generate brominated
organic compounds which may be involved in an antimicrobial defense system
(Manthey & Hager, 1981). Another fungal peroxidase, Coprinus cinereus peroxidase
(CIP), has been isolated from the ink-cap basidiomycete (Morita et al., 1988). CIP has
been demonstrated to be identical to the commercial Coprinus macrorhizus peroxidase
(CMP) and Arthromyces ramosus peroxidase (ARP) in covalent structure and enzymatic
properties. Differences among these related peroxidases include the extent of glycosylation
and the presence of an additional glycine residue adjacent to residue 4 of ARP
(Kjalke et al., 1992; Baunsgaard et al., 1993; Petersen et al., 1994; Kunishima et al., 1994;
Limongi et al., 1995). Although CIP shows 40-45% sequence identity to LiPs and MnPs
from P. chrysosporium, CIP is unable to degrade lignin. CIP resembles HRP in terms of
enzymatic specificity (Petersen et al., 1994; Kunishima et al., 1994).

LiP and MnP each contain an iron-protoporphyrin IX prosthetic group
(Kuwahara et al., 1984; Gold et al., 1984; Tien & Kirk, 1984; Renganathan er al., 1985;
Kirk et al., 1986; Leisola et al., 1987; Glenn & Gold, 1985; Paszczynski et al., 1986),
sharing this structural feature with other plant and fungal peroxidases. Among these
peroxidases, HRP and CCP have been the most extensively characterized. Therefore,
HRP and CCP have served as excellent models for the characterization of LiP and MnP.

Peroxidases have also been isolated and characterized from mammalian sources but

these enzymes are beyond the scope of this review.

1.3.2 Catalytic Mechanism of Peroxidase

Peroxidases form distinct and relatively long-lived reaction intermediates facilitating
kinetic and biophysical studies. Plant and fungal peroxidases contain a ferriprotoporphyrin
IX prosthetic group (Figure 1.4). The oxidation state of the heme iron in the resting state
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of the enzyme has been demonstrated to be Fe(III) by Mossbauer, electron paramagnetic
resonance (EPR) and resonance Raman spectroscopic studies (Dunford & Stillman, 1976).

Plant and fungal peroxidases have common features in their reaction mechanisms.
The peroxidase reaction can be generalized as follows:

Native enzyme + HyO, — Compound I + H,O
Compound I + substrate - Compound II + oxidized substrate

Compound II + substrate — Native enzyme + H»O + oxidized substrate

This peroxidase reaction is described as a modified bi-bi ping-pong mechanism
(Dunford, 1982).

H,0, H,0 AH, -AH AH, --AH+H;0
L T | T ! T
Native = Compound I Compound II Native

The first step in the catalytic cycle is the 2-electron oxidation of the enzyme by peroxide to
generate compound I. In the second step, one molecule of substrate reduces compound [
by one electron to a second intermediate, compound II. Finally, one-electron reduction of
compound II regenerates the native enzyme.

A variety of chemical studies have demonstrated that peroxidase compound I
contains two oxidizing equivalents over the native state of the enzyme. Thus, compound I
is an Fe(V) form of the enzyme. Compound I is reduced to compound II by one electron
derived from a substrate. Therefore, compound II is a formal Fe(IV) form of the enzyme.
All known heme peroxidases have a common compound II structure in which the single
oxidizing equivalent is stored as a ferryl (Fe(IV)=0) species, established by Mossbauer
(Maeda, 1967; Moss et al., 1969; Schultz et al., 1984), NMR (LaMar et al., 1983), X-ray
absorption (Penner-Hahn et al., 1983, 1986; Chance et al., 1984), electron nuclear double
resonance (ENDOR) (Roberts et al., 1981), and resonance Raman (Terner et al., 1985;
Sitter et al., 1985; Hashimoto et al., 1986a,b,c) spectroscopic techniques.

The same ferryl species is known to be present in compound I (Schultz et al., 1984;
Penner-Hahn et al., 1986; Chance et al., 1984; Edwards et al., 1987). Therefore,
compound I species must store an additional oxidizing equivalent somewhere other than at
the iron center. There are two possible sites for the location of the second oxidizing
equivalent. The second oxidizing equivalent in compound I of HRP and most other plant
and fungal peroxidases occurs as a porphyrin T-cation radical (Dolphin et al., 1971;
DiNello & Dolphin, 1981). Therefore, the HRP compound I structure can be described as
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(Fe(IV)=0, P'*). The direct evidence for the ®-cation radical in HRP compound I obtained

by proton and N ENDOR studies (Roberts et al., 1981), and NMR (L.a Mar et al., 1981),
and resonance Raman (Felton et al., 1976) studies strongly supports this interpretation.

In contrast, compound I of CCP was recognized quite early on as being different
from that of other peroxidases, since its absorption spectrum resembles that of HRP
compound II, although both intermediates contain three unpaired electrons. Therefore,
CCP compound I has often been called “compound ES” to emphasize this difference
(Yonetani & Schleyer, 1966). CCP compound I shows a narrow free-radical-like EPR
signal at 77K (Yonetani, 1976; Yonetani & Schleyer, 1966), suggesting that the second
oxidizing equivalent is removed from the heme center and exists as a free radical on an
amino acid residue. Recent studies, including ENDOR (Sivaraja et al., 1989, Huyett et al.,
1995), EPR (Hori & Yonetani, 1985), and site-directed mutagenesis (Fishel et al., 1987;
Goodin et al., 1987; Mauro et al., 1988), strongly suggest that the unpaired electron is
stored at a Trp191 located on the proximal side of the heme (Chapter 1.3.4). Radical
formation on Trp191 also is known to be essential for electron transfer between CCP and
its substrate, cytochrome ¢ (Mauro et al., 1988). Some of the structural features which
promote the formation of a protein radical in CCP have been proposed (Poulos & Fenna,
1994; Bonagura et al., 1996; Houseman et al., 1993; Goodin & McRee, 1993;
Fitzgerald er al., 1994), but the factors that stablize a porphyrin 7t-cation radical in other
peroxidases with respect to oxidation of amino acid residues remain unclear.

Figure 1.5 shows the electronic absorption spectra of native HRP, and HRP
compounds I and II (Dunford & Stillman, 1976). The Soret peak at ~400 nm is
characteristic for heme proteins. The electronic spectrum of native HRP is typical of the
high-spin Fe(III), exhibiting a Soret band at 406 nm and Q-bands near 500 and 640 nm.
The reduced intensity of the Soret band of HRP compound I is due to its ®-cation radical
nature (Dolphin ez al., 1971), and the peak at 650 nm is due to an Ay, type ground state
(Dolphin et al., 1971; DiNello & Dolphin, 1981). HRP compound II exhibits a Soret band

at 420 nm, and B and o bands at 525 and 555 nm, respectively, suggesting a low-spin iron

(Dunford & Stillman, 1976). The distinct electronic absorption spectra of these oxidized
intermediates of peroxidases are particularly useful for studying the kinetics of the
formation or reactions of these intermediates since the absorption changes in the Soret band
region are sufficiently large at low (< 1 uM) enzyme concentrations.

The second-order rate constant for the reaction between H,O; and peroxidase is

~107 M1 -l (Hewson & Dunford, 1975; Yonetani & Ray, 1966;
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Figure 1.5. Electronic absorption spectra of native HRP, HRP compound I, and HRP
compound II. A, native HRP; B, HRP compound II; C, HRP compound I (Dunford &

Stillman, 1976).
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Dunford & Stillman, 1976) which is significantly higher than that for the reaction between
heme and peroxide at physiological pH (10% M-! s'1) (Kelly et al., 1977). In order to

account for this remarkable rate enhancement, the enzyme should have a high affinity for
H,0,, a stabilized activated transition-state complex, and the ability to stabilize the

energetically unfavorable charge separation generated by the heterolytic cleavage of the O-O
bond of HyO,. The critical amino acid residues for these functions in peroxidases are the
distal His and Arg, and the proximal His. The proposed mechanism of compound I
formation involves the following stages: (1) binding of HyO; to the active site facilitated by
the distal His and Arg; (2) proton transfer from H,O,; to the distal His, ligation of an
oxygen atom into the iron coordination sphere, and hydrogen bonding of the His to another
oxygen atom of peroxyanion; (3) heterolytic cleavage of the O-O bond to develop a
negative charge on the leaving oxygen which is stablized by the positive charge on the
distal Arg residue, resulting in the release of HyO (Dawson, 1988; Poulos & Kraut, 1980b;
Poulos & Fenna, 1994). Thus, the distal His acts as an acid-base catalyst. The proximal
His is believed to stablize the oxidized intermediates by coordinating to the Fe(IV)=0 center
(Poulos & Fenna, 1994). The function of catalytic amino acid residues has been elucidated
by a variety of studies, particularly site-directed mutagenesis (Chapter 1.3.4).

The reduction of peroxidase compound I to the ferric native enzyme by a reducing
substrate normally occurs via compound II formation. In most cases, the reaction of
peroxidase compound II with various reducing substrates is the rate-limiting step in the
peroxidase catalytic cycle and is 10-100 times slower than that of compound I reduction
(Cormier & Prichard, 1968; Hewson & Dunford, 1976; Critchlow & Dunford, 1972a,b;
Dunford & Cotton, 1975). One possible explanation for this may be that compound [ has a
higher redox potential than compound II. However, the redox potentials determined for
compounds I and II of a few peroxidases, Eg (compound I/compound II) and Ep”
(compound Il/native enzyme), are essentially the same (Hayashi & Yamazaki, 1979;
Farhangrazi et al., 1994). Therefore, the redox potential does not explain the higher
reactivity of compound I compared with compound II. Since the reactions of compounds I
and II are electron transfer reactions, it is useful to refer to an electron transfer theory
(Marcus & Sutin, 1985; McLendon et al., 1985; DeVault, 1980). The activation energy of
an electron transfer reaction, AG*, is determined by the driving force of the reaction, AG’,

and the reorganization energy, A, according to the following equation:

AG* = (AG® - )4\
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The rate of the reaction is proportional to exp(-AG*/A). The reorganization energy

represents the energy required to reorganize protein (ligand)-metal bond distances and
geometry prior to electron transfer. In addition, this electron transfer process is affected by
the medium through which the electron passes and by the distance between redox centers.
The ferryl oxygen atom and most of the heme of HRP compound I are believed to be
inaccessible to reducing substrates based primarily on suicide inhibition studies with
substituted hydrazines (Ator & Ortiz de Montellano, 1987; Ator et al., 1987;
Ortiz de Montellano et al., 1987, 1988; Ortiz de Montellano, 1987). The higher reactivity
of compound I may result from exposure of the porphyrin nt-cation radical at a peripheral
site, thus minimizing the distance to the reducing substrate (Ortiz de Montellano, 1987).
Reorganization energy may also contribute to the different reactivities of compounds I and
II. The reduction of compound II may require higher reorganization energy, since the
reduction of compound II includes the release of an H,O molecule and the low- to

high-spin transition of the iron center, whereas essentially no change of heme geometry is
involved in the reduction of compound I. Further investigations on the reactions of
compounds I and II are continuing.

The reduction of CCP compound I appears to be more complex and the detailed
mechanism remains unclear. In CCP, the oxidizing equivalents of peroxide are stored at
two sites: one site is the iron, which is converted from the ferric to ferryl (Fe(IV)=O) state,
and the other is Trp191, which produces a stable indolyl cation radical (Sivaraja et al.,
1989; Huyett et al., 1995; Hori & Yonetani, 1985; Fishel et al., 1987; Goodin, 1987,
Mauro et al., 1988; Poulos & Fenna, 1994; Bonagura et al., 1996). The main questions
about CCP compound I reduction are: (1) Which of the two sites is reduced first? (2) Can
the two sites be reduced independently or only in ordered fashion? It has been proposed
that the mechanism is ordered: the Trp191 radical is reduced initially, followed by reduction
of the oxy-ferryl heme as shown in Scheme 1.1 (Geren et al., 1991; Hahm et al., 1992,
1993, 1994):

Scheme 1.1

Fe(IV)=0, Trp™* + Cytochrome ¢ (II) — Fe(IV)=0, Trp + Cytochrome ¢ (III) (1)
Fe(IV)=0, Trp + 2H* = Fe(IIl), Trp™* + H,0 2)
Fe(III), Trp't + Cytochrome ¢ (II) = [Fe(IIl), Trp* — Cytochrome ¢ (II)] 3)
[FedII), Trp * — Cytochrome c (I1)] — [Fe(III), Trp — Cytochrome c(III)] @)

In equation 1, cytochrome ¢ (II) reduces the Trp191 radical. Equilibrium between the
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oxy-ferryl species and the Trp191 then generates an intermediate with a ferric iron center
and a Trp radical (equation 2). The Trpl191 radical produced is then reduced by
cytochrome ¢ (II), generating the resting ferric enzyme (equations 3 and 4). In contrast,
others have argued that the two sites can be reduced independently (Hazzard & Tollin,
1991; Kang et al., 1977). This independent reduction mechanism may be consistent with
the evidence that CCP has two binding sites for cytochrome ¢ (Wang & Margoliash, 1995;
Zhou et al., 1995; Mauk er al., 1994) and with the result obtained using CCP and
cytochrome ¢ substituted with a Zn-heme (Stemp & Hoffman, 1993; Zhou & Hoffman,
1994). Site-directed mutagenesis studies have also been carried out to elucidate the role of
the Trp191 in the electron transfer between CCP and cytochrome ¢ (Chapter 1.3.4).

1.3.3 Recombinant Peroxidase Expression Systems

Although a variety of studies have been carried out to elucidate the catalytic
mechanism of the peroxidases, the roles of particular amino acid residues in peroxidase
reactions has remained obscure. This is particularly true for HRP, for which no high
resolution crystal structure is available. Along with crystallographic and spectroscopic
studies, site-directed mutagenesis is a powerful tool for understanding the roles and
functions of potentially important amino acid residues. To conduct site-directed
mutagenesis, an efficient expression system is required to produce quantities of variant
proteins sufficient for further characterization. To date, several heterologous expression
systems have been established for plant and fungal peroxidases, including CCP, HRP,
LiP, MnP, CIP, and ascorbate peroxidase.

1.3.3.1 Prokaryotic expression systems

To date, CCP has served as the best enzyme for site-directed mutagenesis studies.
One of the reasons for this is the relative ease of producing active recombinant CCP in
E. coli. CCP is produced in E. coli essentially as the apoprotein (Fishel et al., 1987).
However, the CCP holoprotein is readily reconstituted (Yonetani, 1967; Fishel et al.,
1987). Crystallization can be used to purify the recombinant CCP and the final yield of the
recombinant CCP protein is normally 20-80 mg per liter of cell culture (Fishel et al., 1987,
Choudhury et al., 1994; Studier et al., 1990; Goodin et al., 1991; Ferrer et al., 1994). The
crystal structures and spectral properties of the recombinant and wild-type yeast CCPs are
indistinguishable (Wang et al., 1990; Sundaramoorthy et al., 1991), suggesting that the
expression of the recombinant CCP in E. coli and reconstitution of the holoenzyme is an
excellent system for conducting site-directed mutagenesis studies.
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In contrast, the expression and production of other peroxidases in E. coli have
presented serious problems. Many plant and fungal peroxidases have disulfide bonds and
are normally glycosylated (Welinder, 1985, 1992; Gold & Alic, 1993; Limongi et al.,
1995). The expression of these peroxidases in bacteria may be complicated since disulfide
bonds are difficult to form in the reducing bacterial environment. Furthermore, bacteria do
not glycosylate proteins. Moreover, the expressed proteins frequently appear as insoluble
inclusion bodies in E. coli from which it is difficult to recover active enzymes in significant
yields (Marston, 1986). Thus, multiple steps including solubilization, folding of the
protein, and heme insertion into the apoprotein are required to obtain active enzyme.
Smith et al. (1990) have successfully produced active recombinant HRP isozyme C in
E. coli, by denaturing the recombinant protein with urea and then refolding the protein in
the presence of Ca(Il), heme, and oxidized glutathione. Results have demonstrated that the
presence of Ca(ll) is essential for folding recombinant HRP C (Smith et al., 1990). Ca(II)
ions are known to have important structural roles in many proteins (Bajorath et al., 1989),
including HRP (Haschke & Friedhoff, 1978; Ogawa et al., 1979; Shiro et al., 1986;
Morishima et al., 1986). Currently, this system is being used to conduct site-directed
mutagenesis studies of HRP. The yield of active recombinant HRP C isolated from E. coli
is, however, only 3-4% in terms of conversion of inactive protein to active enzyme
(Smith et al., 1990).

Similar attempts have been made to express ascorbate peroxidase
(Patterson & Poulos, 1994; Ishikawa et al., 1995; Dalton et al., 1996), LiP
(Doyle & Smith, 1996), and MnP (Whitwarm et al., 1995) in E. coli. Patterson and
Poulos (1994) have developed an E. coli system for expression of recombinant ascorbate
peroxidase in which the protein expressed is fully active although the yield of the
recombinant enzyme is relatively low (~3 mg of enzyme per liter of cell culture). Recently,
the yield of the recombinant ascorbate peroxidase has been increased (16 mg of pure
holoenzyme per liter of cell culture) by reconstitution of apoprotein with heme
(Dalton et al., 1996). The reconstitution of the recombinant ascorbate peroxidase appears

to be as straightforward as that of CCP. Addition of glutamate or 8-aminolevulinic acid

(a precursor of heme synthesis) to the culture medium also increases the yield of
holoenzyme (Dalton et al., 1996).

The production of active recombinant LiP or MnP using E. coli has not been
successful. The reconstitution of LiP and MnP expressed in E. coli using similar methods
to those described for HRP (Smith ez al., 1990) yields only a small amount of active

enzyme (< 1% of total protein). At present, this system is insufficient for structural and
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functional studies of recombinant LiP and MnP (Doyle & Smith, 1996; Whitwarm et al.,
1995).

1.3.3.2 Eukaryotic expression systems

Eukaryotic expression systems, unlike prokaryotic systems, can produce fully
active enzymes which do not require reconstitution with heme. Many eukaryotic proteins
have been successfully produced in insect tissue culture using a baculovirus transfer vector
(Smith et al., 1983; Miller, 1988). Active mammalian cytochrome P450 (Asseffa et al.,
1989), as well as glycosylated proteins from a variety of mammalian viruses, have been
expressed in this system (Miller, 1988; Van Wyke Coelingh et al., 1987). HRP has been
successfully expressed in the baculovirus systems (Hartmann & Ortiz de Montellano,
1992). The recombinant HRP is fully active and contains heme, although the addition of
heme to the cell culture significantly increases activity. Moreover, spectroscopic and
kinetic properties of the recombinant HRP are essentially identical to those of the wild-type
enzyme (Hartmann & Ortiz de Montellano, 1992).

A cDNA clone encoding LiP isozyme HS8 has been used to express protein which is
glycosylated, contains heme, and is capable of oxidizing iodide and veratryl alcohol
(Johnson & Li, 1991). However, the recombinant LiP is only about 50% active toward
veratryl alcohol compared with wild-type LiP. Likewise, a cDNA encoding MnP isozyme
H4 has been expressed and extracellularly produces a MnP antibody-reactive and heme-
containing protein which has a molecular weight similar to that of wild-type MnP
(Pease et al., 1991). The enzyme is active and dependent on both Mn(II) and H,0, for
activity. However, the yields of LiP and MnP in this system are very low (< 1 mg of
protein per 1 liter of cell culture after purification) (Johnson & Li, 1991; Pease et al.,
1991). In addition, the baculovirus system is relatively expensive and thus may not be
suitable for large-scale enzyme production. Finally, these recombinant enzymes often are
produced in muitiple forms which complicates the purification process
(Hartmann & Ortiz de Montellano, 1992; Johnson & Li, 1991). Therefore, it may be
difficult to produce site-directed mutants of these peroxidases with the baculovirus
expression system in quantities sufficient for detailed analysis. In fact, no site-directed
mutagenesis study of LiP or MnP using the baculovirus system has been reported.

Another fungal peroxidase, CIP has been successfully expressed in the filamentous
fungus Aspergillus oryzae (Dalbgge et al., 1992; Tams et al., 1993; Petersen et al., 1993,
1994). Recombinant CIP expressed in the Aspergillus system is identical to fungal CIP in
all respects, including sites of glycosylation and N-terminal proccessing (Baunsgaard et al.,
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1993; Kjalke et al., 1992; Tam et al., 1993; Petersen et al., 1994). The recombinant CIP
can be obtained with high purity and thus, has been extensively characterized using a
variety of techniques including X-ray crystallography (Petersen et al., 1993, 1994) and
resonance Raman (Smulevich et al., 1994a) and NMR (Veitch et al., 1994) spectroscopies.
In addition, site-directed mutagenesis of CIP has been performed using the Aspergillus
expression system (Veitch et al., 1994; Smulevich et al., 1996) (Chapter 1.3.4).
Recombinant MnP has also been expressed in the Aspergillus system (Stewart et al.,
1996). However, the addition of heme to the culture medium is required to obtain active
recombinant MnP and the yields of protein are low. Moreover, the rates of recombinant
MnP compound I and II reduction with Mn(Il) are only 35 and 65%, respectively, of those
of wild-type MnP (Stewart et al., 1996).

1.3.4 Site-Directed Mutagenesis of Peroxidases

A high resolution crystal structure is not yet available for HRP but such structures
are available for CCP (Poulos et al., 1980; Finzel et al., 1984), LiP (Edwards et al., 1993;
Poulos et al., 1993; Piontek et al., 1993), MnP (Sundaramoorthy et al., 1994b), CIP
(Kunishima et al., 1994; Petersen et al., 1994), ascorbate peroxidase (Patterson & Poulos,
1995), peanut peroxidase (Schuller et al., 1996), and chloroperoxidase
(Sundaramoorthy et al., 1995). Alignment of the highly conserved sequences suggests
that these peroxidases share similar structural elements (Welinder, 1992; Welinder et al.,
1995). Additionally, spectroscopic studies suggest that the heme environment is very
similar in these peroxidases (Dunford, 1991). However, crystal structures alone cannot
answer questions about detailed mechanisms such as the role of amino acid residues, the
electron transfer pathways, and the locations of possible free radical sites on the protein.
A combination of structural and kinetic studies is required to understand the mechanisms of
peroxidases. In addition, site-directed mutagenesis of the key amino acids has revealed
various important functions for these residues. Most of the site-directed mutagenesis
studies of peroxidases have involved HRP, CCP, and CIP (Table 1.1).

1.3.4.1 Free radical site in compound I

The first step in the peroxidase catalytic cycle is the 2-electron oxidation of the
enzyme by peroxide to generate compound I. It has been established for all known heme
peroxidases that the single oxidizing equivalent is stored as a ferryl (Fe(IV)=0) species.
An unique protein-centered radical is proposed to exist in CCP compound I
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Table 1.1. Site-Directed Mutagenesis of Cytochrome ¢ Peroxidase (CCP), Horseradish Peroxidase (HRP),
and Coprinus cinereus Peroxidase (CIP).

Enzyme

Mutation

Description

CCp

Distal Site
His52 - Leu

Argd8 - Leu
- Lys

Asn82 - Ala
- Asp

TrpS1 - Ala
- Phe
- Met
- Thr
- Cys
- Gly

Proximal Site
His175 - Glu
- Gln
- Cys
- Gly

Asp235 - Asn
- Glu
- Ala

Trpl91 - Gly
- Phe

The rate of compound I formation decreased by S orders of magnitude
(Smulevich et al., 1991; Erman et al., 1993).

The H-bond between Asp235 and His175 was lost. Saturation kinetics
was observed for compound I formation. The rate of compound I
decreased by 2 and 10 orders of magnitude for R48K and R48L,
respectively. The rate of CO dissociation for R48K and R48L increased
5- and 20-fold, respectively (Miller et al., 1990a,b; Vitello et al., 1993).

H-bond between His52 and CN- was disrupted (Alam et al., 1995). The
binding affinity of CN- and F- for Fe(IIl) decreased by one or two onders
of magnitude (DeLauder et al., 1994; Satterlee et al., 1994).

Monocoxygenation reaction was observed (W51A).

The oxidation of substituted anilines was enhanced. H-bond between
Asp245 and His175 was lost (W51F).

Cytochrome ¢ oxidation was enhanced for W51F, W51M, and W51T.
The rate of cytochrome ¢ oxidation decreased for W51C, W51A, and
W51G (Goodin et al., 1991; Miller et al., 1992; Roe & Goodin, 1993;
Turano et al., 1995).

H175E and H175Q retained activity (Choudhury et al., 1992, 1994;
Smulevich et al., 1995)

H175G formed bis-aquo heme. The addition of imidazole restored some
activity (~5%) (McRee et al., 1994).

The reactivity for H,O, was ~20% of wild-type enzyme. The strength of
His175-Fe(IIl) bond was weakened. In D235A and D235N, low-spin
Fe(III) was observed. H-bond between His175 and Glu235 was weaker.
Trp radical was destablized (Smulevich et al., 1988a,b, 1991;
Satterlee et al., 1990; Wang et al., 1990a; Fishel et al., 1991;
Miller et al., 1992; Vitello et al., 1992; Goodin & McRee, 1993;
Ferrer et al., 1994).

The binding of imidazoles restored activity. K% ion binding near Asp235
was observed (W191G) (Fitzgerald et al., 1994, 1995; Miller ez al.,,
1994a). The reaction for HoO, was increased (~40%) (F191F).

Porphyrin = cation radical formation was observed instead of protein
radical. The rate of electron transfer from cytochrome ¢ was 10,000 times
lower (Hazzard et al., 1987; Mauro et al., 1988; Erman et al., 1989;
Smulevich et al., 1990; Vitello et al., 1990; Fishel et al., 1991;
Liu et al., 1994; Miller et al., 1995a). H175Q-W191F double mutant
retained 20% of activity (Choudhury et al., 1994).
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Enzyme

Mutation

Description

HRP

Cation Binding
Site

Gly192 - Thr
Alal94 - Asn
Thr199 - Asp
Glu201 - Ser

Solvent Access
Channel
Alal47 - Met

- Tyr

Electron
Transfer or
Cytochrome ¢
Binding Site
Glu32 - Gin
Glu35 - Gln
Glu290 - Asn
- Cys
Glu291 - Gin
Asp34 - Asn
Asp37 - Lys
Asp217 - Lys
Lys149 - Cys
Tyr39 - Phe
Tyr42 - Phe
Tyr229 - Phe
His181 - Gly
Trp223 - Phe

Distal Site

His42 - Ala
- Val
- Leu
- Arg

Arg38 -Leu
- Lys

Introducing the ascorbate peroxidase cation binding site into CCP
destablized the Trp191 radical and significantly lowered the activity
(< 1% of wild-type enzyme) (Bonagura et al., 1996).

The oxidation of small molecules was significantly inhibited
(Wilcox et al., 1996).

Except D34N, E290N, and E290C, these mutants exhibited essentially
the same activity for cytochrome ¢ oxidation. The rate of cytochrome ¢
oxidation for D34N, E290N, and E290C was ~25-50% of the value for
the wild-type enzyme (Pappa & Poulos, 1995; Pappa et al., 1996;
Miller et al., 1994; Hahm et al., 1994; Corin et al., 1991, 1993; Miller
et al., 1988; Edwards et al., 1988).

The rate of compound I formation decreased (H42A and H42V).
Compound II was not detectable. Thioanisole sulfoxidation was 10 times
faster for H42A than for the wild-type enzyme. Styrene epoxidation was
also observed with H42A. By the reaction of phenyldiazene, H42A and
H42V each formed a phenyl-iron complex (Newmyer &
Ortiz de Montellano, 1995).

CO binding to ferrous iron increased for H42R and H42L. CN- did not
bind to either H42R or H42L (Meunier et al., 1995).

The affinity for HyO, decreased ~1000 fold (R38L). The binding of
guaiacol, p-cresol, and ABTS decreased 2-3 fold (Rodriguez-Lopez et al.,
1996). R38K was 2-fold more sensitive to HyO, and exhibited
a compound I formation rate of half that of the wild-type protein
Fe(III)-His170 bond strength was weakened (Smulevich er al., 1994b;
Hiner et al., 1995).
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Table 1.1.  (continued)
Enzyme Mutation Description
Asn70 - Val The rate of compound 1 formation decreased ~30 fold. The rate of
compound II reduction also decreased 60-70 fold. However, compound Il
was more stable than that of the wild-type enzyme (Nagano et al., 1995).
Phe41 - Ala Thioanisole sulfoxidation by F41A was 100 times faster than with the
- Val wild-type enzyme (Newmyer & Ortiz de Montellano, 1995). The rate of
- Trp compound I formation decreased 8 fold (F41V). The activity increased
- Leu ~2- fold with p-aminobenzoic acid but decreased 5-10 fold with ABTS.
F41W did not bind benzhydroxamic acid (BHA). F41V showed a 2-fold
increase in affinity for BHA (Smith et al., 1992a,b; Smulevich ez al.,
1994b). The rate of thioether sulfoxidation increased 2-4 fold (Ozaki &
Ortiz de Montellano, 1994).
Substrate
Binding Site
Phel42 - Ala F142A exhibited 3-4 times weaker binding for aromatics, but F143A
Phel43 - Ala showed essentially the same binding affinity for aromatics (Veitch et al.,
- Glu 1995). F143E inhibited the binding of negatively charged molecules
(Gazaryan et al., 1994).
Protein Radical
Phel72 - Tyr Phenoxy radical formation was detected in compound I (Miller et al.,
1995b).
CIP Proximal Site

Asp245 - Asn

Substrate
Binding Site
Gly156 - Phe
Asnl57 - Phe

D245N significantly weakened Fe(III)-His bond strength and the Fe-His
bond was broken at alkaline pH (Smulevich et al., 1996).

ABTS oxidation increased 2 fold for G157F-N157F double mutant
(Veitch et al., 1994).
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(Yonetani, 1976), unlike HRP compound I wherein a porphyrin 7mt-cation radical is formed
(Dolphin et al., 1971; DiNello & Dolphin, 1981). Early site-directed mutagenesis studies
of CCP focused on the identification of the amino acid-centered radical in CCP compound
I. In the crystal structure of CCP, Trp51 is found paraliel to and near the heme
(Poulos et al., 1980). Thus, Trp51 was proposed as the site of the free radical
(Finzel et al., 1984; Poulos & Finzel, 1984). However, various spectroscopic studies
argued against a tryptophan radical. Using ENDOR spectroscopy, Hoffman et al. (1981)
suggested that the free radical should be a sulfur-based radical and could be derived from a
methionine instead of a tryptophan. The CCP crystal structure shows that, in fact, a
methionine residue, Met172, is located in a proximal site near the heme (Poulos et al.,
1980; Finzel et al., 1984). In addition, magnetic circular dichroism (MCD) spectra of CCP
compound I does not support the proposed tryptophan radical (Myers & Palmer, 1985).
However, Hori and Yonetani (1985) reexamined this issue using single-crystal EPR and
showed evidence, once again, for a tryptophan radical.

Site-directed mutations of possible free radical sites in CCP have helped to resolve
this question. Neither the Met172Ser nor the Trp51Phe mutant exhibits perturbed EPR
signals upon H;0; oxidation (Goodin et al., 1986, 1987; Fishel et al., 1991). In contrast,
the Trp191Phe mutant does show a significantly altered EPR signal (Mauro et al., 1988).
These results strongly suggest that Trp191 is the site for the free radical and prove that
neither Trp51 nor Metl72 is the radical site. However, .an alteration in a property of
a mutated enzyme can be an indirect consequence of replacing an amino acid residue.
Hence, although site-directed mutagenesis may be able to eliminate an amino acid residue
as an active site, it cannot identify a site absolutely. Moreover, the location of the radical
site could not be identified by X-ray crystallography of CCP compound I (Edwards et al.,
1987; Fulop et al., 1994). However, the expression system for CCP has facilitated the
preparation of CCP which is isotopically enriched in specific atoms within particular amino
acid residues. ENDOR spectroscopy of the labeled CCP compound I suggests that the
radical species is a Trp residue and, almost certainly, Trp191 (Hoffman, 1991;
Hoffman et al., 1993; Sivaraja et al., 1989). Finally, an ENDOR study using enzyme

labeled with 2H at specific positions on Trp, with 15N at N; of the indole ring, and with
13C at C; of the ring and at Cp of the side chain (Huyett et al., 1995), provides further

evidence for the formation of a radical at Trp191.
In contrast to CCP, most other plant and fungal peroxidases possess a Phe, rather
than a Trp, in the proximal site of the heme pocket. It has been postulated that porphyrin
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n-cation radical formation in compound I of these peroxidases occurs mainly because the
Phe residue cannot be oxidized as easily as a Trp residue (Poulos & Fenna, 1994).
Recently, the characterization of cytosolic peroxidase, ascorbate peroxidase, has provided
additional criteria for the location of the free radical (Patterson & Poulos, 1995;
Patterson et al., 1995; Pappa et al., 1996). The crystal structure of ascorbate peroxidase
shows that this enzyme has a Trp179 residue in the proximal pocket at the same location as
the Trp191 in CCP (Patterson & Poulos, 1995). A recent EPR study has demonstrated that
ascorbate peroxidase compound I forms a porphyrin t-cation radical rather than a Trp
radical (Patterson et al., 1995). In addition, the replacement of the Trp179 with Phe does
not significantly affect ascorbate peroxidase activity, suggesting that the Trp179 is not
essential (Pappa et al., 1996). The refined crystal structure of ascorbate peroxidase shows
that the enzyme has a cation located about 8 A from the proximal Trp179 residue
(Patterson & Poulos, 1995). This cation binding site in ascorbate peroxidase is
homologous to the proximal Ca(Il) binding site in other plant and fungal peroxidases
(Edwards et al., 1993; Poulos et al., 1993; Piontek et al., 1993; Schuller et al., 1996;
Kunishima et al., 1994; Peterson et al., 1994; Sundaramoorthy et al., 1994b). Although
CCP has the same polypeptide conformation in this region, the side chain ligands in CCP
are not suitable to bind a cation (Bonagura et al., 1996). Therefore, Patterson and Poulos
(1995) have suggested that the presence of this cation may increase the electrostatic
potential in the proximal pocket, inhibiting the formation of a stable radical on the Trpl79.
Recently, Bonagura et al. (1996) has successfully introduced the ascorbate peroxidase
cation binding site into CCP by changing Gly192, Alal94, Thr199, and Glu201 to the
corresponding residues in ascorbate peroxidase. The mutant CCP is no longer able to form
a stable Trp191 radical, supporting this hypothesis. Moreover, Miller et al. (1995b) has

replaced Phel172 in HRP, which is close to the y-meso edge of the heme, with a Tyr

residue. The mutant enzyme forms a Tyr radical upon the addition of HyO,. However,

only ~10% of the mutant HRP compound I carries a Tyr radical (Miller et al., 1995b),
suggesting that other factors besides the distance between the heme and an oxidizable
amino acid residue are involved in locating the second oxidizing equivalent in peroxidase
compound I. Most plant and fungal peroxidases, including HRP, have a Ca(II) binding
site on the proximal side of the heme at the same location as the cation binding site in
ascorbate peroxidase (Patterson & Poulos, 1995). Therefore, most peroxidases may
generate a porphyrin ®-cation radical for efficient substrate oxidation, by preventing an
oxidizing equivalent from “leaking” through the protein. In contrast, the substrate for CCP
is a protein, cytochrome ¢, which cannot be oxidized at a site close to the heme. It has been
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demonstrated that the electron transfer between CCP and cytochrome ¢ occurs through the
protein and that Trp191 is essential for the electron transfer reaction (Mauro et al., 1988).
Thus, the location of the free radical in peroxidases is physiologically relevant.
Nevertherless, further studies are required to elucidate factors which localize the free
radical.

1.3.4.2 Distal side: H-bonding and reaction with H>O,

Peroxidasé compound I formation involves the heterolytic cleavage of the RO-OH
bond (Dawson, 1988; Poulos & Kraut, 1980b; Poulos & Fenna, 1994). Two essential
steps in the formation of compound I are the acid-base catalysis by a distal His and the
charge stabilization of a precursor enzyme-substrate complex by a distal Arg. Site-directed
mutagenesis has been used to examine the proposed roles of the distal His and Arg in
compound I formation. When distal His52 in CCP is mutated to a Leu, the rate of
compound I formation decreases by 5 orders of magnitude (Erman et al., 1993). Similar
results are obtained for the His42Ala and His42Val mutants of HRP
(Newmyer & Ortiz de Montellano, 1995), supporting the premise that the distal His plays
an essential role as an acid-base catalyst in the formation of compound I. Changing the
distal Arg to Leu reduces the rate of compound I formation by 2-3 orders of magnitude for
CCP and HRP (Vitello et al., 1993; Meunier et al., 1995; Rodriguez-Lopez, 1996).
Saturation kinetics are observed for compound I formation in the Arg to Leu mutation and
the rate of O-O bond cleavage appears to be 10-100 times lower than that of the wild-type
enzyme (Vitello et al., 1993). These results suggest that the distal Arg plays an important
role in binding peroxide on the distal side of heme and may also stablize a transient
enzyme-substrate complex prior to the cleavage of the RO-OH bond. Moreover, the crystal
structure of CCP indicates that the distal Arg is able to rotate allowing the optimal hydrogen
bonding interactions with the ferryl oxygen atom of compounds I and II (Edwards et al.,
1987; Edwards & Poulos, 1990). This suggests that the distal Arg plays a role in
stablizing compounds I and II. Interestingly, changing the Arg to Lys does not
significantly affect the rate of CCP compound I formation whereas the same mutation in
HRP shows a 500-fold decrease in the rate of compound I formation (Sanders et al., 1994,
Vitello et al., 1993), indicating that the orientation of the distal Arg of HRP may be
different from that in CCP.

Amino acid residues which form important hydrogen bonding networks at both
distal and proximal sites are conserved in all known plant and fungal peroxidases except
chloroperoxidase (Welinder et al., 1995; Sundaramoorthy et al., 1995). On the distal side,
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two side chains and one carbonyl backbone are conserved: His, Asn, and Glu
(Welinder et al., 1995). An H-bond between the His and Asn has been proposed to ensure

that Ne2 of the distal His is available for accepting a proton from the peroxide

(Welinder et al., 1995; Poulos & Fenna, 1994; Poulos & Finzel, 1984). Changing the
distal Asn82 in CCP to Ala or Asp disrupts the H-bond between the distal His and cyanide
ligated to the iron center (Satterlee et al., 1994; Alam et al., 1995; DeLauder et al., 1994),

lowering the affinity of CN" and F~ for the iron center by one or two orders of magnitude.

In addition, an Asn70 to Val mutation in HRP decreases the rates of compound I formation
and reduction ~30 and ~70 fold, respectively, compared with wild-type HRP, and
compound II becomes extremely unstable (Nagano et al., 1995). These results suggest that
the H-bond between the distal His and Asn residues stablizes compounds I and II.

To date, no study has been carried out to elucidate the role of the H-bond between
the distal Asn and the carbonyl backbone of the nearby Glu residue. Conservation of the
Glu residue in plant and fungal peroxidases is puzzling as the H-bond is formed with the
backbone, not the side chain, of the Glu residue (Welinder et al., 1995). It is possible that
the distal Glu may play other roles besides forming the H-bonding network with the distal
His and Asn.

1.3.4.3 Proximal side: the role of His and Asp residues

Two other key amino acid residues in CCP have been examined by site-directed
mutagenesis: Asp235 and the proximal ligand, His175. Asp235 forms an H-bond with the
proximal His175. This H-bond has been postulated to impart a greater anionic character to
the proximal ligand (Poulos & Finzel, 1984) which, in turn, lowers the redox potential of
the iron center of the heme and stablizes the oxyferryl iron in compounds I and II
(Wang et al., 1990a; Smulevich et al., 1991). In addition, the proximal Asp residue is
particularly important in CCP since it forms an H-bond with the indole nitrogen of Trp191
(Smulevich et al., 1988a,b, 1991). Thus, Asp235 may participate in stabilizing a cationic
radical at Trp191 in CCP compound I. Crystallographic and resonance Raman studies of
CCP variants in which Asp235 has been replaced by Asn, Glu, and Ala have demonstrated
that these substitutions produce significant changes involving the hydrogen-bonding
interactions on both sides of the heme pocket (Wang et al., 1990a; Goodin & McRee,
1993; Smulevich et al., 1988a,b, 1991). The heme irons of CCP Asp235Asn and
Asp235Ala variants are hexacoordinated and are in the low-spin state at pH 6.0
(Vitello et al., 1992; Satterlee et al., 1990; Ferrer et al., 1994). The Trp191 indole ring
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also rotates out of its native position, resulting in the formation of an H-bond between an
indole nitrogen and the peptide carbonyl oxygen of Leul77 (Wang et al., 1990a). The
Fe(IIT)/Fe(IT) redox potentials of the CCP Asp235 to Asn, Glu, and Ala increase and the
steady-state activities of those variants are 3-5 orders of magnitude lower than that of
wild-type CCP (Goodin & McRee, 1993). Likewise, a recent resonance Raman
spectroscopic study of the CIP proximal Asp245Asn variant shows a significantly
weakened Fe-His bond. Furthermore, the Fe-His bond is broken at alkaline pH,
a phenomenon not observed in wild-type CIP (Smulevich et al., 1996).

In contrast, the Asp235-His175 H-bond does not appear to be essential for either the
formation or stability of the oxyferryl center in CCP compound I (Miller e? al., 1994a;
Wang et al., 1990a; Fishel et al., 1991). More importantly, Asp235 appears to stablize the
n-cation radical at Trpl191 (Miller et al., 1994a; Fitzgerald et al., 1995). Replacing Trp191
with Gly or Gln generates a K* binding site in the cavity formerly occupied by the side
chain of Trp191. The calculated free enegy for cation binding in this site is sufficient to
account for the stability of the Trp191 radical (Miller et al., 1994a). These data confirm
that the Asp-His-Fe interaction in the proximal site is important in defining the redox
properties and imidazolate character of the distal His as has been proposed. Furthermore,
its role in peroxidase function may be to maintain a high-spin pentacoordinate heme iron
center by increasing the strength of the His-Fe bond and, in CCP, to correctly orient the
Trp191 for efficient coupling of the free radical to the heme (Wang et al., 1990a;
Goodin & McRee, 1993).

The proximal ligand, His175, in CCP has been converted to both Glu and GIn
(Choudhury et al., 1992, 1994; Smulevich et al., 1995). The crystal structures of the
mutants show that the Glu and GIn residues are ligated to the iron center and interact with
Asp235 (Choudhury et al., 1992, 1994). The His175 to Gln mutant retains enzyme
activity and the His175 to Glu mutant is approximately 7 times more active than the
wild-type CCP. This suggests that the negative charge on the Glu residue provides
additional electrostatic stabilization to the iron center and thus, increases the thermodynamic
driving force for electron transfer (Goodin et al., 1991; Choudhury et al., 1994). His175
has also been replaced by a Cys residue which is oxidized to a cysteic acid
(Choudhury et al., 1994). Although the Cys also ligates to the iron center of the heme, the
mutant enzyme exhibites only ~7% of the wild-type activity (Choudhury et al., 1994). In
addition, the compounds I of all of these mutants are less stable than that of the wild-type
enzyme (Choudhury et al., 1992, 1994). In the wild-type CCP, the indole ring of Trp191
and the imidazole ring of His175 form a parallel & stacking interaction which appears to
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stablize the free radical of CCP compound I (Goodin & McRee, 1993). Changing the His
to Glu, Gln, or Cys disrupts this © interaction (Choudhury et al., 1994). Therefore, the
nature of the proximal ligand may not be important for activity but the ligand appears to be
critical for the stability of CCP compound I. However, most other plant and fungal
peroxidases possess a Phe residue in the proximal site instead of a Trp residue, raising a
question as to the role of the proximal His in these peroxidases. Thus far, no site-directed
mutagenesis study of the proximal His for these peroxidases has been reported. In
addition, other heme enzymes such as P-450, chloroperoxidase, and catalase possess
different proximal ligands: Cys in P-450 and chloroperoxidase and Tyr in catalase
(Morrison & Schonbaum, 1976; Peisach, 1975; Dawson et al., 1976; Dawson & Sono,
1987; Dawson, 1988). The role of the proximal ligands in heme enzymes, in general,

remains obscure and requires further study.

1.3.4.4 Small substrate binding and oxidation

Although the biological functions of peroxidases are diverse (Chapter 1.3.1), most
plant and fungal peroxidases are able to oxidize small molecules such as aromatics, organic
acids, halides, and metal complexes. There has been considerable interest in understanding
the interaction of peroxidases with these compounds, particularly aromatic molecules. In
contrast, CCP primarily oxidizes a macromolecule, ferrocytochrome c¢. This unique
reaction will be discussed in the next section. This section presents a summary of the site-
directed mutagenesis studies attempting to identify the aromatic donor molecule binding
sites in peroxidases, particularly HRP.

One of the major difficulties in identifying the aromatic donor molecule binding site
of HRP is the lack of high-resolution crystallographic data. Although crystal structures are
available for other plant and fungal peroxidases such as CCP (Poulos et al., 1980;
Finzel et al., 1984), ascorbate peroxidase (Patterson & Poulos, 1995), peanut peroxidase
(Schuller et al., 1996), LiP (Edwards et al., 1993; Poulos et al., 1993; Piontek et al.,
1993), MnP (Sundaramoorthy et al., 1994b), and CIP (Kunishima er al., 1994,
Petersen et al., 1994), the co-crystallization of these peroxidases with aromatic molecules
has not been successful, due, in part, to weak binding of most aromatics to peroxidases
(dissociation constants = ~2-8 mM) (Veitch, 1995). Thus, other methods, particularly
proton NMR spectroscopy, have been extensively applied to studies of peroxidases
(La Mar & de Ropp, 1993; Satterlee et al., 1993; Veitch, 1995; Veitch & Williams, 1991).
Results indicate that donor molecules bind relatively close to the heme methyl 8-CHj3 (near

the §-meso edge of the heme) (Veitch, 1995; Sakurada et al., 1986; Banci et al., 1993;
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Veitch & Williams, 1990, 1991, 1995) (Figure 1.4). The side chains of the distal His42,
an Ile residue and two Phe residues called PheA and PheB are also implicated in tﬁe
binding site (Veitch & Williams, 1990, 1991, 1995; La Mar et al., 1992; Veitch, 1995). In
addition to the NMR spectroscopic studies, enzyme inactivation studies using suicide
inhibitors also have suggested that the aromatic donor molecules are oxidized at a site close

to the 8-meso edge of the heme (DePillis et al., 1991; Ortiz de Montellano, 1992;

Ortiz de Montellano et al., 1988; Harris et al., 1993). This idea has been further supported
by a recent site-directed mutagenesis study of CCP in which Alal47, a residue located near

the 8-meso edge of the heme and along the solvent access channel, was replaced with Met

and Tyr residues (Wilcox et al., 1996). The oxidation of small molecule substrates by CCP
is significantly inhibited by these mutations (Wilcox et al., 1996). While these studies
reveal some properties of the aromatic binding site in peroxidases, they have not been able
to identify the specific amino acid residues participating in binding of aromatic molecules.
Until now, only a few HRP and CIP mutants have been characterized by proton NMR and
limited studies have been carried out using benzhydroxamic acid (Veitch et al., 1992a,b,
1994, 1995; Gazaryan et al., 1994; Tams et al., 1993).

There are several Phe residues surrounding the heme in HRP (Figure 1.6)
(Smith et al., 1995; Veitch et al., 1995). These hydrophobic Phe residues may form
suitable binding sites for aromatic molecules. A combination of amino acid sequence
comparisons, examination of model HRP structures, and analysis of NMR spectra of
several different plant peroxidases initially suggested Phe142 and Phe143 as reasonable
candidates for the proposed PheA and PheB residues (Veitch & Williams, 1991; Welinder,
1992; Welinder & Ngrskov-Lauritsen, 1986). Phe142 and Phel43 to Ala mutants of HRP
have been constructed (Veitch et al., 1995). Comparison with the NMR spectrum of
wild-type HRP indicates that PheA or PheB cannot be assigned to either the Phe142 or
143. However, the ablity of the Phe142 to Ala mutant to bind benzhydroxamic acid is
decreased ~4-fold with respect to the wild-type HRP (Veitch ef al., 1995). Thus,
substitution of Phe142 clearly affects aromatic donor binding, although this Phe residue
may not be directly involved in the binding site. In addition, replacement of the Phe143
with Glu (Gazaryan et al., 1994) appears to disrupt the binding of negatively charged
molecules. It has been proposed that the Phe142 and Phe143 residues are located at the
entrance of the heme access channel (Smith et al., 1995; Veitch et al., 1995) (Figure 1.6),
supporting the indirect effect of these Phe residues on small molecule binding. In contrast,

a molecular-modeling study predicted Phe68 as the aromatic residue in contact with
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F68
F41 F179
F187
F143
F152 F172

Figure 1.6. Phenylalanine side chains in the heme pocket and heme access channel of
horseradish peroxidase isozyme C (Smith et al., 1995; Veitch et al., 1995).
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substrate (Banci ef al., 1994). An NMR study of HRP isozyme A2, in which three Phe
residues in HRP C are substituted by amino acids with aliphatic side chains, suggests that
Phel79 or 221 and Ile244 in HRP C are important for aromatic molecule binding
(de Ropp et al., 1995). Further studies of mutants at positions 68, 179, 221 or others are
required to provide definitive identification of PheA and PheB. In fact, an X-ray
crystallographic study of HRP is underway showing that benzhydroxamic acid binds
Phe68 and 179 (Gajhede, M., Copenhagen Univ., personal communication). Site-directed
mutants of CIP have also been examined (Tams et al., 1993; Veitch ef al., 1994). The
mutants, G156F, N157F, and G156F-N157F, have Phe residues replacing Gly156 and
Asn157. These residues are aligned with Phe142 and Phe143 of HRP C, respectively and,
in addition, Gly 156 is aligned with Phe148 of LiP, a residue in a proposed veratryl alcohol
binding site (Poulos et al., 1993). However, NMR studies of these mutants indicate that
these residues only have an indirect effect on substrate binding (Veitch et al., 1994,
Tams et al., 1993).

The conserved aromatic residue adjacent to the distal His in plant and fungal
peroxidases has also been altered. The residue at this position is a Phe in all of the
peroxidases except CCP and ascorbate peroxidase, in which it is a Trp (Finzel et al., 1984;
Patterson & Poulos, 1995; Welinder, 1992). Although its precise role is not known, this
aromatic residue may affect heme reactivity and substrate specificity. Several HRP mutants
at this position have been characterized, including F41A, F41V, F41L, and F41W
(Newmyer & Ortiz de Montellano, 1995; Smulevich et al., 1994b; Smith et al., 1992a,b,
1993; Veitch ef al., 1992a,b). The HRP F41W mutant does not bind benzhydroxamic
acid, whereas the F41V mutant shows a 2-fold increase in affinity (Smith ez al., 1992a,b;
Smulevich et al., 1994b). However, both F41W and F41V show decreased activities
towards ABTS with respect to wild-type HRP (~12% and ~40%, respectively)
(Smith et al., 1992a,b). The rate constant for compound I formation with H,O, decreases
8-fold for the HRP F41V mutant in comparison with the wild-type HRP (Smith et al.,
1992a,b), whereas the rate of oxidation of p-aminobenzoic acid increases 1.3-2.5-fold
(Smith et al., 1992a,b). Moreover, the HRP F41A variant catalyzes thioanisole
sulfoxidation 100 times faster than the wild-type HRP (Newmyer & Ortiz de Montellano,
1995) and the Phe4l to Leu mutation increases the enantioselectivity of thioether
sulfoxidation (Ozaki & Ortiz de Montellano, 1994). Similarly, mutations at Trp51 of CCP
significantly affect the coordination and functional properties of the enzyme (Goodin et al.,
1987, 1991; Wang et al., 1990a; Smulevich et al., 1990; Roe & Goodin, 1993;
Turano et al., 1995). CCP WS5IF and W51A mutants exhibit hyperactivity towards
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a number of substituted anilines (Roe & Goodin, 1993). The rate constants for aniline
derivative oxidation are 10-400-fold larger for the CCP W51F and W351A than those for the
wild-type CCP. Furthermore, the HRP F41A and CCP W51A mutants also show
monooxygenase activity. They are able to epoxidate styrene whereas wild-type HRP and
CCP cannot (Newmyer & Ortiz de Montellano, 1995; Miller et al., 1992). These results
suggest that the aromatic residue at the distal site affects substrate specificity. Replacement
of Trp51 with an Ala residue significantly alters the spin states, coordination chemistry,
and anion binding near the heme (Turano ef al., 1995). Thus, the Trp residue at the distal
site in CCP appears also to be important in maintaining the heme environment.

1.3.4.5 Interprotein electron transfer between CCP and cytochrome ¢

As mentioned in earlier sections, CCP catalyzes the oxidation of ferrocytochrome c.
The reaction between two redox proteins generally involves at least three distinct steps: (1)
formation of a transient binary complex between the two proteins, (2) electron transfer
within the binary complex, and (3) dissociation of the products. The reaction between
cytochrome ¢ and CCP has served as a paradigm for the protein interactions and the
electron transfer pathway of other proteins (Finzel et al., 1984; Edwards et al., 1987;
Wang et al., 1990a; Everest et al., 1991; Wallin et al., 1991; Northrup ez al., 1988a).
High-resolution crystallographic structures have been determined for both redox states of
cytochrome ¢ from a number of different organisms (Takano & Dickerson, 1981a,b;
Louie & Brayer, 1990). X-ray crystal structures have also been determined for native CCP
and CCP compound I (Finzel et al., 1984; Edwards et al., 1987). Cytochrome c forms
a stable complex with CCP at low ionic strength, and both the stability of the complex and
the rate of the electron transfer decreases significantly as the ionic strength increases,
indicating the importance of electrostatic interactions between these two proteins
(Yonetani & Ray, 1966; Kang et al., 1977). Poulos and Kraut (1980a) proposed a
hypothetical model for the 1:1 complex between tuna cytochrome ¢ and CCP, stabilized by
charge-pair interactions between Lys13, 27, 72, 86, and 87 of cytochrome ¢ and Asp34,
37, 79, and 217 of CCP (Figure 1.7). Subsequently, Pelletier and Kraut (1992)
determined the three-dimensional structure of a 1:1 complex between CCP and yeast
iso-1-cytochrome c crystallized at high ionic strength (150 mM NaCl, pH 7.0). The
binding domain is different from that proposed in the Poulos-Kraut model, and
hydrophobic and van der Waals interactions are particularly important in stablizing the
complex (Figure 1.8). Although no direct hydrogen bond between the two proteins is
present, the positive charges on Lys 73 and 87 of cytochrome c are each about 4.0 A from
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Cyt C Cyt C

Figure 1.7. Stereoscopic model of the hypothetical CCP-cytochrome ¢ complex showing
the ionic and/or hydrogen bonding interactions (Poulos & Kraut, 1980a). CCP residues
are labeled with a P and cytochrome ¢ with a C.
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Figure 1.8. X-ray crystal structure of the yeast CCP-yeast iso-1-cytochrome ¢ complex
(Pelletier & Kraut, 1992). The side chains of CCP residues E32, D34, E35, D37, H181,
A193, E290, and E291, and of cytochrome ¢ residues K5, K73, and K87, are shown and
labeled (top). The heme groups and the CCP residues Trp191, Gly192, Ala193, and
Alal94 proposed to be involved in the electron transfer pathway are enclosed in Connolly
surfaces (bottom).
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the negative charges on Glu290 and Asp34 of CCP, respectively (Pelletier & Kraut, 1992).
Therefore, electrostatic interactions involving these residues, as well as others, could hélp
to stablize the complex. CCP mutants Asp34 to Asn and Glu290 to Asn exhibit 25-50% of
the wild-type CCP activity for cytochrome ¢ oxidation (Miller et al., 1994b), confirming
that the electrostatic interaction by Asp34 and Glu290 of CCP is important for the electron
transfer between CCP and cytochrome c¢. Importantly, the crystal structure reveals a
potential electron transfer pathway extending from the exposed heme methyl group of
cytochrome ¢ through CCP residues, Alal94, Ala193, and Gly192 to the indole group of
Trp191, which is in van der Waals contact with the heme (Figure 1.8) (Pelletier & Kraut,
1992). Changing the Alal193 to Phe, which presumably disrupts this proposed interprotein
electron transfer pathway, results in a 2-4-fold decrease in the catalytic rate of CCP
(Miller et al., 1994b), indicating the importance of the proposed pathway for the electron
transfer reaction.

There is, however, a question as to whether CCP interacts with cytochrome c¢ at only
one site or at multiple sites. Fluorescence-quenching experiments (Leonard & Yonetani,
1974), spectrophotometric titrations (Erman & Vitello, 1980), and NMR studies
(Moench et al., 1992, 1993) are consistent with a 1:1 ratio of CCP:cytochrome ¢. In
contrast, there is growing evidence that cytochrome ¢ interacts with CCP at multiple sites.
Biphasic steady-state kinetics observed with the CCP-catalyzed oxidation of cytochrome ¢
may be attributed to a two-binding site mechanism for catalysis in which CCP has both
a high-affinity and a low-affinity binding site for cytochrome ¢ (Kang et al., 1977).
Stempf and Hoffman (1993) measured triplet state quenching of the zinc- or magnesium-
substituted CCP binding to cytochrome c and the fraction of the quenching which is due to
electron transfer. The results led to the proposal of a mechanism involving two cytochrome
c-binding sites on CCP. Subsequently, Zhou and Hoffman (1994) observed similar
properties using modified horse cytochrome ¢ in which the heme iron was replaced with
zinc. Moreover, similar experiments, in the presence of copper-substituted cytochrome ¢
as an inhibitor of the electron transfer, support the sequential binding model which
postulates that the first cytochrome ¢ binds strongly at a nonreactive domain and the second
binds weakly at a reactive site (Zhou et al., 1995). Potentiometric data at lJow ionic strength
also are in agreement with two binding sites possessing different ionic properties
(Mauk et al., 1994). The site identified in the crystal structure of the CCP-cytochrome ¢
complex (Pelletier & Kraut, 1992) has been proposed as a high-affinity site with low
electron transfer efficiency (Zhou & Hoffman, 1994; Mauk et al., 1994). Brownian
dynamics simulations of the CCP-cytochrome ¢ complex (Northrup et al., 1988a,b)
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provides some insights regarding sites of interaction. The predicted primary site is near
that observed in the crystal structure, whereas the second site is predicted to be near
Asp148 of CCP.

To identify the cytochrome ¢ binding sites, site-directed mutagenesis has been used
to introduce Cys residues into CCP and cytochrome ¢ to form site-specific cross-linked
intermolecular complexes (Pappa & Poulos, 1995; Pappa et al., 1996). In this way, the
proposed cytochrome ¢ binding site of CCP can be blocked. Approximately 40-50% of
activity is retained by cross-linking between the Cys290 of CCP and Cys73 of
ccytochrome ¢ (Pappa & Poulos, 1995), suggesting that the site revealed in the crystal
structure is indeed involved in the electron transfer reaction but that CCP also has a second
site for electron transfer. In contrast, the CCP mutant in which the second proposed site
near Aspl48 is blocked shows essentially wild-type activity towards cytochrome c
(Pappa et al., 1996), suggesting that this region is not important for electron transfer.
Extensive studies are continuing to determine the number and location of cytochrome ¢
binding sites in CCP.

It is well established that a free radical is formed on the Trp191 in CCP compound I
(Hoffman, 1991; Hoffman et al., 1993; Sivaraja et al., 1989; Huyett et al., 1995).
Site-directed mutagenesis studies have also suggested that the Trp191 radical formation is
important for the electron transfer reaction between CCP and cytochrome ¢ (Mauro et al.,
1988). The rate of electron transfer from cytochrome ¢ to CCP in a Trp191 to Phe mutant

is decreased by at least 10%-fold relative to the wild-type CCP (Mauro et al. 1988;
Hazzard et al., 1987; Liu et al., 1995b). Kinetic analyses of the CCP W191F compounds I
and II reduction by cytochrome ¢ have demonstrated that the electron transfer reaction
occurs through Trpl191 in both (Miller et al., 1995a), in agreement with the ordered
mechanism (Chapter 1.3.2.2) (Geren et al., 1991; Hahm et al., 1992, 1993, 1994;
Liu et al., 1994, 1995a,b). In addition, another CCP mutant, in which a cation binding site
has been introduced near Trpl91, is unable to generate a stable Trp radical
(Bonagura et al., 1996). The activity of this CCP mutant towards cytochrome c is <1% of
that of wild-type CCP, once again supporting the involvement of Trp191 in the electron
transfer between CCP and cytochrome ¢. However, electron transfer between Trp191 and
the oxyferryl center in CCP compound II, which is required for the ordered mechanism,
appears to be too slow to account for the turnover rates observed in the steady-state reaction
(Ho et al., 1983; Summers & Erman, 1988; Hazzard & Tollin, 1991; Liu et al., 1994).
Furthermore, the double mutant, His175 to GIn/Trp191 to Phe, retains 20% of the wild-
type activity (Choudhury et al., 1994) whereas the single Trp191 to Phe mutant is
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essentially inactive (Mauro et al., 1988). These results suggest either the existence of more
than one electron pathway in CCP or that the presence of Trp191 is not sufficient to ensure
rapid electron transfer from cytochrome c to the oxy-ferryl center of the heme. The Trp191
to Phe mutant, in fact, forms a cross-linked dimer in the reaction of the mutant enzyme with
peroxide (Miller et al., 1995a), suggesting that a protein-centered radical can be generated
even without the Trp191 residue. Therefore, Trp191 and the Trp191 radical may play only
secondary roles in controlling the rate and specificity of electron transfer.

In summary, site-directed mutagenesis has been an invaluable tool for understanding
the mechanisms of peroxidases, particularly CCP and HRP. Although a variety of
questions still remain, the future is promising. Recently, crystal structures of several other
plant and fungal peroxidases have been determined. Moreover, various recombinant
peroxidase proteins have been expressed and produced in significant quantity, facilitating
further study by site-directed mutagenesis of peroxidases. Biochemical analyses of mutant
peroxidases will give us additional insights as to the relationships between structure and
function in peroxidases, including the substrate binding sites, electron transfer pathways,
factors controlling stability of enzymes, and the reactivity of intermediates.

1.4 MANGANESE PEROXIDASE: STRUCTURE AND FUNCTION

Although a variety of studies have demonstrated that the structure and catalytic cycle
of MnP are similar to those of other plant and fungal peroxidases, MnP is unique in its
ablity to oxidize a metal ion, Mn(II) to Mn(IIl). The generated Mn(Ill) is released from the
protein and then acts as a redox mediator. None of the other plant and fungal peroxidases
utilize Mn(II) in this fashion. Thus, it is extremely important to determine the specific
Mn(II) binding site(s) in MnP, the location of the Mn(II) oxidation site(s), and the amino
acid residues involved in the Mn(II) binding site(s). This information is required to
elucidate the unique mechanism of Mn(II) oxidation by MnP. This chapter describes
previous studies on MnP, particularly the crystal structure of MnP and the prediction of the
Mn(II) binding site.

1.4.1 General Properties

When cultured under ligninolytic conditions, the white-rot fungus
P. chrysosporium, produces two extracellular heme peroxidases, LiP and MnP. These
enzymes have been demonstrated to be major components of the lignin degradation system
of this organism (Kirk & Farrell, 1987; Buswell & Odier, 1987; Gold & Alic, 1993;
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Wariishi et al., 1991b; Kuwahara et al., 1984; Hammell et al., 1993). MnP has been
purified and extensively characterized. It contains one iron protoporphyrin IX prosthetic
group, is a glycoprotein of molecular mass 45 to 47 kDa, and exists as a series of isozymes
with pIs ranging from 4.2 to 4.9 (Glenn & Gold, 1985; Gold & Alic, 1993;
Paszczynski et al., 1986; Leisola et al., 1987; Mino et al., 1988; Wariishi et al., 1988).
Enzyme characterization has been conducted with the major isozyme, referred to as MnP
isozyme 1 in our laboratory.

Electronic absorption maxima for MnP, oxidized intermediates of MnP, and various
ligated forms of the enzyme are listed in Table 1.2. All of these spectra of MnP are similar
to those of HRP, indicating that the heme environment of MnP is similar to that of other
plant and fungal peroxidases (Glenn & Gold, 1985; Glenn et al., 1986;
Renganathan & Gold, 1986; Mino et al., 1988; Gold et al., 1989; Dunford & Stillman,
1976; Wariishi et al., 1988, 1989a). Detailed EPR, NMR, and resonance Raman spectral
studies of LiP and MnP have also demonstrated that the native forms of these enzymes
exist as ferric, high-spin, pentacoordinate heme proteins with the protein ligated to the
heme iron through a proximal His residue, similar to HRP (Andersson et al., 1985;
Banci et al., 1992; de Ropp et al., 1991; Gold et al., 1989; Kirk & Farrell, 1987,
Mino et al., 1988). In addition, the sequences of mnp cDNA (Gold & Alic, 1993;
Pribnow et al., 1989; Pease et al., 1989) and genomic clones (mnpl and mnp2)
(Gold & Alic, 1993; Godfrey et al., 1990; Mayfield et al., 1994a) encoding two
P. chrysosporium MnP isozymes have been determined. Comparison of cDNA sequences
confirms that a proximal and distal His and a distal Arg are conserved in the active site of
MnP (Pribnow et al., 1989; Gold & Alic, 1993; Ritch er al., 1991; Welinder, 1976;
Kaput et al., 1982). The crystal structures of both LiP and MnP have been reported
(Edwards et al., 1993; Poulos et al., 1993; Piontek et al., 1993; Sundaramoorthy et al.,
1994b) and also confirm that the heme environments of MnP and LiP are similar to those of
other plant and fungal peroxidases (Poulos et al., 1993; Sundaramoorthy et al., 1994b).

MnP oxidizes Mn(II) to Mn(III) as shown in Scheme 1.2 (Glenn & Gold, 1985;
Glenn et al., 1986; Wariishi et al., 1992) and the Mn(IIl) generated, in turn, oxidizes
organic substrates such as lignin substructure model compounds (Tuor et al., 1992),
synthetic lignin (Wariishi ez al., 1991b; Bao et al., 1994), and aromatic pollutants
(Valli & Gold, 1991; Valli et al., 1992a,b; Joshi & Gold, 1993).

Scheme 1.2

MnP + H,O, — MnP compound I + H,O




Table 1.2. Electronic Absorption Spectral Maxima of MnP, LiP, and HRP.
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System Absorption Maxima (nm) References

Ferric, resting state

MnP, pH 4.5 406 502 632 Glenn & Gold, 1985
LiP, pH 4.5 408 500 632 Gold et al., 1984;
Renganathan & Gold, 1986
HRP, pH 6.0 403 500 641 Dunford & Stillman, 1976
Compound I
MnP 407 558 617 650 Wariishi et al., 1988
LiP 408 550 608 650 Gold et al., 1984;
Renganathan & Gold, 1986
HRP 400 557 622 650 Dunford, 1982
Compound II
MnP 420 528 555 Wariishi et al., 1988
LiP 420 525 556 Gold et al., 1984,
Renganathan & Gold, 1986
HRP 420 527 554 Dunford, 1982
Ferric, low-spin
CN--MnP 421 546 Glenn & Gold, 1985
CN--LiP 423 540 Gold et al., 1984
CN--HRP 422 539 Dunford & Stillman, 1976
N;-MnP 417 542 580 Glenn & Gold, 1985
Nj-LiP 418 540 575 Gold et al., 1984
N5 -HRP 416 534 565 Dunford & Stillman, 1976
Ferrous
MnP 433 554 Glenn & Gold, 1985
LiP 435 556 Gold et al., 1984
HRP 437 556 Dunford & Stillman, 1976
CO-MnP 423 541 570 Glenn & Gold, 1985
CO-LiP 420 535 568 Gold et al., 1984

CO-HRP 423 541 575 Dunford & Stillman, 1976




MnP compound I + Mn(ll) — MnP compound IT + Mn(III)

MnP compound II + Mn(II) — MnP + Mn(IIl) + H,O

The manganese ion acts as a redox mediator rather than an enzyme-binding activator.
This is supported by results which show that when the MnP/Mn(I1)/H;0, system is
separated from the organic substrate by a semipermeable membrane, the substrate is
oxidized by the diffusible Mn(III) generated by the enzyme (Glenn et al., 1986). Since free
Mn(III) is extremely unstable in aqueous solution, Mn(III) needs to be stabilized by an
organic acid chelator such as oxalate, which is also secreted by the fungus (Wariishi et al.,
1992; Kuan & Tien, 1993). The Mn(IIl)-chelator complexes can be spectroscopically
detected and the generation of Mn(III) by MnP is confirmed by measuring the Mn(IIl)-
chelator complex formation (Glenn & Gold, 1985; Paszczynski et al., 1986; Wariishi et al.,
1989a, 1992; Kuan et al., 1993; Kuan & Tien, 1993). This unique ability of MnP to
oxidize Mn(II) to Mn(III) strongly indicates that MnP has at least one Mn(II) binding and
oxidation site. The next section describes the proposed Mn(Il) binding sites in MnP.

1.4.2 Mn(II) Binding Site: Proposed Mechanism of Mn(II) Oxidation
The nature of the Mn(II) binding site in MnP has been under investigation for several
years. Harris et al. (1991) demonstrated that suicide inhibitors such as azide and organic

hydrazines completely inactivate MnP but that the modified MnP is able to react with H,O,,

indicating that modification of the 8-meso edge of the heme suppresses Mn(II) oxidation by

MnP. They also showed that binding of Mn(II) does not inhibit the inactivation of MnP by
azide or organic hydrazines (Harris et al., 1991). Therefore, it was suggested that a Mn(1I)

ion binds close to the 8-meso position (above or below the plane of the heme) without

blocking the approach of small molecules to the 8-meso edge (Figure 1.9) (Harris et al.,
1991). Similarly, based upon the perturbation of NMR spectrum of MnP upon the binding
of Mn(II), Banci et al. (1993) suggested a Mn(II) binding site at the 8-meso side of the

heme. Disappearance of the 8-CHj resonance and the distal side proton signals are
observed upon addition of 1 equivalent of Mn(II) to MnP, suggesting that Mn(II)
approaches the heme in a position near the 8-CH3 and the distal side protons (Banci et al.,
1993). This is consistent with the work done by Harris et al. (1991). In contrast, Johnson
et al. (1993) used homology modeling and energetic considerations to predict the Mn(II)
binding sites in MnP (Figure 1.10). They predicted five Mn(II) binding sites and proposed
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Figure 1.9. A model of the active site of MnP proposed by Harris et al. (1991). The upper
drawing shows the approximate placement of the Mn(II) binding site relative to the heme
edge. The bottom drawing shows that the proposed Mn(Il) site is on one side of the heme
plane.
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Figure 1.10. Top, C, trace of the predicted model structure of MnP (Johnson et al.,

1993). The five candidate Mn(II) binding sites in MnP are highlighted. Bottom, the first
candidate Mn(II) binding site in MnP (a) and the corresponding region in LiP (b).
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that the most likely stable binding site consists of the ligands Asp179, Glu35, Glu39, and

one of the heme propionates. This places the Mn(II) binding site close to the y-meso rather
than §-meso position of the heme. According to this model structure, the region near the

d-meso edge of the heme is unlikely to bind a Mn(II) ion since it lacks anionic or polar

amino acid side chains to act as the Mn(II) ligands (Johnson et al., 1993). The recently
solved crystal structure of MnP (Sundaramoorthy et al., 1994b) supports this latter
prediction for the binding site (Chapter 1.4.3).

1.4.3 Crystal Structure of Manganese Peroxidase
Recently, the crystal structure of MnP has been solved and refined to R = 0.20 at
2.06 A (Sundaramoorthy et al., 1994b).

1.4.3.1 Heme environment

As in other plant and fungal peroxidases, MnP consists of two domains with the
heme sandwiched between them (Figure 1.11). There are ten major helices and one minor
helix, all of which also are found in LiP (Edwards et al., 1993; Poulos et al., 1993,
Piontek et al., 1993). The two minor helices present in LiP and CIP are in a 3¢ helical
conformation in MnP. In addition to these two helices, MnP and LiP have six other 3
helical segments (Edwards et al., 1993; Poulos ef al., 1993; Piontek et al., 1993). In the
heme pocket (Figure 1.12), the distal His46 and Arg42 peroxide binding site, the H-bond
between the distal His46 and Asn80, and the H-bond between the proximal ligand, His173
and Asp242, are all conserved among plant and fungal peroxidases (Gold & Alic, 1993).

In addition to the Fe-His173 interaction, the heme in MnP is stabilized by the
interaction of propionates with Mn(II) as well as H-bonds with protein and solvent
molecules. There are some major differences in these interactions as compared with LiP.
The outer propionate in LiP interacts with Asp183 through an unusual carboxylate-
carboxylate H-bond (Poulos et al., 1993), analogous to the propionate-Asn183 interaction
in CCP. In MnP, the corresponding residue, Lys180 (Gly191 in CIP), points away from
the heme and does not interact directly with the heme propionate. In contrast, the
propionate in MnP rotates approximately 60° relative to that in LiP to make H-bonds with
the main chain peptide nitrogens of Asp179 and Lys180 and two water molecules. CIP has
a similar structure. Because of the different orientations of the outer propionate in MnP,
the distal Arg42 cannot form a H-bond with the propionate, whereas in LiP, the distal Arg
directly interacts with the propionate. In CIP and CCP, a water molecule bridges the distal
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Figure 1.11. Schematic representation of the complete MnP polypeptide chain
(Sundaramoorthy et al., 1994b). The helices are represented as cylinders. The heme,
carbohydrate, calcium ions, and manganous ions are highlighted.
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Phel90

Figure 1.12. The active site environment of MnP (Sundaramoorthy ef al., 1994b). The
hydrogen bonds are represented as dashed lines.
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Arg and the heme propionate. The second propionate in MnP interacts directly with Mn(II)
ion, water molecules, and the peptide NH group of Argi77. The interaction of a
propionate with a main chain peptide nitrogen also is found in LiP and CIP. However, the
effects of these H-bonds on the function of peroxidases are not clear.

MnP has two Phe residues in the heme pocket (Figure 1.12). One of these Phe
residues, Phe190 on the proximal side, may play an important role in MnP. CCP and
ascorbate peroxidase have Trp residues at this site (Finzel ez al., 1984; Patterson & Poulos,
1995) and CIP has a Leu at this position (Kunishima et al., 1994; Petersen et al., 1994).
Other peroxidases such as LiP and HRP have Phe residues at this position. Comparison of
the LiP and MnP crystal structures indicates that the orientation of the plane of these
proximal Phe residues differs between LiP and MnP. In LiP, the Phe ring is approximately
parallel to the proximal His imidazole ring (Edwards et al., 1993; Poulos et al., 1993;
Piontek et al., 1993) whereas in MnP, the Phe190 ring is orientated almost perpendicular to
the plane of the proximal His.

1.4.3.2 Mn(II) binding site
There are three large 106 Fy-F, difference electron density peaks in the MnP crystal,

suggesting three metals are bound to MnP. Two of these sites correspond to the calcium-
binding sites in other plant and fungal peroxidases (Figures 1.11 and 1.13). The third site
is unique to MnP and is identical to the predicted most probable Mn(II) binding site based
upon homology modeling and energetic considerations as mentioned above (Figure 1.10)
(Johnson et al., 1993). The Mn(Il) ion is hexacoordinated to the carboxylate oxygens of
Glu35, Glu39 and Aspl79, a heme propionate oxygen, and two water oxygens
(Figure 1.14). One of the water ligands is H-bonded to the second heme propionate. The
bond distances between the Mn(Il) ion and its ligands are shown in Table 1.3. The
coordination around the Mn(II) ion is octahedral which is typical of Mn(II) coordination
complexes (Demmer et al., 1980). Another potentially important interaction is an H-bond
between Argl77 and one of the Mn(Il) ligands, Glu35. This interaction may be important
for the correct orientation of the Glu35 or may affect the electronic property of the Glu35.
An Arg cannot be accommodated in LiP, wherein Argl77 is replaced by Ala. In MnP,
there is sufficient room for an Arg at this position since the C-terminal tail is further away
from the main part of the protein because of an extra Cys341:Cys348 disulfide bond.
Because LiP lacks this unique disulfide bond, only a small amino acid side chain can be
accommodated (Figure 1.15). Table 1.3 also lists the residues in LiP, CCP, and CIP
corresponding to the Mn(II) ligands in MnP. Two of the three anionic residues found in
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Figure 1.13. Stereo view of two calcium sites in MnP (Sundaramoorthy et al., 1994b).
Top, the distal site and bottom, the proximal site.




52

Asp179
Glu35

Figure 1.14. Stereo view of the Mn(Il) binding site in MnP (Sundaramoorthy et al.,
1994b).

E39(E40)

E35(A36)

R177(A180)

Figure 1.15. A close-up view of the Mn(II) binding site of MnP (thick lines)
superimposed on LiP (thin lines) (Sundaramoorthy et al., 1994b). The LiP residues are
shown in parentheses.
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Table 1.3. Manganese Ligands and Bond Distances in MnP, and Comparison with Other

Peroxidases (Sundaramoorthy et al., 1994b).

Ligand Distance Corresponding residue in
A LiP CIP CCP
Heme propionate 234 same same same
Side chain carboxyl E35 2.69 A36 S45 G41
Side chain carboxyl E39 2.82 E40 K49 V45
Side chain carboxyl D179 2.57 N182 E190 H181
Water 520 2.35
Water 441 2.57
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MnP are replaced by non-charged residues in LiP: Ala36 for Glu35 and Asnl82 for
Aspl79. Only Glu39 in MnP is conserved as Glu40 in LiP. In addition, the heme
propionate in LiP is not positioned for favorable Mn(II) binding (Johnson et al., 1993)
(Figure 1.10 and 1.15). The unique anionic environment in MnP is also absent in CCP
and CIP (Table 1.3). This appears to be the reason why MnP is the only known
peroxidase capable of oxidizing Mn(Il) efficiently. Current views of electron transfer
proteins envision an electron transfer pathway through covalent bonds (Onuchic & Beratan,
1990). In MnP, the electron could be transferred from the Mn(II) to the porphyrin

periphery or to the iron center via the heme propionate, using a nearly continuous 6-bond.

Using a homologous expression system (Mayfield et al., 1994b) (Chapter 3), we have
carried out site-directed mutagenesis of MnP to understand structure/function relations in
this unique protein (Chapters 4-6).

1.5. SUMMARY OF RESEARCH

Biochemical and physiological studies of P. chrysosporium have demonstrated that
two peroxidases, LiP and MnP, along with an H,O,-generating system, appear to be the

major components of its extracellular lignin degradative system. Considerable evidence
suggests that MnP is essential for lignin depolymerization in vivo. The white-rot fungus,
Dichomitus squalens, which lacks LiP isozymes, still degrades lignin and, importantly, the
degradation of lignin by this fungus is stimulated by Mn(II) ion, which induces MnP
protein expression (Périé & Gold, 1991). Moreover, MnP activity is found in all white-rot
fungi known to degrade lignin (Périé¢ & Gold, 1991; Hatakka, 1994; Orth et al., 1993).
Therefore, the characterization of the MnP mechanism should increase our understanding
of the biodegradation of lignin and the environmental pollutants by white-rot fungi.
Although a variety of studies have demonstrated that the heme environment and
catalytic cycle of MnP are very similar to those of other plant and fungal peroxidases, MnP
is uniquely able to catalyze the one electron oxidation of Mn(II) to Mn(III). Whereas
phenolic compounds are oxidized directly by MnP compound I, direct oxidation of phenols
by MnP compound II is extremely slow compared with Mn(II) oxidation. Thus, Mn(II) is
required to complete the MnP catalytic cycle (Wariishi ez al., 1988, 1989a). In addition,
the Mn(III) generated by MnP is released from the protein and then acts as a redox
mediator, oxidizing a second substrate such as phenolic compounds. The Mn(IIl) species
in aqueous solution needs to be stablized by an organic acid, such as lactate, malonate, or
oxalate (Glenn & Gold, 1985; Paszczynski et al., 1986; Wariishi et al., 1989a, 1992;
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Demmer et al., 1980). In particular, oxalate appears to be a physiological chelator for
Mn(II) and Mn(III) in the cultures of the white-rot fungi. The production of millimolar
concentrations of oxalate by P. chrysosporium under defined conditions has been
demonstrated (Wariishi et al., 1992; Barr et al., 1992; Kuan & Tien, 1993; Dutton et al.,
1993). In addition, it has been shown that optimal enzyme activity is obtained in the
presence of 0.5-2.0 mM oxalate, a concentration found in P. chrysosporium cultures
(Kuan & Tien, 1993; Kishi et al., 1994). Therefore, white-rot fungi utilize the
enzymatically generated Mn(III), complexed with oxalate, as a freely diffusible oxidant,
enabling the fungi to degrade polymeric lignin within the wood matrix.

The role of chelators in the MnP reaction has been under investigation for several

years. Besides stablizing the Mn(III) species in aqueous solution, chelators such as C, and

C3 dicarboxylic and o-hydroxy acids dramatically stimulate the catalytic activity of MnP

(Glenn & Gold, 1985; Wariishi et al., 1988, 1992; Glenn et al., 1986; Kuan & Tien, 1993;
Kuan et al., 1993). Wariishi et al. (1992) have demonstrated that some chelators exhibit
competitive inhibition with Mn(III)-malonate formation and that the Mn(II) ion binds the
enzyme more tightly in the absence of chelators than in the presence of chelators. Based
upon these results, they proposed that the enzyme reacts with free non-chelated Mn(II) and
that chelators stimulate enzyme activity by facilitating the release of Mn(III) from the
enzyme. However, the chelators also form complexes with the Mn(Il) ion. In addition,
the stronger binding of free Mn(II) by MnP does not necessarily indicate that the free
Mn(II) ion is a substrate for MnP even in the presence of chelators; the chelated Mn(II) ion
may be oxidized by MnP more readily than the free non-chelated Mn(II). Recently, by
using kinetic analysis, it was suggested that a monooxalate complex of Mn(II), rather than
the free Mn(Il), reacts with MnP (Kuan et al., 1993; Kishi et al., 1994). Further
investigation of this issue using transient-state kinetics is presented in Chapter 2. These
kinetic results do not agree with the crystallographic results suggesting that free Mn(Il) is
bound to the enzyme (Sundaramoorthy et al., 1994b).

Another important aspect of the MnP reaction mechanism is the location of the
Mn(II) binding site. At the start of the present work, it had been proposed that the Mn(II)

binding site is located near the d-meso edge of the heme (Harris et al., 1991). However,

amino acid residues involved in Mn(II) binding had not been determined, nor was the
crystal structure of MnP available. Therefore, site-directed mutagenesis was deemed to be
the best technique for identifying the Mn(II) binding site in MnP. To conduct site-directed
mutagenesis of MnP, an efficient expression system for recombinant MnP protein was
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required. Attempts to produce MnP in heterologous expression systems had been of
limited success. The variety of post-translational events required to produce active MnP
protein extracellularly, including heme insertion, glycosylation, disulfide bond formation,
and secretion of the protein, proved to be problematic for heterologous expression systems.
Homologous expression, using P. chrysosporium, would bypass these difficulties.
However, a method to distinguish recombinant protein from endogenous protein was
required. In P. chrysosporium, MnP is expressed only during the secondary metabolic
(idiophasic) stage of growth, which is triggered by depletion of nutient nitrogen
(Gold & Alic, 1993; Kirk & Farrell, 1987). It has been demonstrated that mnp gene
transcription is regulated by both nutrient nitrogen and Mn(Il) ion levels (Brown et al.,
1990, 1991; Pribnow et al., 1989). This limitation can be used to express recombinant
MnP separately from endogenous MnP by placing the coding region of the mnp gene under
the control of a primary metabolic promoter. The recombinant MnP protein is then
produced under primary metabolic conditions when the endogenous mnp genes are not
expressed. Chapter 3 describes the first homologous expression system for MnP isozyme
1. In this system, the P. chrysosporium glyceraldehyde-3-phosphate dehydrogenase (gpd)
promoter is used to drive expression of the mnpl gene during the primary metabolic
growth phase. This expression system produces recombinant MnP1 in amounts which are
comparable to the endogenous MnP1 produced by the wild-type strain. Moreover,
biochemical characterization suggests that the recombinant MnP is essentially identical to
the wild-type enzyme. This expression system makes the generation of site-directed MnP
mutants possible. Chapters 4 through 6 describe several site-directed mutants of MnP.

The characterization of Mn(II) binding site mutants of MnP is described in
Chapters 4 and 5. The site-directed mutation of the Mn(II) binding site was initially
conducted based on the prediction made by Johnson et al. (1993) (Figure 1.10).
Subsequently, the crystal structure of MnP was solved (Sundaramoorthy et al., 1994b).
Although the crystal structure strongly suggested the Mn(Il) binding site in MnP
(Figures 1.14 and 1.15), it was not clear whether the enzyme-bound metal in the MnP
crystal was a Mn(II) or whether that Mn(II) binding site was the productive site
(Chapter 1.4.3). The studies on the Mn(II) binding site mutants, the D179N, E35Q, and
E39Q single mutants, and the D179N-E35Q double mutant, demonstrate that the proposed
Mn(II) binding site is indeed the productive site and that MnP has only one site for Mn(II)
oxidation.

Although the heme environment of MnP is similar to that of other plant and fungal
peroxidases, the nature of the proximal residue (Phe190 in MnP) (Figure 1.12) varies
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among these peroxidases. CCP and ascorbate peroxidase have Trp residues and CIP has a
Leu residue at this site. Other peroxidases such as LiP, and HRP have Phe residues. In
CCP, a protein-centered radical is generated at the proximal Trp residue in CCP compound
I and the Trp residue is required for electron transfer between CCP and cytochrome c,
whereas ascorbate peroxidase does not generate a radical at the Trp residue and does not
require the Trp residue for its catalytic activity (Chapters 1.3.2.2 and 1.3.4.1). In contrast,
the role of the proximal Phe residue in MnP, LiP, and HRP is unknown. The fact that CIP
has a Leu residue at this position suggests that peroxidase activity does not require an
aromatic amino acid residue such as a Trp or Phe at this position. Site-directed
mutagenesis of the Phe190 of MnP should enable us to understand the role of this amino
acid residue for peroxidase catalysis and structure. Chapter 6 presents data pertaining to
the role of the Phe190 residue with regard to the heme environment, the reactivity, and the
stability of MnP protein.

In summary, this research involves the further characterization of MnP, particularly
focusing on analyses of the MnP active site: the Mn(II) binding site, the nature of the
substrate, and the role of an amino acid residue in the heme binding pocket. It increases
our understanding of the unique function of this enzyme. This work also involves the first
homologous expression and site-directed mutagenesis of MnP. These systems provide us
with powerful tools for probing the structure/function relationships of MnP in detail.




CHAPTER 2

MECHANISM OF MANGANESE PEROXIDASE COMPOUND II
REDUCTION. THE EFFECT OF ORGANIC ACID CHELATORS AND pH

2.1 INTRODUCTION

White rot basidiomycete fungi are primarily responsible for the initiation of the
decomposition of lignin in wood (Gold et al., 1989; Kirk & Farrell, 1987;
Buswell & Odier, 1987). When cultured under ligninolytic conditions, the white rot
fungus Phanerochaete chrysosporium produces two extracellular heme peroxidases, LiP
and MnP, which along with an HyO,-generating system are major components of its lignin
degradative system (Kirk & Farrell, 1987; Buswell & Odier, 1987; Tien 1987;
Hammel & Moen, 1991; Wariishi et al, 1991b; Kuwahara et al., 1984). MnP has been
purified and characterized. The enzyme contains one iron protoporphyrin IX prosthetic
group, is a glycoprotein of Mr ~46,000 and exists as a series of isoenzymes
(Glenn & Gold, 1985; Paszczynski et al., 1986; Leisola et al., 1987; Mino et al., 1988;
Wariishi et al., 1988; Harris et al., 1991). Spectroscopic studies and cDNA sequences
reveal that the heme environment of manganese peroxidase is similar to that of other plant
and fungal peroxidases (Glenn & Gold, 1985; Mino et al., 1988; Harris et al., 1991;
Dunford & Stillman, 1976; Banci et al., 1992; Pribnow et al., 1989; Pease et al., 1989).
In addition, kinetic and spectral characterization of the oxidized intermediates, compounds I
and II, indicate that the catalytic cycle of MnP is similar to that of horseradish peroxidase
and LiP (Gold et al., 1989; Wariishi et al., 1988; Renganathan & Gold, 1986;
Wariishi et al., 1989a; Glenn et al., 1986; Wariishi et al., 1992). Importantly, the enzyme
oxidizes Mn(Il) to Mn(IIl) and the latter, in turn, oxidizes phenolic substrates, including
lignin model compounds (Tuor et al., 1992), lignin (Wariishi ef al., 1991b) and chlorinated
phenols (Joshi & Gold, 1993). Transient state kinetic analysis has confirmed that
Mn(II)/Mn(IIl) acts as a redox couple rather than as an enzyme binding activator
(Wariishi et al., 1989a). Thus, enzymatically generated Mn(III) is utilized as a freely
diffusible oxidant, enabling the enzyme to oxidize polymeric lignin within the woody
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matrix (Wariishi et al., 1988; Glenn et al., 1986; Wariishi et al., 1992; Tuor et al., 1992;
Joshi & Gold, 1993).

We previously have emphasized the importance of organic acid chelators in the
manganese peroxidase system. Organic acids, including lactate, malonate and oxalate,
chelate enzymatically generated Mn(IIl), stabilizing this species in aqueous solution
(Paszczynski et al., 1986; Renganathan & Gold, 1986; Wariishi er al., 1989a;
Demmer et al., 1980), and as we shall show, ensuring the efficiency of Mn(II) oxidation.
Recently, the production and secretion of oxalate and malonate by P. chrysosporium were
demonstrated (Wariishi et al., 1992; Barr et al., 1992; Kuan & Tien, 1993;
Dutton et al., 1992). In particular, the production of millimolar concentrations of oxalate
by this fungus under defined conditions was reported (Wariishi et al., 1992;
Barr et al., 1992; Kuan & Tien, 1993; Dutton et al., 1992). We previously reported that
relatively high concentrations of malonate or lactate are required to stimulate optimal MnP
activity (Glenn & Gold, 1985; Paszczynski et al., 1986; Wariishi et al., 1992); however,
these high concentrations are not physiological (Wariishi et al., 1992; Kuan & Tien, 1993).
Recently it was shown that optimal enzyme activity is obtained in the presence of 500 uM
oxalate, a concentration found in P. chrysosporium cultures (Kuan & Tien, 1993); a kinetic
analysis was published in a subsequent paper (Kuan et al., 1993). In the present study, we
reinvestigated the effect of several organic acid chelators under a variety of conditions
which shed light upon the behavior of both Mn(II) and Mn(IlIl) in the MnP system. Our
results confirm that physiological concentrations of oxalate stimulate the reduction of the
oxidized enzyme intermediates and probably stabilize the enzyme-generated Mn(IIl) by
chelation. In addition, we report detailed analysis of the pH dependence of the overall MnP
reaction. We show that succinate exhibits a complex behavior in contrast to a report that it
has little effect on the reactions of MnP (Kuan et al., 1993).

2.2 MATERIALS AND METHODS

2.2.1 Chemicals

H,0, (30% solution) was obtained from BDH Chemicals. mCPBA, 2,6-DMP,
and veratryl alcohol were obtained from Aldrich. The concentration of H;O, and mCPBA
stock solutions were determined as described (Cotton & Dunford, 1973). All other
chemicals were reagent grade. Solutions were prepared using deionized water obtained
from a Milli Q system (Millipore).
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2.2.2 Enzyme Preparation

MnP isozyme 1 was purified from the extracellular medium of acetate-buffered
agitated cultures of P. chrysosporium strain OGC101 (Alic et al., 1987) as described
(Glenn & Gold, 1985; Wariishi et al., 1989a). The purified enzyme was
electrophoretically homogeneous and had an RZ (A406/A2g0) value of 6. The enzyme
concentration was determined at 406 nm using an extinction coefficient of 129 mM-1 cm-!
(Glenn & Gold, 1985). Oxalate oxidase and horseradish peroxidase were purchased from
Sigma. LiP was assayed utilizing veratryl alcohol as described (Gold et al., 1989;
Kirk & Farrell, 1987). MnP was routinely assayed by following the formation of
Mn(III)-malonate as described (Glenn & Gold, 1985; Glenn et al., 1986).

2.2.3 Oxalate Produced by P. chrysosporium

P. chrysosporium was grown from a conidial inoculum at 38°C in shaking cultures,
with 2% glucose and 1.2 mM ammonium tartrate as the carbon and nitrogen sources, as
described (Wariishi et al., 1992; Kirk et al., 1978). The extracellular concentration of
oxalate produced in the cultures was determined via two independent methods: (i) using
HPLC (Wariishi et al., 1992) and (ii) using oxalate oxidase as previously described
(Barr et al., 1992; Kuan & Tien, 1993; Laker et al., 1980) except that 2,6-DMP was used
as the peroxidase substrate.

2.2.4 Kinetic and Rapid Scan Spectral Measurements

Kinetic measurements were conducted at 25.0 £ 0.5 °C using a Photal RA601
Rapid Reaction Analyzer. One reservoir contained the enzyme in water at a concentration
of 2 uM for MnP compound I formation and 5 pM for compound II reduction experiments.
The other reservoir contained the substrate (H,O, or Mn(Il)), in buffer, in at least 10 fold
excess. Experiments were performed with the following buffers as indicated: K-malonate,
-oxalate, -lactate, and -succinate (ionic strength 0.1 adjusted with K;SOg4). The pH was

varied from 3.34 to 6.95. The final pH of reactions was measured using an Accumet 50
pH meter (Fisher Scientific). Compound II was formed by the successive addition of 1.0
equiv of mCPBA and 0.9 equiv of K-ferrocyanide to the native enzyme. Compound II
samples were freshly prepared for each experiment. All of the kinetic traces exhibited
single exponential character from which pseudo-first order rate constants were calculated.
In each kinetic experiment several substrate concentrations were used and plots of
pseudo-first order rate constants versus substrate concentrations were obtained.

Rapid scan spectra were recorded on a multichannel photodiode array
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(Photal RA601) equipped with a 1-cm observation cell at 25.0 £ 0.5 °C. The spectral
region from 345 to 445 nm was scanned. Electronic absorption spectra obtained on a
conventional time scale were recorded on a Shimadzu UV-260 or Beckman DU 650
spectrophotometer.

2.2.5 Oxidation of 2,6-Dimethoxyphenol by MnP

Oxidation of 2,6-DMP by MnP was followed spectrophotometrically at 469 nm for
quinone dimer formation (Wariishi et al., 1992). Reaction mixtures (1 ml) contained
manganese peroxidase (0.5 pg), MnSO4 (0.5 mM), 2,6-DMP (0.2 mM) and H,0,
(0.1 mM) in each of the buffers described above (ionic strength 0.1).

2.3 RESULTS

2.3.1 Enzyme Preparation

The effect of freeze-thaw cycles on manganese peroxidase activity was examined.
One freeze-thaw cycle of the enzyme (1 mg/ml in water) resulted in an activity loss of
~12% and 5 cycles resulted in an activity loss of 50%. The freeze-thaw treated enzyme
showed a similar Soret and visible absorption spectrum to the untreated enzyme. In our
previous transient state kinetic study (Wariishi et al., 1989a), MnP was stored frozen and
the stock solution was thawed whenever enzyme was needed. Probably owing to this
treatment, smaller rate constants were reported for compound I formation and compound II
reduction (Wariishi et al., 1989a) as compared to those found in the present study.
However the previously reported kinetic features such as a saturation phenomenon and
reversibility were similar to those described below. In our present work we utilized freshly

prepared enzyme and eliminated freeze-thaw cycles.

2.3.2 Fungal Secretion of Oxalate and Peroxidases

A time course for oxalate and peroxidase accumulation in the extracellular medium
of shaking cultures of P. chrysosporium is shown in Figure 2.1. Under these conditions
oxalate accumulation reached a maximum of 2.4 mM on day 5 and decreased on day 6,
leveling off at ~1 mM. Extracellular MnP activity also was maximal on day 5 and
decreased thereafter. In contrast LiP activity first appeared on day 6, when the oxalate

concentration was decreasing, and was maximal on day 8 (Figure 2.1).
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Figure 2.1. Production of manganese and lignin peroxidases and oxalate in agitated
cultures of P. chrysosporium. Oxalate concentrations (W), and lignin (A) and manganese

peroxidase activities (@) in the extracellular medium were assayed as described in the text.
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2.3.3 Effect of Chelators on the Oxidation of 2,6-DMP by MnP

The rate dependence of 2,6-DMP oxidation by Mn(IlI), generated by the MﬁP
system, on the concentrations of malonate and oxalate is shown in Figure 2.2. Enzyme
activity increased with increasing malonate concentration reaching a maximum at ~50 mM.
Similar results were observed with lactate although the maximal activity in 50 mM lactate
was ~80% of that in 50 mM malonate (data not shown). In contrast, maximum enzyme
activity was observed with 2 mM oxalate. At concentrations above 2 mM, enzyme activity
slowly decreased with increasing oxalate concentrations. The maximum MnP activity in
2 mM oxalate was ~90% of that in 50 mM malonate. No 2,6-DMP oxidation by
manganese peroxidase was observed in reactions conducted in succinate buffer
(Wariishi et al., 1992). These results are consistent with our previous studies conducted
with chelator concentrations of 50 mM (Wariishi et al., 1992).

2.3.4 Reduction of Compound II in the Presence of Oxalate

When the reduction of compound II was examined at low concentrations of
K-oxalate (1-5 mM), the plot of the observed rate constants versus [Mn(II)] leveled off at
high [Mn(II)]. This reaction can be described by a simple binding interaction between the
reactants according to Equations 1-3:

K, k>
Compound II + Mn(II)-complex = Compound II-Mn(II)-complex —

Native Enzyme + Mn(III)-complex q))
ka

koobs = 2
K;

[Mn(II)-complex]

[Compound H}{Mn(II)-complex]
K; = 3
[Compound II- Mn(II)-complex]

where k, is a first order rate constant (s-1) and K, is a dissociation constant (M).
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Figure 2.2. The effect of the chelator concentration on 2,6-dimethoxyphenol oxidation by
MnP. Reaction mixtures contained MnP (0.5 pg/ml), MnSO4 (0.5 mM), 2,6-DMP

(0.2 mM), and H,0; (0.1 mM) in oxalate (O) and malonate (@) at pH 4.5. The reaction
was followed by measuring the increase in absorbance at 469 nm, indicating quinone dimer
formation (Wariishi et al., 1992).
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The calculated values for k; and K, are listed in Table 2.1.

When the reaction was conducted in higher concentrations of oxalate (10 and
20 mM), the plot of observed rate constants versus Mn(II) concentration was linear and
passed through the origin within experimental error (Figure 2.3), indicating that, under
these conditions, the reduction of compound II obeyed second order kinetics and was
irreversible. The second order rate constants were calculated from the slopes of the plots in
Figure 2.3 and are listed in Table 2.1. Saturation behavior might be expected at higher
concentrations of Mn(II).

2.3.5 Reduction of Compound II in Malonate and Lactate Buffers

The reduction of MnP compound II to native enzyme was followed at 406 nm in
K-malonate, pH 4.60 and in K-lactate, pH 4.56, under pseudo-first order conditions with
the reducing substrate, Mn(II), in excess. When the reaction was conducted in either 10 or
20 mM K-malonate, the plot of the observed rate constants (kpops) versus Mn(Il)
concentration leveled off at high Mn(II) concentration (Figure 2.4A) suggesting a binding
interaction between reactants. In contrast, when the reaction was conducted in lower
concentrations of malonate (1-5 mM), the dependence of kjqps On substrate concentration
(0-100 uM) was linear and the plot had a positive y-axis intercept (Figure 2.4B),

suggesting that, at these concentrations, the reaction was reversible as expressed by

Equations 4 and 5:
k2app
Compound II + Mn(II)-complex = Native Enzyme + Mn(III)-complex ()
ko
kaobs = kaapp[Mn(Il)-complex] + k., &)}

where kzapp is a second order rate constant for the forward reaction and k.5 is a first order
rate constant for the reverse reaction. The kinetic parameters are summarized in Table 2.1.
Similar behavior was observed in K-lactate, where saturation kinetics were observed at a
20 mM chelator concentration and a reversible reaction was observed at 2 mM
(data not shown). All data are summarized in Table 2.1. Saturation kinetics for this

reaction in 20 mM lactate have been reported previously (Wariishi et al., 1989a).
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Table 2.1. Kinetic parameters for the reduction of MnP compound II by Mn(Il) in several
different organic acid chelators. Data obtained by fits to the plots of the pseudo-first order
rate constant, kqps, vs. [Mn(II)].

Hyperbolic® Linear®
Organic acid Conc.
(pH) First order Equilibrium Forward Reverse
rate const. dissociation second order First order
const. rate const. rate const.
mM 5! M Mmis? s
Oxalate 1 (2.3 + 0.2) x 10? (5.6 + 1.0y x 107 - -
(4.62)
2 2.9 £ 0.1) x 10° (8.7 + 0.7) x 107 - -
5 (5.6 + 0.6) x 10? 4.4 + 0.6) x 107 - -
10 - - 6.2 + 0.2) x 10° -
20 - - (3.3 £ 0.H)x 10° -
Malonate 1 - - (1.8 +0.Dx10° (1.8 +0.1)x 10
(4.60)
2 - - 6.0+ 0.Dx10° (2.1 £0.1)x10
5 - - 9.1 +04x10° (2.1 +£02)x 10
10 (3.6 + 0.3) x 107 (1.9 + 0.2y x 10* - -
20 (8.9 + 0.5)x 10? (1.9 + 0.1) x 10 - -~
Lactate 2 - -- (3.9 +0.2)x10° (2.3 +0.)x10
(4.56)
20 (1.2 + 0.3) x 10° (9.0 + 0.3) x 10 - -
Succinate [¢ 20 (5.5 +0.6)x 10 (2.4 + 0.9 x 10°% - -
(4.58)
i - - 6.7 + 0.7) x 10* 6.9 + 0.4
11 2.3 £ 0.3)x 10"¢ - - -

a A nonlinear least square fit was applied to the data showing saturation kinetics.

b A linear least square fit was applied to the data showing a linear relationship.

¢ The reduction of compound II by Mn(II) in succinate occurred via triphasic kinetics (Figure 2.5).
d The first order rate for the phase III reaction was [Mn(II)] independent (Figure 2.6C).
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Figure 2.3. Reduction of manganese peroxidase compound II by Mn(II) in oxalate at pH
4.62. Observed pseudo-first order rate constants were plotted against [Mn(II)] at 2 mM
(0), 5 mM (@), 10 mM (A) and 20 mM ( A) oxalate. Inset shows a typical kinetic trace for
the reduction of compound II by Mn(II) (50 uM) in 2 mM oxalate, showing single
exponential character from which a pseudo-first order rate constant was calculated. 5 uM

MnP converted to compound II as described in text, ionic strength 0.1 M.
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Figure 2.4. Reduction of MnP compound II by Mn(Il) in malonate at pH 4.60. Observed
pseudo-first order rate constants were plotted against [Mn(II)] at 10 mM (@) and 20 mM
(O) malonate (A); and at 1 mM (), 2 mM (A) and 5 mM (A) malonate (B). Reaction
conditions were as described in the text. Inset; a typical trace at 406 nm of compound II
reduction by 75 pM Mn(II) in 5 mM malonate. The curve exhibited single exponential
character. Concentration of enzyme 5 UM, ionic strength 0.1.
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2.3.6 Reduction of Compound II in Succinate Buffer

The reduction of compound II by Mn(Il) also was carried out in 20 mM
K-succinate (pH 4.58), which does not chelate Mn(IIl) readily (Wariishi et al., 1989a;
Wariishi et al., 1992; Demmer et al., 1980). The resultant kinetic traces exhibited a
triphasic character (Figure 2.5). The plots of k,ps versus Mn(II) concentration for each
reaction phase are shown in Figure 2.6. The first phase of the reaction (phase I) displayed
saturation kinetics (Figures 2.5 and 2.6). In the second phase (phase II), ko5 was linearly

dependent on Mn(II) concentration and the plot had a positive y-intercept (Figure 2.6),
suggesting that the reduction of compound II in phase II was reversible. Approximately
60% of compound II was converted to native enzyme in phases I and II. In the third phase
of the reaction (phase III), ko5 values were independent of the Mn(II) concentration in the
range 20 to 100 puM (Figure 2.6). The kinetic parameters listed in Table 2.1 show that the
rates for the reactions carried out in succinate buffer are slower than the rates in other
buffers. The rate for the phase III reaction in succinate is particularly slow.

The rapid scan spectrum for the conversion of compound II to native enzyme in
K-succinate displayed an apparent isosbestic point at 417 nm (data not shown). This
isosbestic point also was observed in the conversion of compound II to native MnP by
Mn(II) in malonate, lactate, and oxalate (data not shown). Thus, the triphasic plot for
reactions carried out in succinate apparently was not caused by the contamination of
compound II with compound I or with unreacted mCPBA. Our results with succinate are
in contrast to an earlier report that succinate has little effect on the reaction
(Kuan et al., 1993).

2.3.7 pH Dependence of Compound II Reduction

The pH dependence of the reduction of compound II by Mn(II) also was examined.
At low Mn(II) concentrations, kzops Was linearly proportional to Mn(II) concentration in
reactions carried out in 2 mM oxalate and in 20 mM malonate (Figure 2.3 and 2.4).
Therefore, the k,pp at low Mn(II) concentrations (20-30 M) was measured over the pH
range of 3.34-6.95. For these experiments kjqns Was measured using 6 different Mn(II)
concentrations in 20 mM malonate at pH 3.53, 4.60, 4.99, and 5.99. All reactions
displayed saturation kinetics with no apparent reverse reaction (data not shown). The pH
dependence of kapp (k20bs/[Mn(ID)]) for compound II reduction is shown in Figure 2.7.
Maximum rates were obtained at pHs 5.0 and 5.4 in 2 mM oxalate and 20 mM malonate,
respectively. The pH profiles for compound II reduction by Mn(II) (Figure 2.7) were
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Figure 2.5. Time course of the reduction of MnP compound II by Mn(II) in succinate.
(A) Kinetic trace for the reduction of compound II by Mn(II) (50 uM) in 20 mM succinate,
pH 4.58. The sampling period was 10 s. (B) The same as (A) except a sampling period of
200 ms was used. Dashed lines are computer-fitted single exponential curves from which
observed pseudo-first order rate constants were calculated for each phase of the triphasic

reaction.
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Figure 2.6. Reduction of MnP compound II by Mn(II) in succinate at pH 4.58. Analysis
of each phase of the tri-phasic reaction. Observed pseudo-first order rate constants kops

are plotted against [Mn(II)] for each of phases I, II, and III.
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Figure 2.7. pH dependence of the reduction of MnP compound II by Mn(II) in oxalate and
malonate. Observed pseudo-first order rate constants divided by [Mn(II)] generated
second order rate constants which are plotted as a function of pH. The solid curves are
calculated on the basis of two rate constants, two ionization constants on the enzyme and
one ionization constant of the chelator. All parameters have the same value for both curves
within experimental error, except the constants calculated for the chelators: pK values of
4.5 and 5.6 for oxalate and malonate, which agree within experimental error with their
pKay values. (A) Reduction of MnP compound II in 2 mM oxalate, pH 4.62; (B)
Reduction of MnP compound H in 20 mM malonate, pH 4.60.
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similar to those for oxidation of 2,6-DMP (data not shown).

2.3.8 pH Dependence of 2,6-DMP Oxidation

The pH profiles for 2,6-DMP oxidation by Mn(II), produced by the action of MnP,
exhibited maxima at pH 4.56 in 2 mM oxalate and at pH 4.60 in 20 mM malonate
(data not shown). Above the optimal pH the decrease in MnP activity was steeper in
oxalate than in malonate. In contrast, below the optimal pH the decrease in MnP activity
was steeper in malonate than in oxalate. These differences suggest that organic acid
chelators may be controlling the pH dependence of the reactions.

2.3.9 Rate of Compound I Formation

The rate of MnP compound I formation from native enzyme and H,0, was
determined at pH 4.6 in oxalate, malonate, lactate and succinate buffers. Compound I
formation was measured at 397 nm, the isosbestic point between compounds I and II,
excluding interference from the possible conversion of compound I to II. Each trace
displayed single exponential character. The observed rate constants (kjohs) were linearly
proportional to the H,O, concentrations at 10 to 50 fold excess. The second order rate
constants (kiapp) for compound I formation (Table 2.2) were not affected by the type or

concentration of the organic acid.

2.4 DISCUSSION

We have confirmed (Wariishi et al., 1989a) that the reduction rate for MnP
compound I by Mn(Il) is >20 times faster than that for compound II (data not shown).
Therefore, provided sufficient hydroperoxide is present, the rate determining step in the
catalytic cycle is the reduction of compound II to native enzyme. Using only 1.0 equiv of
mCPBA and 0.9 equiv of ferrocyanide to generate compound II assures a single turnover.
Thus the rate of compound II reduction can be measured directly at 406 nm, the Soret

maximum for native MnP.
2.4.1 Effect of Chelators on MnP Compound II Reduction

2.4.1.1 Oxalate
In oxalate, the pseudo-first order rate constant k,ps for compound II reduction

decreases as the concentration of the chelator increases beyond 2 mM (Figure 2.3), which
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Table 2.2 Rate of formation of Manganese Peroxidase Compound I in the presence of

several different chelators

Organic acid Concentration Kapp?
(pH) mM M-1s-1

Oxalate (4.62) 2 (39%+0.1) x 106
20 (3.8 +£0.1) x 106

Malonate (4.60) 2 (3.6 £0.2) x 106
20 (3.6 £0.1) x 106

Lactate (4.56) 2 (3.6 £0.5) x 106
20 (3.6 £0.3) x 106

Succinate (4.58) 2 (3.4+0.4)x 106
20 (3.8 £0.1) x 106

aMnP Compound I formation was followed at 397 nm, the isosbestic point between

compounds I and II. Traces showed single exponential character from which pseudo-first

order rate constants were calculated. These rate constants were linearly proportional to

[H0,] with zero intercept.
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is consistent with the effect of oxalate concentration on the MnP oxidation of 2,6-DMP
(Figure 2.2). A plausible explanation is that the dioxalate complex of Mn(II) binds less
well to the enzyme than the monooxalate complex. At low concentrations (1, 2, and 5 mM)
of oxalate, plots of k,ps versus Mn(II) concentration are hyperbolic, requiring the
introduction of a binding constant to fit the data quantitatively (Equations 1-3). In contrast,
at higher concentrations of oxalate, the reaction does not show saturation phenomenon
(Figure 2.3). If the dioxalate complex of Mn(II) is oxidized, then Mn(III) may be released
faster since further chelation is apparently not required. However, at sufficiently high
concentrations of Mn(II), one would expect the linear plots of kypbs versus Mn(II)

concentration at 20 mM oxalate to exhibit curvature, showing the same behavior observed
at lower oxalate concentrations. Thus the data displayed in Figure 2.3 are consistent with a
smooth transition from lowest to highest chelator concentration. In contrast to the results
obtained with malonate and lactate, the reduction of compound II by Mn(II)-oxalate shows
saturation kinetics at low concentrations of oxalate (Figure 2.3). Furthermore, at either low

or high concentrations of oxalate the reduction of compound II is irreversible.

2.4.1.2 Malonate and Lactate

The value of ks for compound II reduction increases with increasing concentration
of malonate (Figure 2.4), consistent with the effect of malonate on the oxidation of
2,6-DMP (Figure 2.2). At high concentrations of malonate (10 and 20 mM) the plots of
kobs versus Mn(II) concentration are hyperbolic (Figure 2.4A). Nonlinear saturation

responses have been observed previously for the reactions of MnP compounds I and II
with Mn(II) in lactate (Wariishi ef al., 1989a), for the reductions of horseradish peroxidase
compounds I and II with p-cresol (Hewson & Dunford, 1976;
Critchlow & Dunford, 1972a) and p-aminobenzoic acid (Dunford & Cotton, 1975), and for
the reduction of LiP compound II with veratryl alcohol (Wariishi et al., 1991a). This can
be attributed to the binding interaction between the enzyme and substrate followed by
enzyme reduction (Equations 1-3). In contrast, when the reaction is conducted in low
concentrations of malonate (Figure 2.4B), plots of k., versus [Mn(I)] are linear. These
differences imply different lifetimes for the compound II- Mn(II) complex dependent upon
the concentration of malonate. Furthermore, at low concentrations of malonate the reaction
is reversible and the rate of the reverse reaction is essentially independent of malonate
concentration (1, 2, and 5 mM). These differences in the kinetic features of the reaction at
high and low chelator concentrations also are observed for compound II reduction in lactate

(Table 2.1). The reversibility of the reaction in low malonate and lactate concentrations
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may be explained as follows. At low concentrations of malonate and lactate, the Mn(III)
produced by compound IT may not be chelated effectively and thus is not stabilized. Owing
to the high redox potential of the Mn(II)/Mn(III) couple in water (1.54 eV), reoxidation of
native enzyme to compound II by Mn(IIl) may occur. The single-step, one-electron
oxidation of native horseradish peroxidase to compound II by the [IrClg]3-/[IrCl¢]2- couple,

which has a reduction potential of 0.93 V, has been reported (Hayashi & Yamazaki, 1979).

2.4.1.3 Succinate

The rate of reduction of compound II in succinate is triphasic. Three successive
exponential curves are observed when absorbance change is plotted versus time, with the
rate becoming progressively slower (Figure 2.5). As shown in Figure 2.6, the phase I
reaction exhibits saturation kinetics with excess Mn(II). In phase II, the plot of ks versus

Mn(ID) is linear with a finite intercept. In phase III of the reaction in succinate, the values
of kyps are extremely low (~2.4 X 10-1 s-1) and independent of Mn(II) concentrations in the

range from 20 to 100 pM (Figure 2.6). The reverse reaction, the oxidation of native
enzyme to compound IT by Mn(III), seems to occur with weak chelators such as succinate
(Wariishi et al., 1989a; Demmer et al., 1980) which apparently are unable to form a stable
complex with Mn(III). The lack of 2,6-DMP oxidation by MnP in succinate
(Wariishi et al., 1992) can be explained by this ineffective chelation and hence stabilization
of Mn(III) (Wariishi et al., 1988).

2.4.2 pH Dependence of Compound II Reduction and 2,6-DMP Oxidation

The pH optimum for oxidation of phenolic substrates by MnP is ~4.5
(Glenn & Gold, 1985; Paszczynski et al., 1986; Glenn et al., 1986;
Aitken & Irvine, 1990), despite a higher reactivity of Mn(IIl) complexes at lower pHs
(Glenn et al., 1986; Demmier et al., 1980), suggesting that the pH dependency is at least
partially controlled by enzyme bound ionizable groups. Compound II reduction is usually
rate-controlling. Therefore in order to elucidate the factors involved we have examined the
pH dependence of compound II reduction in the presence of malonate and oxalate.

For the reduction of compound II by Mn(II), the plots of kap, vs pH in 2 mM
oxalate and 20 mM malonate both exhibit a sharp peak at the pH optimum (Figure 2.7).
The optimum is pH 5.0 in oxalate and pH 5.4 in malonate, both of which are slightly
higher than the optimal pH for oxidation of 2,6-DMP in the same buffers (pH 4.56 and
pH 4.6 for oxalate and malonate respectively). The lower pH optimum for the oxidation of
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2,6-DMP may be a result of the low pH optimum for the reaction of Mn(IIl)-complexes
with aromatic substrates. For example, a pH optimum of 2.5 has been reported for the
oxidation of aromatic substrates by Mn(II)-lactate (Glenn et al., 1986).

Plots of the pH dependence of compound II reduction in both oxalate and malonate
display at least two inflection points. When the logarithm of k,j, is plotted against pH, a
linear region with a slope of ~1.6 is obtained in the pH range 4-5 for both oxalate and
malonate. If a single kinetically important ionization occurs, a slope of 1.0 would be
expected (Hayashi & Yamazaki, 1979); however the value of log(kapp) increases more
rapidly with increasing pH. This observation strongly suggests an additional important
ionization in the region where rate increases with increasing pH. The inflection point at
higher pH where the rate is decreasing implies a role for another acid group. Thus three
kinetically important ionizations may be involved in the pH range shown in Figure 2.7.
A non-linear least squares program was applied to the data in Figure 2.7, in which three
acid dissociation constants (two for the enzyme, Kg; and Kg,, and one for the chelator)
and three rate constants were introduced as adjustable parameters. It turned out that only
two rate constants were required, the value for the third was negligible. All parameters
except that for the chelator were essentially the same within experimental error for both

oxalate and malonate (Figure 2.7A and B) and are as follows: pKg; = 6.1 = 0.5,

pKe2 =341 0.5, k) = (4.6 £ 1.0) X 105 M-Is-1 and kp = (1.8 £0.6) x 108 M-1s-1, with
the most acid form of the enzyme being most reactive and the most basic form unreactive.
The values for the chelators are pK = 4.5 + 0.2 for oxalate and 5.6 * 0.5 for malonate;
these are the same within experimental error as the pKj; values for these chelators (4.28 for
oxalate and 5.69 for malonate). Undoubtedly ionizations of oxalate and malonate affect
their chelating ability. Specific assignment of dissociation constants to acid groups in the
enzyme active site would be premature.

2.4.3 Compound I Formation Rate and Effect of Chelators

The primary reaction product of peroxidases with HyOj is the oxidized intermediate
compound I. MnP compound I is similar to other peroxidase compounds I in its spectral
features and in the activation energy for its formation (Wariishi et al., 1988;
Dunford & Stillman, 1976; Renganathan & Gold, 1986; Wariishi et al., 1989a;
Marquez et al., 1988; Hewson & Dunford, 1975; Andrawis et al., 1988; Job et al., 1978).
We have shown that the second order rate constant for MnP compound I formation with

H;0; as the substrate is independent of pH over the range 3.1-8.3 (Wariishi et al., 1989a).
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In this study, utilizing a better enzyme preparation, we confirm that the compound 1
formation rate (kj,pp) is independent of pH (data not shown) and that kq,pp is twice as
large as that which we reported previously (Table 2.2) (Wariishi et al., 1989a).
In addition, the value of kiapp is independent of both the type and the concentration of the

organic acid chelator (Table 2.2), suggesting that both the pH and chelator dependencies of
MnP reactions (Figures 2.2 and 2.7) (Glenn & Gold, 1985; Wariishi et al., 1988;
Glenn et al., 1986) are dictated by effects on the reductions of MnP compounds I and II.

2.4.4 General Discussion

Kinetic and inhibition studies suggest that MnP has a single binding site for Mn(II)
in the vicinity of the heme (Harris et al., 1991; Wariishi et al., 1992) and that Mn(II) is the
substrate for the enzyme (Harris et al., 1991; Wariishi ef al., 1989a; Wariishi et al., 1992).
The catalytic activity of MnP is stimulated dramatically by C, and C3 dicarboxylic or

o-hydroxy acids such as oxalate, malonate and lactate (Glenn & Gold, 1985;

Wariishi et al., 1988; Glenn et al., 1986; Wariishi et al., 1992; Kuan & Tien, 1993;
Kuan ef al., 1993). These organic acid chelators (i) stabilize Mn(III) in aqueous solution
(Wariishi et al., 1988; Wariishi et al., 1989a; Glenn et al., 1986), and (ii) chelate Mn(II).
Under ligninolytic conditions, P. chrysosporium secretes several organic acid
metabolites including oxalate, malonate, citrate and glyoxylate (Wariishi et al., 1992;
Barr et al., 1992; Kuan & Tien, 1993; Dutton et al., 1992). Oxalate, a common secondary
metabolite of wood-rotting basidiomycetes (Takao, 1965), is the major organic acid
secreted by this fungus (Figure 2.1) (Wariishi et al., 1992; Barr er al., 1992;
Kuan & Tien, 1993; Dutton et al., 1992). Furthermore, oxalate is the only organic acid
secreted at the concentrations required to stimulate MnP (Kuan & Tien, 1993). Maximal
production of oxalate and MnP occur simultaneously in agitated cultures of
P. chrysosporium (Figure 2.1). Furthermore, maximal enzyme activity is observed with
2 mM oxalate, approximately the maximal oxalate concentration secreted by the fungus in
agitated culture (Figures 2.1 and 2.2). In contrast, maximal MnP activity requires 50 mM
malonate (Figure 2.2) (Wariishi et al., 1992) although the concentration of malonate
secreted by this organism in agitated cultures is approximately 20-30 puM
(Wariishi et al., 1992). High concentrations (> 20 mM) of the C, acids glyoxylate
(2-oxoacetate) and glycolate (2-hydroxy-acetate) also are required to stimulate the enzyme
maximally (data not shown). Recently, others have observed maximal MnP activity with
500 uM oxalate (Kuan & Tien, 1993) although we observe optimal activity at ~2 mM
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oxalate (Figure 2.2). This suggests that oxalate is the physiologically relevant chelator
(Barr et al., 1992; Kuan & Tien, 1993; Dutton et al., 1992). This led us in the present
study to examine the effect of several organic acid chelators and pH on various steps in the
manganese peroxidase catalytic cycle in order to better understand the unique effects of
oxalate.

While optimal activity is observed at higher concentrations (>10 mM) of malonate
and lactate, oxalate stimulates MnP optimally at low physiological concentrations (1-2 mM)
(Table 2.1). In addition, at low concentrations of malonate and lactate, the reverse reaction
(native enzyme oxidation to compound II) occurs. In contrast, this reverse reaction is not
observed at any concentration of oxalate. Since the C; acids glyoxalate and glycolate
exhibit behavior similar to malonate, our results suggest that oxalate may act in a unique
manner. [t is possible that the binding of C; chelators is sterically hindered. Furthermore,
the C, chelators glyoxalate and glycolate are less effective chelators than oxalate. Thus
only oxalate is able to facilitate effectively the chelation and stabilization of Mn(III),
resulting in optimal activity at relatively low oxalate concentrations. At high oxalate
concentrations, a higher degree of Mn(Il) complexation occurs (Demmer et al., 1980;
Taube, 1948), suggesting that dichelated Mn(II) is not a good substrate. At the
physiological concentration of oxalate, Mn(III) forms a dioxalate complex, whereas Mn(II)
is mono-chelated (Demmer ef al., 1980; Taube, 1948).

A mono-oxalate complex of Mn(II) (Kuan et al., 1993), rather than aquo- Mn(II) as
previously suggested (Wariishi et al., 1992), reacts with oxidized forms of MnP.
However, our data suggest that Mn(IIl) is released from the enzyme in its dichelated form.
Thus further chelation apparently occurs after oxidation of Mn(II) to Mn(III). Our results
on compound I formation rates indicate that chelators do not bind directly to the iron(III) of
the native enzyme. This does not preclude a binding site close to the heme. Inhibition of
Mn(III) reactions with other oxidizable molecules by higher concentrations of oxalate is
probably caused by a higher degree of chelation of Mn(II) making it less reactive.

With our present state of knowledge a satisfactory mechanism for compound II

reduction by Mn(Il) in the presence of oxalate is shown in Equations 6 and 7:

slow
Compound IT + Mn(II) (mono-chelated) — Native MnP + Mn(III) (mono-chelated) (6)

fast
Mn(II) (mono-chelated) + Chelator — Mn(III) (di-chelated) @)



CHAPTER 3

HOMOLOGOUS EXPRESSION OF RECOMBINANT MANGANESE
PEROXIDASE IN PHANEROCHAETE CHRYSOSPORIUM

3.1 INTRODUCTION

The white-rot basidiomycete Phanerochaete chrysosporium has been the focus of
numerous studies on the degradation of lignin (Buswell & Odier, 1987; Gold et al., 1989;
Kirk & Farrell, 1987) and aromatic pollutants (Bumpus & Aust, 1987; Hammel, 1989;
Joshi & Gold, 1993). Two families of extracellular peroxidases, manganese peroxidase
(MnP) and lignin peroxidase (LiP), along with an extracellular HyO,-generating system,
are thought to be the major components of this organism’s extracellular lignin-degrading
system (Gold & Alic, 1993; Gold et al., 1989; Kirk & Farrell, 1987). Significantly, both
LiP and MnP depolymerize synthetic lignins in vitro (Hammel et al., 1993; Wariishi et al.,
1991b). Furthermore, MnP has been detected in cultures of essentially all white-rot fungi
which efficiently degrade lignin (Hatakka, 1987; Orth et al., 1993; Périé¢ & Gold, 1991).
MnP has been purified and extensively characterized (Glenn & Gold, 1985; Gold & Alic,
1993; Gold et al., 1989; Kishi et al., 1994; Kuan & Tien, 1993; Paszczynski et al., 1986;
Wariishi et al., 1988). The enzyme oxidizes Mn(II) to Mn(III). The latter, complexed with
an organic acid chelator such as oxalate, secreted by P. chrysosporium, oxidizes the
substrates either directly, as in the case of lignin and phenolic lignin model compounds
(Tour et al., 1992; Wariishi et al., 1991b), or possibly through the mediation of organic
radicals (Moen & Hammel, 1994; Wariishi et al., 1989b). MnP occurs as a series of
isozymes encoded by a family of genes and the sequences of cDNA and genomic clones
encoding two MnP isozymes have been determined (Godfrey et al., 1990; Gold & Alic,
1993; Mayfield er al., 1994a). These studies, as well as spectroscopic and kinetic studies
(Banci et al., 1993; Kishi et al., 1994; Mino et al., 1988), indicate that the heme
environment of MnP is similar to that of other plant and fungal peroxidases
(Dunford & Stillman, 1976). The crystal structure of LiP has been reported (Piontek et al.,
1993; Poulos et al., 1993) and studies on the crystal structure of MnP are in progress

80
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(Sundaramoorthy et al., 1994a).

Efficient expression systems for recombinant MnP (rMnP) and LiP are required for
structure/function studies with these enzymes. To our knowledge, the successful
expression of MnP or LiP in heterologous prokaryotic or eukaryotic microbial systems has
not been achieved. Although the heterologous expression of these proteins has been
achieved in the baculovirus system (Johnson & Li, 1991; Pease et al., 1991), the latter has
several disadvantages including a relatively high cost as compared to microbial systems, a
relatively low yield of recombinant protein, and an apparent requirement for exogenous
heme for optimal expression. In P. chrysosporium, the various isozymes of MnP and LiP
are expressed only during the secondary metabolic (idiophasic) stage of growth, which is
triggered by depletion of nutrient nitrogen (Gold & Alic, 1993; Kirk & Farrell, 1987).
Previously we demonstrated that mnp gene transcription is regulated by both nutrient
nitrogen and Mn ion levels (Brown et al., 1991; Gold & Alic, 1993; Pribnow et al., 1989).
In this report we describe the first homologous expression system for MnP, wherein the
coding region of the mnpl gene was placed under the control of the P. chrysosporium
glyceraldehyde-3-phosphate dehydrogenase (gpd) primary metabolic promoter.

3.2 MATERIAL AND METHODS

3.2.1 Organisms
P. chrysosporium wild-type strain OGC101, auxotrophic strain OGC107-1 (Adel)

and prototrophic transformants were maintained as described previously (Alic et al., 1990).

Escherichia coli XL1-Blue and DH50F” were used for subcloning plasmids.

3.2.2 Cloning and Sequencing the P. chrysosporium gpd Gene
Plaque lifts from a P. chrysosporium AEMBL3 genomic library (Godfrey et al.,

1990) were probed with a 1.8 kb Scal fragment from the Aspergillus nidulans gpdA gene
in the plasmid pANS5-22 (Punt et al., 1988). Heterologous hybridizations were carried out
at 28°C with washing at 34°C as previously described (Alic et al., 1991). Fourteen positive
clones were analyzed by Southern blotting of restriction digests to select a clone which
appeared to include the entire P. chrysosporium gpd gene. A 5.8-kb Pstl fragment
identified by further Southern analysis was subcloned into Bluescriptll SK+ (Stratagene).
Using exonuclease III to generate overlapping deletion subclones (Henikoff, 1987), 3.2 kb
of the clone was sequenced by the dideoxy method (Sanger et al., 1977) using a Sequenase
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2.0 kit (U.S. Biochemicals) and [0-35S]-dATP (NEN-Dupont). A 1.8-kb Stul fragment

containing 1.06 kb of the gpd promotor region was subcloned into the Smal site of
BluescriptIl SK+.

3.2.3 Construction of pAGM1

A 1.06-kb Xbal-Nspl fragment containing the gpd promoter, including the ATG
translation initiation codon at the 3" end, was used in a three-way ligation with a NspI-Nofl
35-bp synthetic linker (Oligos Etc. Inc.) with 5” and 3" overhangs on the noncoding strand,
and BluescriptIl SK+ digested with Xbal and NotI. The 35-bp linker was identical to
nucleotides 4 through 38 of the mnp! coding region (Figure 3.1A). The Xbal-Notl insert
fragment, containing the gpd promoter and linker, and a 3.6-kb NofI-EcoRI fragment of
the mnpl genomic clone (Godfrey et al., 1990), including the entire mnpl coding region
from nt 39, were used in a second three-way ligation with the pOGI18 shuttle vector
containing the Schizophyllum commune ade5 gene as a selectable marker (Godfrey et al.,
1994) to give pAGM1 (Figure 3.1B).

3.2.4 P. chrysosporium Transformations

Protoplasts of the P. chrysosporium Adel strain were transformed with 2 g of
EcoRI-linearized pOGI18 or pAGMI1 as described previously (Alic et al., 1990, 1991).
Prototrophic transformants were picked to minimal medium and purified by isolating single
basidiospores as previously described (Alic et al., 1987, 1990, 1991).

3.2.5 Screening for Expression of rMnP1

pAGM1 transformants were inoculated to petri dishes containing 10 ml of high
carbon, high nitrogen (HCHN) medium (standard basal media) (Kirk et al., 1978),
supplemented with 0.2% tryptone, 2% glucose, 24 mM ammonium tartrate, 20 mM
sodium 2,2-dimethysuccinate (DMS) buffer (pH 4.8), 1.7% agar, and the peroxidase
substrate o-anisidine (2 mM). Plates were incubated at 37°C for 48 hours, after which they
were flooded at RT with a 1-ml solution of 2 mM MnSQ, and 0.5 units of glucose oxidase

in 100 mM Na-malonate buffer, pH 4.5.

3.2.6 Production of rMnP1
pAGM1 transformants were grown from a conidial inoculum at 38°C in 20-ml

stationary cultures in 250-ml Erlenmeyer flasks for 2 days. The medium used was as
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gpd S' UTR olige mnp

> > —p
CTRCTTGARCATG GCCTTCAAGTCCCTCATCGCETTCGTCGCCCTLGE GGCCGCTGTTLGTS
GATGAARCTT GTACCGGARGTTCAGGGAGTAGCGGARGCAGCGGGAGLGLLGE CGACARGCAC

(B)

(Kpnl/Aatll)

PAGM1
11.19 kb

(Aatll/BamHiI) Sacl

EcoRlI

Figure 3.1. Construction of MnP1 expression vector. (A) Junction of the gpd promoter-
mnpl coding region gpd 5°. UTR, 5 untranslated region of the gpd gene. Oligo is the
synthetic oligonucleotide linker, spanning nt positions 4-38 of the mnpl coding region.
(B) Restriction map of pAGM 1 containing the ade5 gene and the gpd promoter fused to the
mnpl coding region as indicated. Restriction sites in parentheses are absent from pAGM1.
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described elsewhere (Kirk et al., 1978), but supplemented with 2% glucose, 12 mM
ammonium tartrate and 20 mM DMS, pH 4.5. The mycelial mat from one flask was
homogenized for 20 sec in a blender and used to inoculate a 2-liter Erlenmeyer flask
containing 1 liter of the above medium, except in the large cultures the pH was adjusted to
pH 6.5 and Na-succinate was used instead of DMS. Cultures were grown at 38°C on a
rotary shaker (200 rpm) for 60 hours.

3.2.7 Purification of rMnP1

The filtrate from 6 1-liter cultures was concentrated to ~200 ml and dialyzed against
20 mM Na-acetate (pH 6.0) at 4°C using a hollow fiber filter system (Amicon, 10,000 MW
cutoff).

3.2.7.1 DEAE Sepharose chromatography
The concentrate was applied to a DEAE Sepharose CL-6B column (2.5 x 20 cm)

equilibrated with 30 mM Na-acetate buffer (pH 6.0). The protein was eluted at 4°C with a
linear gradient (400 ml total volume) of decreasing pH from 6.0 to 4.0 in 30 mM
Na-succinate. The fractions containing MnP activity were concentrated by membrane

ultrafiltration.

3.2.7.2 Blue Agarose chromatography
The DEAE Sepharose fraction was applied to a Cibacron Blue 3GA Agarose

column (1.0 X 25 cm) equilibrated with 10 mM Na-succinate buffer (pH 4.5) at 4°C. MnP

was eluted at 4°C with a linear NaCl-gradient (0 to 0.5 M). Fractions containing MnP

activity were concentrated and desalted by membrane ultrafiltration.

- 3.2.7.3 Mono Q chromatography

The Blue Agarose fraction was applied to a Mono Q HR 5/5 column (Pharmacia)
equilibrated with 10 mM Na-acetate (pH 6.0) in an FPLC system. The protein was eluted
at RT with a linear two-phase gradient of increasing concentrations of Na-acetate (pH 6.0),
0.01-0.1 M followed by 0.1-0.3 M. Active MnP fractions were pooled and desalted with a
Centricon microconcentrator.
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3.2.8 SDS-Polyacrylamide Gel Electrophoresis

SDS-polyacrylamide gel electrophoresis was carried out in a 12% Tris/glycine gel
system (Laemmli, 1970) in a MiniProtean II apparatus (Bio-Rad), followed by staining
with Coomassie blue (Hames & Rickwood, 1981).

3.2.9 Spectroscopic Procedures and Enzyme Assays

Enzyme absorption spectra were recorded on a Shimadzu UV-260
spectrophotometer at room temperature using a 1-cm light path cuvette. MnP activity was
determined by following the formation of Mn(IlI)-malonate at 270 nm as described
(Glenn & Gold, 1985; Wariishi et al., 1992). Reaction mixtures (1 ml) contained MnP
(0.5 pg/ml), MnSO4 (0.025-0.5 mM), and H,0; (0.02-0.1 mM) in 50 mM Na-malonate,
pH 4.5. Oxidation of 2,6-dimethoxyphenol (2,6-DMP) by MnP was followed by

measuring quinone dimer formation at 469 nm as described (Wariishi et al., 1992).

3.2.10 Chemicals

Glucose oxidase, DEAE Sepharose CL-6B, and Cibacron Blue 3GA Agarose were
obtained from Sigma. Molecular biology reagents were from New England Biolabs and
U.S. Biochemical. o-Anisidine (2-methoxyaniline), H,O; and 2,6-DMP were obtained
from Aldrich. The concentration of the H,O, stock solution was determined as described

(Cotton & Dunford, 1973). 2,6-DMP was purified by recrystallization before use. All

other chemicals were reagent grade.
3.3 RESULTS

3.3.1 Expression of rMnP1

The 82 Ade+ transformants obtained with pAGM1 were screened on plates by the
o-anisidine assay. Although the level of expression among individual transformants varied
considerably, all but one of the pAGM 1 transformants were positive for MnP activity under
primary metabolic conditions, whereas the Adel auxotroph and three different Ade+
transformants obtained with pOGI18 were negative under these conditions. Three of the
pAGMI1 transformants expressing the highest levels of tMnP in this initial screening were
purified by isolation of single basidiospores (Alic et al., 1987) and analyzed further in
liquid culture.

Time courses for the appearance of MnP activity in nitrogen-sufficient stationary
cultures of purified pAGMI1 transformants, the wild-type strain OGC101, the Adel
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auxotroph, and Ade+ pOGI18 transformants are shown in Figure 3.2. Extracellular MnP
activity was detected only in the strains transformed with pAGM1. MnP activity reached a
maximum after 60 hours and decreased thereafter. No new activity peak appeared on days
5 or 6 in any of the cultures. This is the period during which endogenous MnP is
expressed in low-nitrogen cultures (Brown et al., 1991; Godfrey et al.,1994). These
observations indicated that the activity observed in the transformants was due to rMnP.
Furthermore, when transformant 15 (T15) was grown in HCHN medium in the absence of
exogenous Mn, extracellular MnP activity levels were similar to those found in cultures
containing Mn (data not shown). The maximum MnP activity for Mn(II) oxidation
obtained from T15 cultures was ~2 pmole-ml-1-min-1. Although this is approximately 30%
of the MnP activity expressed under nitrogen-limited conditions by the wild-type strain
OGC101, it is approximately 2-fold higher than the MnP activity expressed in nitrogen-
limited cultures of either the Adel auxotroph or pOGI18 transformants (data not shown).
Total intracellular MnP activity in T15 was ~0.04% of the extracellular activity.

The influences of several culture parameters on the expression of rtMnP were
examined. The effect of pH on rMnP expression was examined in high-nitrogen,
stationary cultures using DMS as the buffer. As shown in Figure 3.3, an initial culture
medium pH of 6.5 resulted in a two-fold increase in maximum MnP activity as compared
with an initial pH of 4.5. Increasing the pH beyond 6.5 likewise resulted in a decrease in
the amount of rMnP expressed. Maximum rMnP activity observed with either phosphate
or acetate buffers was approximately two-thirds of that observed in DMS buffer.
Furthermore, rtMnP protein was efficiently expressed without the addition of exogenous
hemin to the culture medium. Addition of Tween 80 (0.1% v/v) in shaking cultures also
increased extracellular MnP activity approximately 1.5-fold, whereas varying the
concentration of nutrients such as glucose (0.1-2%) or nitrogen had no apparent effect on
rMnP production (data not shown).

3.3.2 Purification of rMnP1

rMnP1 was purified by successive column chromatography on DEAE Sepharose,
Cibachron Blue Agarose and Mono Q. One major peak of rMnP activity eluted from both
the DEAE Sepharose (Figure 3.4A) and the Blue Agarose columns. The RZ value
(A406/A280) of the pooled Blue Agarose fractions was ~4.0. For further purification, the
Blue Agarose fraction was applied to a Mono Q column. A typical elution profile for
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Figure 3.2. MnP activity in the extracellular medium of primary metabolic cultures of P.
chrysosporium. T9, T15 and T25 are pAGM1 transformants. Adel is the host strain;
AdeT is a pOGI18 transformant; wt is wild-type strain OGC101. Stationary cultures were
grown under high-carbon, high-nitrogen conditions and MnP activity was measured as

described in the text.
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Figure 3.3. The effect of culture pH on extracellular MnP activity from pAGM1
transformant 15. Cultures were grown as described in the text with 20 mM DMS, pH 4.5
(0), 5.5 (3), 6.5 (A) or 7.5 (@). MnP activity was measured as described in the text.

Inset: extracellular MnP activity on day 2 from cultures buffered with DMS at the indicated
pHs.
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Figure 3.4. Ion exchange chromatography of rMnP1. (A) Chromatography on a DEAE
Sepharose column (2.5 X 20 cm). The column was eluted with 30 mm Na-succinate using
a decreasing pH gradient from pH 6.0 to 4.0 as shown. Absorbance at 280 nm (O) and
MnP activity (@) were measured as described in the text. (B) Chromatography on a Mono

Q column. The column was eluted with a gradient of increasing Na-acetate concentration
as described in the text.
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rMnP on the Mono Q column is shown in Figure 3.4B. Several peaks were detected at 405
nm, including a major peak with the same retention time as that of wtMnP. The MnP
activity profile correlated with the A405 profile (data not shown). The RZ value, as well as
the SDS-PAGE, suggested that the purity of the recombinant protein was ~95%. This
compares to a value of 6.0 for the homogenous wild-type enzyme (Glenn & Gold, 198S;
Wariishi et al., 1988). The major Mono Q peak was pooled, concentrated and subjected to
SDS-PAGE (Figure 3.5). One intense band, similar to the wild-type enzyme, with an M;
of ~46,000 was observed. The specific activity of the purified rMnP1 for the oxidation of
Mn(II) was 341.3 umole/min/mg (Table 3.1). The specific activity of the enzyme in crude
extracellular filtratres was 16.1 pmole/min/mg. Total purification was 21.2-fold.

The absorption spectrum of purified rtMnP1, shown in Figure 3.6, had a Soret
maximum at 406 nm and visible bands at 502 and 632 nm. The shapes and intensities of
these spectral bands were identical to that of wtMnP1 (Figure 3.6) (Glenn & Gold, 198S;
Wariishi et al., 1988), suggesting that rMnP1 and the wild-type enzyme have similar heme
environments. Like the wild-type enzyme, rtMnP oxidized Mn(II) to Mn(1II) and the
oxidation of 2,6-DMP by rMnP was strictly dependent on both Mn(II) and H;O,
(Table 3.1). Furthermore, the specific activity of purified rMnP was similar to that of
wtMnP1 with either Mn(II) or 2,6-DMP as substrate (Table 3.1).

Under steady-state conditions, linear Lineweaver-Burk plots were obtained for 1/v

versus 1/Mn(IT) and for 1/v versus 1/H,O; over a range of substrate concentrations (data

not shown). Most importantly, calculated Ky,, Vi, and k¢at (Vi/[E]) values for the
substrates Mn(II) and H,O, were similar for wtMnP1 and rMnP1 (Table 3.2).

3.4 DISCUSSION

MnP is a component of the lignin degradation system of most, if not all, white-rot
fungi (Hatakka, 1994; Orth et al., 1993; Périé & Gold, 1991), including
P. chrysosporium, in which it is expressed during idiophasic growth (Glenn & Gold,
1985; Godfrey et al., 1994; Gold et al., 1989; Pribnow et al., 1989). MnP is an unique
peroxidase in that its primary substrate is Mn(II) which is oxidized to Mn(III) and MnP
activity is stimulated by various organic acid chelators, especially oxalate, which is secreted
by P. chrysosporium. A variety of spectroscopic and kinetic studies have been carried out
on MnP (Banci et al., 1993; Glenn & Gold, 1985; Kishi et al., 1994; Kuan & Tien, 1993;
Mino et al., 1988; Wariishi et al., 1988, 1992). However, there are many questions about
this unique enzyme which could be addressed by the use of site-directed mutagenesis
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Figure 3.5. SDS-PAGE of wtMnP1 (lane 1) and rMnP (lane 2). 5 ug of each protein
were loaded on a 12% Tris/glycine polyacrylamide gel system (Laemmli, 1970). The gel
was stained with Coomassie brilliant blue. Migration of the molecular weight standards:
bovine serum albumin, 66.3 kDa; glutamate dehydrogenase, 55.4 kDa; lactate
dehydrogenase, 36.5 kDa; carbonic anhydrase, 31 kDa; trypsin inhibitor, 21.5 kDa;
lysozyme, 14.4 kDa is indicated.
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Table 3.1. Reactions of rtMnP1 and wtMnP1a

Specific activity (Wmole-min-1-mg-1)

Substrate
2,6-DMP
Mn(II)
+ Mn(II), H,O, - MndII) - H,0,
r™MnP1 341.3 158.3 Nb N
wtMnP1 332.2 161.1 N N

aMnP activity was determined in 50 mM sodium malonate, pH 4.5, as described in the text.
Mn(IIT)-malonate formation was followed at 270 nm as described in the text and previously
(Glenn & Gold, 1985; Wariishi et al., 1992). 2,6-DMP oxidation was followed at 469 nm
for the formation of quinone dimer (Wariishi et al., 1992).

bNegligible. '
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Figure 3.6. Comparison of the electronic absorbance spectra of rMnP1 (solid line) and
wtMnP1 (dashed line). Spectra of protein (2 M) were recorded in 20 mM Na-succinate,
pH 4.5, as described in the text.
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Table 3.2. Steady-state kinetic parameters for rMnP1 and wtMnP1a

Km Vm kcat
Substrate
(uM) (umole-mg-1-min-1) (s-1)
Mn(ID) 69.4 390.6 300.7
Pl

™n H,0, 39.2 465.1 358.1
Mn(ID) 732 377.4 289.3
wtMnP1 H,0, 417 454.4 348.4

aReactions were carried out in 50 mM Na-malonate, pH 4.5. Apparent K, Vi, and k¢y
for Mn(II) were determined using 0.1 mM H,0O,. Apparent Ky, Vi, and k¢, for H,0,
were determined using 0.5 mM Mn(II).
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coupled with kinetic and structural studies. These questions include the nature of the Mn
binding site (Johnson et al., 1993; Wariishi et al., 1992) and the heme access channel for
Mn and H,O,. While the crystal structure of LiP has been published (Piontek et al., 1993;
Poulos et al., 1993) and that of MnP1 is currently under investigation
(Sundaramoorthy et al., 1994a), the heterologous expression of LiP and MnP has not been
achieved in a microbial host. Although these enzymes have been expressed in the
baculovirus system (Johnson & Li, 1991; Pease et al., 1991), this system is not well suited
for the cost-effective production of the large quantities of enzyme needed for structural
analysis. Previously, we developed a DNA transformation system for P. chrysosporium,
based upon the complementation of auxotrophic mutants by heterologous or homologous
biosynthetic genes (Alic et al., 1990, 1991). We recently utilized this system to study the
expression of a reporter gene under the control of the mnp gene promoter (Godfrey et al.,
1994). Herein, we report the homologous expression of mnpl under the control of the gpd
promoter. This system allows production of rMnP under primary metabolic conditions
when the endogenous mnp genes are not expressed, facilitating purification of the

recombinant protein.
The P. chrysosporium gpd gene was cloned from a AEMBL3 library of wild-type

strain OGC101. The nucleotide sequence of this gene, which will be published elsewhere,
is similar to the recently published gpd sequence from wild-type strain ME-446
(Harmsen ef al., 1992). The gpdA promoter from A. nidulans has been used for the high
level constitutive expression of intracellular and extracellular homologous and heterologous
proteins in that organism (Punt er al., 1991). Here we demonstrate that the
P. chrysosporium gpd promoter region can direct transcription of the mnpl coding region
under conditions of sufficient carbon and nitrogen when the endogenous mnp genes are not
expressed.

Almost all of the Ade+ transformants obtained with pAGM1 produced MnP under
carbon- and nitrogen-sufficient conditions, as measured by ¢-anisidine screening and
enzyme assays. None of the pOGI18 transformants, nor the wild-type or Adel
auxotrophic strains produced MnP under these conditions (Figure 3.2). This indicates that
the pAGMI1 transformants are expressing MnP1 under control of the constitutive gpd
promoter. Maximum MnP activity is obtained from pH 6.5 cultures (Figure 3.3) whereas
endogenous MnP activity is maximal from pH 4.5 cultures. Furthermore, we have shown
that expression of endogenous MnP protein in P. chrysosporium requires the presence of
Mn ion (Brown et al., 1991; Godfrey et al., 1994; Gold & Alic, 1993) and mnpl promoter



96

reporter studies have shown that the Mn requirement resides in the mnp! promoter region
(Godfrey et al., 1994). However, the pAGM1 transformants produce MnP in the absence
of Mn (data not shown). Finally, using pAGM1, we have recently constructed mutant mnp
genes by site-directed mutagenesis. When P. chrysosporium is transformed with plasmids
containing the mutant genes, only mutant proteins are expressed. No wild-type proteins
are observed (Kusters-van Someren et al., 1995). All of these results indicate that rMnP1
in the pAGM1 transformants is being produced under the control of the constitutive gpd
promoter. The results indicate that any additional requirements for production of active
MnP, including insertion of the heme and protein secretion, must be available during
primary as well as secondary metabolism and that cis-acting factors restricting transcription
of endogenous mnp genes to secondary metabolism reside in the mnp promoter regions.
Although most Ade+ transformants obtained with pAGM1 gave some degree of
positive reaction in the o-anisidine screening, indicating expression of rMnP, individual
transformants varied considerably. Our previous results have indicated that integration of
transforming DNA in P. chrysosporium is predominately ectopic with single or multiple
plasmid copies integrating at various chromosomal locations (Alic et al., 1990,1991;
Gold & Alic, 1993). The results presented here suggest that although the position of
pAGMI1 integration may affect the level of rMnP expression, there may not be specific
chromosomal sites that determine expression during primary or secondary metabolism.
rMnP was readily purified to near-homogeneity using a combination of anion-
exchange and Blue Agarose column chromatographies (Figure 3.4A). FPLC with a Mono
Q column separated several protein peaks (Figure 3.4B). These multiple peaks may have
arisen from alternate post-transcriptional modification, such as glycosylation. The major
Mono Q column protein peak was examined further. SDS-PAGE analysis suggests that
rMnP1 has an M; of 46,000 which is nearly identical to wtMnP1 (Figure 3.5). The wild

type and tMnP also exhibit identical UV-vis spectral features (Figure 3.6), suggesting that
the environment and orientation of the heme in both enzymes are similar. Significantly,
heme insertion appears to be normal and exogenous heme is not required for expression of
this recombinant heme protein. This contrasts with the baculovirus system where
exogenous heme is apparently required for MnP expression (Pease et al., 1991). The
addition of exogenous heme can lead to the adventitious binding of extra heme to protein
(unpublished observations). As with wtMnP1, the rMnP1 is able to oxidize Mn(Il) to
Mn(III) and the 2,6-DMP oxidation activity of rMnP is dependent on both Mn(II) and
H,0, (Table 3.1). Furthermore, tMnP exhibits K;;,, Vi, and k., values for Mn(II) and
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H,0; that are very similar to those for wtMnP1 (Table 3.2), suggesting that the substrate
binding and catalytic efficiency of rMnP has not been altered.

The level of tMnP1 produced in either stationary or agitated cultures is about 30%
of the total MnP produced by multiple mnp genes in the heterokaryotic wild-type strain
OGC101 (a derivative of BKM-F-1767) under ligninolytic conditions and about twice that
produced by the Adel parental homokaryon. This suggests that the P. chrysosporium gpd
promoter is more efficient than the combined activity of the multiple mnp promoters present
in the Adel strain. Alternatively, the higher yield of rMnP may reflect increased metabolic
activity during primary as compared with idiophasic metabolism. Most importantly, this
expression system enables the efficient purification of a single rMnP isozyme.

To our knowledge, this constitutes the first report of efficient protein expression in
P. chrysosporium. Whereas we previously demonstrated the ability of a secondary
metabolic promoter (mnpl) to direct expression of a primary metabolic gene (ural)
(Godfrey et al., 1994), here we demonstrate the expression of a secondary metabolic gene
under the control of a primary metabolic promoter. The expression system described here
will enable us to generate site-directed MnP mutants for structure/function studies. Similar

studies on the homologous expression of recombinant LiP are planned.




CHAPTER 4

THE MANGANESE BINDING SITE OF MANGANESE PEROXIDASE:
CHARACTERIZATION OF AN ASP179ASN SITE-DIRECTED MUTANT
PROTEIN

4.1 INTRODUCTION

Phanerochaete chrysosporium and other white-rot fungi are capable of degrading
the plant cell wall polymer, lignin (Gold er al., 1989; Kirk & Farrell, 1987;
Buswell & Odier, 1987), and a variety of environmentally persistent aromatic pollutants
(Bumpus & Aust, 1987; Hammel, 1989; Valli & Gold, 1991; Valli er al., 1992b;
Joshi & Gold, 1993). When cultured under ligninolytic conditions, P. chrysosporium
secretes two families of extracellular peroxidases, lignin peroxidase (LiP) and manganese
peroxidase (MnP), which, along with an H,O,-generating system, comprise the major
components of its extracellular lignin-degrading system (Kirk & Farrell, 1987,
Buswell & Odier, 1987; Gold & Alic, 1993; Wariishi et al., 1991b; Kuwahara et al., 1984,
Hammel et al., 1993). Both LiP and MnP depolymerize lignin in vitro (Wartishi et al.,
1991b; Hammel et al., 1993). Moreover, MnP activity is produced by all white-rot fungi
known to degrade lignin (Hatakka, 1994; Perie & Gold, 1991; Orth et al., 1993).

MnP has been purified and characterized both biochemically and kinetically
(Gold et al., 1989; Gold & Alic, 1993; Glenn & Gold, 1985; Glenn et al., 1986; Wariishi
et al., 1989a; 1992). In addition, the sequences of mnp cDNA (Gold & Alic, 1993;
Pribnow et al., 1989; Pease et al., 1989) and genomic clones (mnpl and mnp2)
(Gold & Alic, 1993; Godfrey et al., 1990; Mayfield et al., 1994a) encoding two
P. chrysosporium MnP isozymes have been determined. Spectroscopic studies and DNA
sequences suggest that the heme environment of MnP is similar to that of other plant and
fungal peroxidases (Glenn et al., 1986; Pribnow et al., 1989; Harris et al., 1991;
Banci et al., 1992; Dunford & Stillman, 1976; Mino et al., 1988; Wariishi er al., 1988).
Kinetic and spectral characterization of the oxidized intermediates—MnP compounds I, 11,

and III—indicate that the catalytic cycle of MnP is similar to that of horseradish peroxidase
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and LiP (Gold et al., 1989; Glenn et al., 1986; Wariishi et al., 1988, 1992;
Renganathan & Gold, 1986). The crystal structure of LiP has been reportéd
(Edwards et al., 1993; Poulos et al., 1993; Piontek et al., 1993), and the structure of MnP
recently has been solved (Sundaramoorthy et al., 1994a,b). These structures confirm that
the heme environment of MnP and LiP are similar to that of cytochrome ¢ peroxidase and
other plant and fungal peroxidases (Poulos et al., 1993; Sundaramoorthy et al., 1994b).
MnP is unique in its ability to catalyze the one-electron oxidation of Mn(II) to Mn(III)
(Glenn & Gold, 1985; Glenn et al., 1986; Wariishi et al., 1992) as shown in Scheme 4.1.

Scheme 4.1
MnP + H,0, — MnPI + HyO' )
MnPT + Mn(IT) — MnPII + Mn(IIT) @)
MnPII + Mn(IT) — MnP + Mn(TIT) + H,0 3)

The enzyme-generated Mn(IIl) is stabilized by organic acid chelators such as oxalate which
also is secreted by the fungus (Wariishi et al., 1992; Kuan et al., 1993). The
Mn(III)-organic acid complex, in turn, oxidizes phenolic substrates such as lignin
substructure model compounds (Tuor et al., 1992), synthetic lignin (Wariishi et al.,
1991b), and aromatic pollutants (Valli & Gold, 1991; Valli et al., 1992b; Joshi & Gold,
1993).

To study structure/function relationships in MnP via site-directed mutagenesis, an
expression system is required for the efficient production and purification of large
quantities of enzyme. We recently developed a homologous expression system for MnP
isozyme 1 (MnP1) (Mayfield et al., 1994b). In this system, the P. chrysosporium
glyceraldehyde-3-phosphate-dehydrogenase (gpd) promoter is used to drive expression of
the mnp gene during the primary metabolic growth phase when endogenous MnP is not
expressed. This expression system produces recombinant MnP1 (rMnP1) in amounts
which are comparable to the endogenous MnP1 produced by the wild-type strain
(Mayfield et al., 1994b). Furthermore, biochemical characterization suggests that the
rMnP1 is very similar to the wild-type enzyme (Mayfield et al., 1994b). In this study,
Aspl179, one of the potential ligands for manganese binding in MnP
(Sundaramoorthy et al., 1994b; Johnson et al., 1993), was converted to Asnl79 using
overlap extension PCR. Kinetic and spectroscopic properties of the purified D179N
mutant protein were investigated.
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4.2 MATERIALS AND METHODS

4.2.1 Organisms
P. chrysosporium wild-type strain OGC101, auxotrophic strain OGC107-1
(Ade 1), and prototrophic transformants were maintained as described previously

(Alic et al., 1990). Escherichia coli XL.1-Blue and DH5aF” were used for subcloning

plasmids.

4.2.2 Oligodeoxyribonucleotides

Four oligonucleotides were used for site-directed mutagenesis of Asp179 of mnp!
(Pribnow et al., 1989; Godfrey et al., 1990). Oligonucleotide Blyom is @ 17-mer
corresponding to mnpl positions 554-570 (Godfrey et al., 1990). Oligonucleotide D1..y
is complementary to the mnpl sequence over nucleotide positions 1156-1140.
Oligonucleotides N179,6rm and N179,., are 28-mers and are partly overlapping: N179,0m
spans nucleotides 841-868 and N179.., is complementary to nucleotides 858—830.
Oligonucleotides were synthesized at the Center for Gene Research and Biotechnology,
Oregon State University, Corvallis, OR. N179,,ry and N179, contain the preferred
(Ritch & Gold, 1992) codon and anticodon, respectively, for Asn, AAC replacing GAC,
which encodes Asp179.

4.2.3 Site-Directed Mutagenesis by PCR

A 554 bp Bpul1102I-Dralll fragment containing the D179N mutation was generated
by overlap extension (Ho et al., 1989) using the polymerase chain reaction (PCR).
Amplification of the first two fragments (Figure 4.1) was achieved using 30 ng pGM1 (the
gpd—mnp construct subcloned in pUC18 (Mayfield et al., 1994b)) as target DNA, 400 uM
of each dNTP, 1 U Deep Vent polymerase (New England Biolabs), and 1 uM of either
oligonucleotides B 1, and N179, or N179,orm and D1y in a total volume of 50 pl.
Samples were overlaid with mineral oil, heated for 2 min at 94 °C, and subjected to 25
cycles of denaturation (1 min at 94 °C), annealing (0.5 min at 55 °C), and extension (1 min
at 72 °C), followed by a final incubation for 5 min at 72 °C in a thermocycler (Ericomp).
The reaction products of both reactions were analyzed by electrophoresis on a 1% agarose
gel; fragments were visualized by ethidium bromide under UV-light and those of the correct
size were excised. The DNA was purified by GeneClean (BIO101). These two fragments
which partially overlap were combined and used as template DNA in a third reaction with
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Figure 4.1. Site-directed mutagenesis strategy. In the map of the construct, the thin solid
line indicates the gpd promoter fragment, the thick solid line indicates the mnp coding
region, and the dashed line represents the non-coding 3 region of the mnpl gene. XB,
Xbal; ATG, translation start codon; B, Bpu11021; D, Dralll; E, EcoRl. I: PCR using
oligonucleotides Byorm and N179..y; 2: PCR using oligonucleotides N179 pory and Dey; 3:
PCR by overlap extension with oligonucleotides Bporm and Dyey; 4: Digestion with
Bpu11021 and Dralll.
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oligonucleotides Bl,om and D1, under the conditions described above, but without
pGM1 DNA (Figure 4.1). The final PCR product was analyzed by agarose gel
electrophoresis, excised, purified by GeneClean, and digested with Bpu1102I and Dralll
(New England Biolabs).

4.2.4 Construction of pAGM4

The Bpu1102I-Dralll fragment containing the D179N mutation was first subcloned
into pGM1, containing unique Bpu1102I and Dralll sites, replacing the wild-type mnpl
fragment with the mutant fragment, to generate pGM4. The entire Bpu1102I-Dralll
fragment was analyzed by double-stranded DNA sequencing using the four
oligonucleotides described above, and a Sequenase Version 2.0 DNA sequencing kit
(USB) with a 7-deaza-dGTP labeling mix and termination mixes (USB). Subsequently,
the 4.0-kb Xbal-EcoRI fragment of pGM4 containing the gpd promoter and the mutated
mnpl gene was subcloned into pOGI18 (Godfrey et al., 1994), generating pAGM4. The
presence of the D179N mutation in pAGM4 was confirmed by double-stranded DNA

sequencing of the appropriate sequence, using oligonucleotide B1,rm as a primer.

4.2.5 Transformation of Phanerochaete chrysosporium

P. chrysosporium strain Adel (Gold et al., 1982; Alic et al., 1987) was
transformed as described previously (Alic et al., 1990), using 1 pug of pAGM4 as the
transforming DNA. Thirty-five transformants were transferred to minimal slants
(Gold et al., 1982) to confirm adenine prototrophy and, subsequently, were assayed for
MnP activity using the o-anisidine plate assay as described (Mayfield et al., 1994b). The
six transformants showing the strongest activity by the plate assay were purified by fruiting
as described (Alic et al., 1987), and the progeny again were assayed for MnP activity by
the plate assay.

4.2.6 Production of the D179N Mutant Protein

Transformant strain D179N-6 was maintained on 2% malt agar slants and grown
from a conidial inoculum at 37 °C in 20-ml stationary cultures in 250-ml Erlenmeyer flasks
for 2 days. The medium was as described elsewhere (Kirk et al., 1978) except that it was
supplemented with 2% glucose, 12 mM ammonium tartrate, and 20 mM dimethyl succinate
(pH 4.5). The mycelial mat from one flask was homogenized for 20 s in a blender and
used to inoculate a 2-1 Erlenmeyer flask containing 1 1 of the medium described above,
except that in the large cultures the pH was adjusted to 6.5 and sodium succinate was used
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instead of dimethyl succinate. Cultures were grown at 37 °C on a rotary shaker at 200 rpm
for 60 h. The MnP mutant protein is produced under primary metabolic conditions when
endogenous mnp genes are not expressed (Mayfield et al., 1994b), enabling purification of
the mutant protein.

4.2.7 Purification of the MnP D179N Mutant Protein

The MnP D179N mutant protein was purified by the protocol described for the
wild-type recombinant MnP1 (Mayfield ez al., 1994b). The extracellular fluid from 6 1 of
60-h-old cultures was concentrated to 200 ml and dialyzed against 20 mM sodium acetate
(pH 6.0) at 4 °C, using a Hollow fiber filter system (10,000 MW cut-off; Amicon).
Chromatography was as described (Mayfield et al., 1994b) and included DEAE Sepharose
column chromatography, Cibacron Blue 3GA agarose column chromatography, and

fast-protein liquid chromatography using a Mono Q column (Pharmacia).

4.2.8 SDS-PAGE and Western Analysis

Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) was
performed using a 12% Tris-glycine gel system (Laemmli, 1970) and a Mini-Protean IT
apparatus (Bio-Rad). The gels were stained with Coomassie Blue. For Western
(immunoblot) analysis, proteins were electroblotted (Sambrook et al., 1989) onto
nitrocellulose (Micron Separations, Inc.) and MnP protein was detected as described
(Pribnow et al., 1989; Mayfield, et al., 1994b).

4.2.9 Enzyme Assay and Spectroscopic Procedures

MnP activity was measured by following the formation of Mn(III)-malonate at
270 nm as previously described (Wariishi et al., 1992), except that the final concentration
of MnSOQy in the reaction mixture was increased to 5.0 mM. UV-absorption spectra of the
various oxidation states of MnP D179N, as well as rMnP1, were recorded at room
temperature using a Shimadzu UV-260 spectrophotometer. The enzyme was maintained in
20 mM potassium succinate or malonate buffer, pH 4.5. The ionic strength of the buffers

was adjusted to 0.1 M using K»SO4. Enzyme concentrations were determined at 406 nm
using an extinction coefficient of 129 mM-1 cm-1 (Glenn & Gold, 1985). MnP D179N
compound I was prepared by mixing 1.0 equiv of H;O;, with the native enzyme.
Compound II was prepared by the successive addition of 1.0 equiv of H,O; and 1.0 equiv

of Mn(II) or ferrocyanide.
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4.2.10 Kinetic Analyses

To determine apparent Ky, and k,; values of the mutant enzyme for Mn(II) and
H,05,, 1/initial velocity versus 1/[substrate] was plotted at fixed concentrations of HyO; or
Mn(Il). Reaction mixtures contained MnP D179N (10 pg/ml), MnSO4 (0.5-5.0 mM), and
H,0; (0.02-0.1 mM) in S0 mM sodium malonate, pH 4.5. Kinetic measurements with
rMnP1 were carried out as described (Mayfield et al., 1994b). The reduction of MnP
compound II (2 pM) in 20 mM potassium malonate, pH 4.5, or 0.5-5 mM potassium
oxalate, pH 4.6 (ionic strength 0.1 M, adjusted with K;SOy), was followed at 406 nm,
which is the Soret absorbance maximum of the native enzyme (see "Results"). Compound
IT of MnP D179N and wild-type MnP1 were freshly prepared for each experiment and the
reaction was initiated by adding reducing substrate, Mn(II) or p-cresol, in at least 10-fold
excess. All of the kinetic traces displayed single exponential character from which
pseudo-first-order rate constants were calculated. Several substrate concentrations were
used and plots of pseudo-first-order rate constants versus substrate concentration were

obtained.

4.2.11 Chemicals
DEAE-Sepharose CL-6B, Cibacron Blue 3GA agarose, and H,O; (30% solution)

were obtained from Sigma. p-Cresol was obtained from Aldrich. The concentration of the
H,0; stock solution was determined as described (Cotton & Dunford, 1973). p-Cresol
was purified by thin-layer chromatography before use. All other chemicals were reagent
grade. Solutions were prepared using deionized water obtained from a Milli Q purification

system (Millipore).

4.3 RESULTS

4.3.1 Expression and Purification of Mutant Protein

The presence of the D179N mutation was confirmed by double-stranded DNA
sequencing of the altered Bpu110211-Dralll restriction fragment in pGM4 and in the
complete transformation vector pAGM4. Six out of 35 selected transformants displayed
readily detectable MnP activity on the plate assay. These six transformants expressed
extracellular mutant MnP protein within three days of growth in liquid high-carbon, high-
nitrogen shake cultures, as verified by Western (immunoblot) detection (data not shown),

under conditions in which the wild-type enzyme was not expressed. The amount of mutant
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protein secreted by the pAGM4 transformants was similar to the level of recombinant
wild-type MnP1 (rMnP1) reported previously (Mayfield et al., 1994b). However, the six
transformant strains displayed only slow Mn(Il)-oxidizing activity as assayed by
monitoring the formation of Mn(IIl)-malonate complex (Wariishi et al., 1992). MnP
D179N from transformant 6 was purified using anion-exchange, blue agarose, and Mono
Q chromatography as described (Mayfield ef al., 1994b). As shown in Figure 4.2, one
major peak and a later eluting minor peak were separated on Mono Q column
chromatography. The major peak eluted essentially at the same time as tMnP1 when the
latter was chromatographed under identical conditions (Mayfield et al., 1994b).
Furthermore, as shown in Figure 4.2 inset, the molecular weight (46 kDa) of the
predominant form of MnP D179N was identical to that of rtMnP1 and wild-type MnP.

4.3.2 Spectral Properties of MnP D179N

Figure 4.3 shows the absorption spectra of the native, compound I, and compound
II states of MnP D179N. Upon the addition of 1.0 equiv of HyO; to the native enzyme,
the Soret band at 406 nm rapidly decreased and red shifted to yield a band at 398 nm. The
visible region of compound I displayed a peak at 650 nm with a broad absorption at
530-600 nm. Approximately 40% of compound I was spontaneously converted to
compound II in 30 min (data not shown). Upon the addition of 1.0 equiv of Mn(II) to
compound I, a spectrum for compound II slowly developed with maxima at 420, 527, and
555 nm. An isosbestic point between compounds I and II was observed at 398 nm
(Figures 4.3 and 4.44). Compound II was stable for more than 20 min and only ~10% of
the compound II was converted spontaneously to the native enzyme in 1 h (data not
shown). However, with the addition of 10 equiv of Mn(II) to compound II, the enzyme
returned slowly to the native state, with an absorbance maximum at 406 nm and an
isosbestic point at 414 nm (Figure 4.4B). The spectral maxima of the various oxidized
states of the D179N protein were essentially identical to those of the wild-type enzyme
(Table 4.1), suggesting that replacement of Asp179 with an Asn did not change the heme
environment of the protein significantly.

4.3.3 Kinetic Properties of MnP D179N

The specific activity of MnP D179N for Mn(II) oxidation was 0.946 pmol mg-1
min-1 as determined by following the formation of the Mn(III)-malonate complex at 270
nm (Wariishi et al., 1992). This specific activity was approximately 1/350 of the values
obtained for wild-type MnP1 or tMnP1 (341 and 332 pmol mg-1 min-1, respectively)
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Figure 4.2. Mono Q anion exchange chromatography of the MnP D179N protein. The
column was equilibrated with 10 mM sodium acetate, pH 6.0, and eluted by an increasing
sodium acetate (pH 6.0) gradient as shown. Absorbance at 405 nm (fop trace) and 280 nm
(bottom trace) were measured. MnP activity was measured as described in the text and
correlated with the absorbance at 405 nm. Inset: SDS PAGE of various forms of Mn
peroxidase: SDS-PAGE of wild-type MnP1 (lare 1), tMnP]1 (lane 2), and MnP D179N
(lane 3). 5 ug of each protein were loaded on a 12% Tris/glycine polyacrylamide gel
system (Laemmli, 1970). Proteins were visualized by Coomasie Blue staining. Migration
of the molecular weight standards (from the top): bovine serum albumin, 66.3 kDa;
glutamate dehydrogenase, 55.4 kDa; lactate dehydrogenase, 36.5 kDa; carbonic anhydrase,
31 kDa; trypsin inhibitor, 21.5 kDa; lysozyme, 14.4 kDa, as indicated.
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Figure 4.3. Electronic absorption spectra of oxidized states of MnP D179N. Comparison
of UV/vis absorption spectra of native MnP D179N (---), MnP D179N compound I (---),
and compound II (—). Spectra were recorded in 20 mM potassium malonate, pH 4.5, at

25 °C. The enzyme concentrations were 2 pM (A, Soret spectra) and 4 uM (B, visible
spectra). MnP D179N compound I (---) was prepared by adding 1 equiv of H,O; to native
MnP D179N in 20 mM potassium malonate, pH 4.5 (u =0.1). MnP D179N compound II

(—) was prepared by the successive additions of 1.0 equiv of H,O, and 1.0 equiv of

Mn(II) to the native enzyme in the same buffer.
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Figure 4.4. Reduction of MnP D179N compounds I and II. Reduction of MnP D179N
compounds I (4) and II (B) with Mn(II). A, MnP D179N compound I (---) was prepared
as described in the legend to Figure 4.3. Soret spectra were taken at 0.5 min intervals from
0.5-5.0 min. Final reactant concentrations: MnP D179N compound I, 2 pM; Mn(II), 2
UM (1 equiv). Arrow indicates progress of reaction. B, MnP D179N compound II (---)
was prepared as described in the legend to Figure 4.3. Spectra were taken at 1 min
intervals from 1-25 min. Final reactant concentrations: MnP D179N compound II, 2 pM;
Mn(II), 20 pM (10 equiv). Dashed line represents native MnP D179N (2 uM). Arrows

indicate progress of reaction.
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Table 4.1. Absorbance maxima (nm) of native and oxidized intermediates of wild-type
MnP1 and the MnP D179N mutant.

Native Compound I Compound II

wild-type MnP1a 406, 502, 632 407, 558, 617 (sh)?, 420, 528, 555
650

MnP D179Ne 406, 502, 635 398, 557, 615 (sh)b, 420, 528, 556
650

a Wariishi et al., 1988.
b Shoulder.

¢ This work.
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(Mayfield et al., 1994b). Under steady-state conditions, linear Lineweaver-Burk plots
were obtained over a range of Mn(II) and H>O, concentrations using 50 mM malonate as
the chelator (Wariishi et al., 1992; Mayfield et al., 1994b) (data not shown). The apparent
K and kcqe values for Mn(IT) and H;O; are listed in Table 4.2. The apparent K, for
H,0, was the same for both the wild-type MnP1 and MnP D179N. In contrast, the
apparent K, of MnP D179N for Mn(II) was ~50-fold higher than that for the wild-type
MnP1 (Table 4.2). In addition, the apparent k5 of MnP D179N for Mn(II) was more than
260 times lower than that for the wild-type MnP1.

The comparative rates of MnP compound II reduction for the mutant and wild-type
enzyme also were examined since this is the rate-limiting step in the MnP catalytic cycle
(Wariishi et al., 1989a; Kuan et al., 1993; Kishi et al., 1994). The reduction was followed
at 406 nm under pseudo-first-order conditions using an excess of reducing substrate. The
plot of observed pseudo-first-order rate constants versus Mn(II) concentration leveled off at
high Mn(II) concentrations (Figure 4.5) (Kishi et al., 1994). This reaction can be
explained by a simple binding interaction between the reactants, according to eqgs. 4-6:

Kp

—

compound II + Mn(I)-complex =
k

compound II - Mn(II)-complex —

native enzyme + Mn(III)-complex 4)

k

kobs = (5)
1 + Kp/[Mn(II)-complex]

[compound II][Mn(II)-complex]
Kp = (6)
[compound 1T — Mn(1I)-complex]

where k is a first-order rate constant (s-1) and Kp is a dissociation constant (M). The

calculated values are listed in Table 4.3. With p-cresol as the reductant in the conversion of
compound II to native enzyme, the plots of pseudo-first-order rate constants versus
p-cresol concentrations were linear for both wild-type MnP1 and MnP D179N

(Figure 4.6). The second-order rate constants were calculated as 1.94 x 102 and

1.59 x 102 M-1s-1 for wild-type MnP1 and MnP D179N, respectively (Table 4.3).
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Table 4.2. Steady-state kinetic parameters for wild-type rMnP1 and MnP D179N mutant.a

Ky (WM) kcar (s-1) kea Km (M-1s-1)
Mn(IT) H,0, Mn(II) Mn(IT)
wild-type MnP1b 73.2 41.7¢ 3.01 x 102 4.11 x 106
wild-type rtMnP1b 69.4 39.2¢ 2.89 x 102 '4.17 x 106
MnP D179N4d 3.7x%x 103 34.1e 1.09 2.95x 102

a Reactions were conducted in 50 mM Na-malonate, pH 4.51.

b Mayfield ez al., 1994b.

¢ Apparent K, for H,O; was determined at 0.5 mM Mn(II).

d This work.

¢ Apparent Ky, for H,O, was determined at 5.0 mM Mn(II).
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Figure 4.5. Kinetics of reduction of MnP D179N compound II. Reduction of MnP
D179N compound II by Mn(I) in 0.5 (O), 2 (A), and 5 (@) mM potassium oxalate, pH
4.6, u = 0.1. Each k,ps was obtained from the exponential change in absorbance at 406

nm.
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Figure 4.6. Kinetics of reduction of mutant and wild-type MnP compound II by p-cresol.
Reduction of MnP D179N (O) and wild-type (@) compound II by p-cresol in 20 mM
potassium malonate, pH 4.5. Each k,ps was obtained from the exponential change in

absorbance at 406 nm.
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Table 4.3. Kinetic parameters for reduction of MnP compound IL.2

hyperbolic linear
first-order equilibrium second-order
chelators (pH) rate constant dissociation rate constants
enzyme (mM) substrates ) constants (M) M-1s-hb
Oxalate (4.6)°
wild-type MnP1 1 Mn(l) (23%£02)x102 (5.6+1.0)x 10
2 29+£0.1)x102 (8.720.7)x 105
5 (5.6+006)x 102 (44£0.6)x 104
Malonate (4.5)
20 p-cresol 1.94 x 102
MnP D179N Oxalate (4.6)
0.5 Mn(II) 1.46 £ 0.08 (6.42 £ 0.62) x 103
i 1.30 £ 0.07 (5.64 £ 0.56) x 103
2 1.70 £ 0.13 (1.00 £ 0.12) x 102
5 2.11+0.32 (2.64 + 0.48) x 1072
Malonate (4.5)
20 1.59 x 102

aReaction mixtures contained 2 WM MnP. The ionic strength was adjusted to 0.1 M.

bForward second-order rate constant.

Kishi et al., 1994.
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4.4 DISCUSSION

Although the catalytic cycle of MnP is similar to that of other plant and fungal
peroxidases (Gold et al., 1989; Wariishi et al., 1989a; Dunford & Stillman, 1976;
Wariishi et al., 1988; Renganathan & Gold, 1986), this enzyme is uniquely capable of
oxidizing Mn(II) to Mn(III) (Glenn et al., 1986; Wariishi et al., 1989a, 1992). The latter,
complexed with an organic acid, diffuses from the enzyme to oxidize the terminal phenolic
substrate (Glenn et al., 1986; Tuor et al., 1992). This suggests that the primary substrate,
Mn(II), binds directly to the enzyme. We have shown that free Mn(II) binds in the vicinity
of the heme of the native enzyme with an apparent dissociation constant of 9.6 UM
(Wariishi et al., 1992). It is noteworthy that a variety of dicarboxylic chelators, including
oxalate and malonate, increased the apparent dissociation constant 5-fold, although a
chelator is required for enzymatic activity (Wariishi et al., 1992).

The nature of the Mn(II) binding site in MnP has been under investigation for
several years. Results of reactivity studies with azide and organic hydrazines as suicide
inhibitors led Harris et al. (1991) to suggest that the binding of Mn(II) does not interfere

with reactions at the 6 meso position of the heme. However, they suggested that Mn(II)

binds close to the 8 meso position (above or below the plane of the heme). Similarly,
based upon the perturbation of the NMR spectrum of MnP upon the binding of Mn(II),
Banci et al. (1993) suggested a Mn(II) binding site close to the & meso position of the

heme. In contrast, Johnson et al. (1993) used homology modeling and energetic
considerations to predict the Mn(II) binding site in MnP. They reported that the most likely
binding site consists of the ligands Aspl179, Glu35 and Glu39, and one of the heme
propionates (Johnson et al., 1993). This would place the Mn(II) binding site closer to the

Y-meso position of the heme. As shown in Figure 4.7, the recent crystal structure of MnP

(Sundaramoorthy et al., 1994b) supports this latter prediction for the binding site.

This binding site is defined by three acidic amino acid ligands, including Asp179,
Glu35 and Glu39, and one of the heme propionates. The final two ligands of the
hexacoordinate Mn(II) ion are water molecules. Comparison of the Mn(II) binding ligands
in MnP to corresponding amino acid residues in the LiP crystal structure
(Sundaramoorthy ef al., 1994b; Johnson et al., 1993) reveals that two of the three anionic
residues found in MnP are replaced by noncharged residues in LiP: Ala36 for Glu35 and
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Glu39

<« propionate

Figure 4.7. Mn(II) ligands in the binding site of Mn peroxidase (Sundaramoorthy et al.,
1994b).
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Asn182 for Asp179. Only Glu39 in MnP is conserved as Glu40 in LiP. In addition, the
heme propionate in LiP is not positioned for favorable Mn(II) bindiﬁg
(Sundaramoorthy et al., 1994b; Johnson et al., 1993). The presence of a single anionic
ligand in LiP would not constitute a stable Mn(II) binding site. Mutation of the proposed
Mn(II) ligands in MnP would aid our understanding of the unique specificity of this
peroxidase. Furthermore, a mutation would test whether the proposed Mn(II) binding site
(Sundaramoorthy et al., 1994b) is productive. Herein, we report on the characterization of
the site-directed mutant D179N, which transforms one of the proposed acidic amino acid
ligands in the Mn(II) binding site.

We recently demonstrated the homologous expression of recombinant MnP
isozyme 1 (tMnP1) of P. chrysosporium (Mayfield et al., 1994b). In this system the
expression of the mnpl gene is under the control of the P. chrysosporium gpd gene
promoter. This allows expression of rMnP1 during the primary metabolic phase of growth
when the endogenous MnPs are not expressed. Both the spectral and kinetic properties of
the recombinant enzyme were very similar to wild-type MnP1, indicating that this
expression system is suitable for conducting structure/function studies of MnP by site-
directed mutagenesis. Overlap extension PCR was used to create the D179N mutation.
The mutant gene in pOGI18 was transformed into the Adel strain of P. chrysosporium as
described (Mayfield et al., 1994b; Alic et al., 1990). The MnP D179N protein was
purified as described (Mayfield et al., 1994b). The Mono Q chromatographic profile
suggests that one major heme protein is produced (Figure 4.2).

The D179N protein is essentially identical to the wild-type enzyme with respect to
chromatographic properties and molecular weight (Figure 4.2), suggesting that this
mutation does not lead to gross conformational changes in the protein. Furthermore, the
native D179N mutant protein exhibits essentially identical spectral features to those of wild-
type MnP (Figure 4.3, Table 4.1) (Wariishi ef al., 1988). The spectra of the catalytic
intermediates, compounds I and II, of the mutant protein also are essentially identical to
those of the wild-type MnP intermediates, except that the Soret band of MnP D179N
compound I was red shifted 9 nm with a peak at 398 nm (Figure 4.3, Table 4.1). This
difference may be explained by the possible contamination of wild-type MnP compound I
preparations with compound II (Wariishi et al., 1988). The latter has a Soret peak at
420 nm (Table 4.1). The spectral similarities of the mutant MnP D179N and the wild-type
MnP strongly suggest that the heme environment of MnP is not affected significantly by
this mutation.
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In contrast to the minimal effect on the UV/vis spectral properties, the mutation
D179N had a dramatic affect on the steady-state kinetic properties of the enzyme. Both the
specific activity and the turnover number (kc,) for Mn(II) oxidation by the MnP D179N
protein decrease considerably in comparison to the wild-type enzyme (1/350 and 1/260,
respectively). Moreover, the apparent Ky, for Mn(II) of MnP D179N is 50 times higher

than that for the wild-type MnP (Table 4.2). This suggests that Asp179 is one of the
ligands in the Mn(II) binding site and that the Mn(II) binding site predicted by modeling
and crystallographic results is the productive site (Sundaramoorthy et al., 1994b;
Johnson et al., 1993).

In comparison, the mutation does not affect the apparent K, for H,O,. This
suggests that the affinity of D179N for H,0, and probably the rate of compound I

formation in the mutant are not altered. These results suggest that the environment of the
amino acid residues thought to be involved in the formation of compound I, including the
distal His, distal Arg and proximal His, has not been altered in this mutant.

Since the reduction of compound II to the native enzyme is the rate-limiting step in
the MnP catalytic cycle (Wariishi et al., 1988, 1989a; Kuan et al., 1993; Kishi et al.,
1994), the rate of the MnP D179N compound II reduction by Mn(II) was examined. In
potassium oxalate (0.5-5 mM, pH 4.6), the plot of kyps versus Mn(Il) concentration is
hyperbolic (Figure 4.5), indicating a binding interaction between Mn(II) and MnP. The
reduction of wild-type MnP compound II also exhibits saturation kinetics in the presence of
low concentrations of oxalate (1-5 mM) but at much lower concentrations of Mn(II)
(Table 4.3) (Kishi et al., 1994). At 1 mM oxalate, the equilibrium dissociation constant for

the wild-type enzyme is ~5.6 X 10-5 M while that for the D179N mutant is 5.6 X 10-3 M.

Thus, the binding constant for the mutant is 100 X lower. This strongly suggests that

D179 is a Mn(Il) ligand. In contrast to the kinetics observed for the reduction of MnP
compound IT by Mn(II), the reduction of compound II by p-cresol obeys second-order
kinetics and is irreversible for both wild-type MnP1 and MnP D179N (Figure 4.6). The
rate of reduction of wild-type MnP1 compound II by p-cresol is similar to that of MnP
D179N compound II. In comparison, the first-order rate constant for Mn(II) reduction of
wild-type compound II in 1 mM oxalate is approximately 200 times that for the reduction of
MnP D179N compound II (Table 4.3), whereas the dissociation constant for Mn(II) is
approximately 1/100 of the value obtained for MnP D179N. These results strongly suggest
that the low reactivity of MnP D179N for Mn(II) oxidation is a consequence of the
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decreased binding affinity of Mn(II) for the mutant protein. However, the results do not
rule out an additional effect on the electron transfer rate. The results also suggest that
p-cresol binds to the enzyme at a site other than the Mn(Il) binding site. A recent molecular
modeling study indicates that p-cresol binds to horseradish peroxidase at a site on the distal
side of the heme adjacent to Phe68 (Banci et al., 1994). This site is distinct from the
Mn(II) binding site shown in Figure 4.7.

In conclusion, the results of this study demonstrate that changing Asp179 to Asn
significantly affects the oxidation of Mn(II), most probably by decreasing the affinity of the
enzyme for Mn(Il). In contrast, neither the apparent Ky, for HyO, or the rate of compound
I reduction by p-cresol are significantly affected by this mutation. These results strongly
support the assignment of the Mn(II) binding site shown in Figure 4.7
(Sundaramoorthy et al., 1994b; Johnson et al., 1993). This site consists of Aspl79,
Glu39, Glu35, a heme propionate and two water molecules. The coordination of the
Mn(II) at this site is octahedral which is typical of Mn(II) coordination complexes
(Demmer et al., 1980). Current views envision electron transfer pathways in proteins
through covalent bonds (Onuchic & Beratan, 1990). The structure of this site suggests that
the electron may be transferred from Mn(II) to the porphyrin via the heme propionate

ligand, using a nearly continuous ¢-bonded path. Additional mechanistic, structural, and

mutagenesis studies will be required in order to elucidate further the electron transfer

pathway in this system.




CHAPTER 5

CHARACTERIZATION OF MN(I) BINDING SITE MUTANTS OF
MANGANESE PEROXIDASE

5.1 INTRODUCTION

White-rot basidiomycete fungi are capable of degrading the plant cell wall polymer
lignin (Gold et al., 1989; Kirk & Farrell, 1987; Buswell & Odier, 1987) and a variety of
aromatic pollutants (Bumpus & Aust, 1987; Hammel, 1989; Valli & Gold, 1991;
Valli et al., 1992b). When cultured under ligninolytic conditions, the white-rot fungus
Phanerochaete chrysosporium secretes two families of extracellular peroxidases, lignin
peroxidase (LiP) and manganese peroxidase (MnP), which, along with an H,O,-generating
system, comprise the major extracellular components of its lignin-degrading system
(Kirk & Farrell, 1987; Buswell & Odier, 1987; Gold & Alic, 1993; Wariishi et al., 1991b;
Bao et al., 1994; Hammel et al., 1993). Both LiP and MnP are able to depolymerize lignin
in vitro (Wariishi et al., 1991b; Bao et al., 1994, Hammel et al., 1993). Moreover, MnP
activity is found in all white-rot fungi known to degrade lignin (Hatakka, 1994;
Périé & Gold, 1991; Orth et al., 1993).

P. chrysosporium MnP has been purified and characterized extensively by a variety
of biochemical and biophysical methods (Gold et al., 1989; Gold & Alic, 1993;
Glenn & Gold, 1985; Glenn et al., 1986; Wariishi ef al., 1992). In addition, the sequences
of cDNA and genomic clones encoding several P. chrysosporium MnP isozymes (mnpl
and mnp2) have been determined (Gold & Alic, 1993; Pribnow et al., 1989; Peace et al.,
1989; Godfrey et al., 1990; Mayfield et al., 1994a). Spectroscopic studies and DNA
sequences suggest that the heme environment of MnP is similar to that of other plant and
fungal peroxidases (Glenn et al., 1986; Wariishi et al., 1988, 1992; Pribnow et al., 1989;
Harris et al., 1991; Banci et al., 1992; Dunford & Stillman, 1976; Mino et al., 1988).
Kinetic and spectral characterization of the oxidized intermediates, MnP compounds [, II,
and 111, indicate that the catalytic cycle of MnP is similar to that of horseradish peroxidase
and LiP (Gold et al., 1989; Glenn et al., 1986; Wariishi et al., 1988, 1992;
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Renganathan & Gold, 1986). The crystal structures of both LiP and MnP have been
reported (Edwards et al., 1993; Poulos et al., 1993; Piontek et al., 1993;
Sundaramoorthy et al., 1994b). These structures confirm that the heme environments of
MnP and LiP are similar to those of cytochrome c¢ peroxidase and plant and fungal
peroxidases (Poulos et al., 1993; Sundaramoorthy et al., 1994b). However, the crystal
structure of MnP revealed a cation binding site. The ligands to this proposed Mn(II)
binding site are Glu35, Glu39, Aspl79, a heme propionate, and two H,O molecules
(Sundaramoorthy et al., 1994b). MnP is unique in its ability to oxidize Mn(II) to Mn(III)
(Glenn & Gold, 1985; Glenn ef al., 1986; Wariishi et al., 1992) as shown in Scheme 5.1.

Schem 5.1
MnP + H,0; — MnPI + H,O

MnPI + Mn(II) - MnPII + Mn(III)
MnPII + Mn(II) = MnP + Mn(III) + H,O

The enzyme-generated Mn(I1I) is stabilized by organic acid chelators such as
oxalate which is also secreted by the fungus (Wariishi et al., 1992; Kishi et al., 1994;
Kuan et al., 1993). The Mn(Ill)-organic acid complex oxidizes phenolic substrates,
including lignin substructure model compounds (Tuor e? al., 1992) and aromatic pollutants
(Valli & Gold, 1991; Valli et al., 1992b; Joshi & Gold, 1993), as well as possible mediator
molecules (Bao et al., 1994; Wariishi et al., 1989b).

We recently developed a homologous expression system for MnP isozyme 1
(MnP1) (Mayfield et al., 1994b). In this system, the P. chrysosporium glyceraldehyde-3-
phosphate-dehydrogenase (gpd) promoter is used to drive expression of the mnpl gene
during the primary metabolic growth phase when endogenous MnP is not expressed. This
expression system produces recombinant MnP1 (rMnP1) in amounts comparable to the
endogenous MnPs produced by the wild-type strain (Mayfield et al., 1994b). Previously,
we used this expression system and the polymerase chain reaction (PCR) to create a site-
directed mutation in which Asp179, one of the potential Mn(II) binding ligands in MnP,
was converted to an Asn (Kusters-van Someren et al., 1995). Kinetic and spectroscopic
analyses demonstrated that this mutation significantly affected the oxidation of Mn(Il),
probably by decreasing the affinity of the enzyme for Mn(II), confirming that Aspl79is a
Mn(II) ligand. To further characterize the Mn(Il) binding site, we have mutated the
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putative Mn(II) ligands Glu35 and Glu39 and characterized these single mutants and an
E35Q-D179N double mutant spectroscopically and kinetically.

5.2 MATERIALS AND METHODS

5.2.1 Organisms
P. chrysosporium wild-type strain OGC101, auxotrophic strain OGC107-1
(Ade 1), and prototrophic transformants were maintained as described (Mayfield et al.,

1994b; Alic et al., 1990). Escherichia coli XL1-Blue and DH50F” were used for

subcloning plasmids.

5.2.2 Oligodeoxyribonucleotides

Four oligonucleotides were each used for site-directed mutagenesis of Glu35 and
Glu39 of mnpl (Pribnow et al., 1989; Godfrey et al., 1990). Oligonucleotide N10pom, is a
17-mer corresponding to mnpl positions 14-30. Oligonucleotide B9, is complementary
to the mnpl sequence over nucleotide positions 592-608. Oligonucleotides Q350 and
Q35,.y are a 27-mer and a 29-mer, respectively, and are partially overlapping: Q3S5,0rm
spans nucleotides 219-245, and Q35,¢y is complementary to nucleotides 207-235.
Oligonucleotides Q39orm and Q39,., are 28 mers and are again partially overlapping:
Q39,0rm spans nucleotides 289-316, and Q39 is complementary to nucleotides
278-305. Oligonucleotides were synthesized at the Center for Gene Research and
Biotechnology, Oregon State University, Corvallis, OR. Q35,0 and Q35 contain the
preferred codon and anticodon (Ritch & Gold, 1992), respectively, for Gln, CAG
replacing GAA, which encodes Glu35. Q39,0rm and Q39 also contain the preferred
codon and anticodon, respectively, for Gln, CAG replacing GAG, which encodes Glu39.

5.2.3 Site-directed Mutagenesis by PCR

A 544-bp Not1-Bpul1021 fragment containing the E35Q or E39Q mutation was
generated by overlap extension (Kusters-van Someren, et al., 1995; Ho et al., 1989) using
the polymerase chain reaction (PCR). Two fragments which partially overlap were
generated by using either oligonucleotides N10porm and Q35ey (or Q39;.y) or
oligonucleotides Q35,rm (or Q39%,0rm) and B9,y under the conditions described
(Kusters-van Someren et al., 1995). The reaction products of both reactions were analyzed

by electrophoresis on a 1% agarose gel and the desired fragments were excised and purified
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using GeneClean (Bio101). The partially overlapping fragments were combined and used
as template DNA in a third reaction with oligonucleotides N10,,m and B9,., to generaté a
593-bp PCR fragment under the same conditions (Kusters-van Someren et al., 1995). The
final PCR product was analyzed by agarose gel electrophoresis, excised, purified by
GeneClean and digested with NofI and Bpu11021 (New England Biolabs).

5.2.4 Construction of pAGM6, 8, and 9

The NofI-Bpu1102I fragments containing the E35Q and E39Q mutations were first
subcloned into pGM1 (Mayfield et al., 1994b), containing unique NotI-Bpu11021 sites,
replacing the wild-type mnpl fragment with the mutant fragment, to generate pGMS8 and
pGMD0, respectively. For the E35Q-D179N double mutation, the NofI-Bpu11021 fragment
containing the E35Q mutation was subcloned into pGM4, which contains the D179N
mutation (Kusters-van Someren, et al., 1995), to generate pGM6. The entire Notl-
Bpu1102I fragments were analyzed by double-stranded DNA sequencing as described
(Kusters-van Someren et al., 1995). Subsequently, the 4.0-kb Xbal-EcoRI fragments of
pGM6, 8, and 9, containing the gpd promoter and the mutated mnp! genes, were
subcloned into pOGI18 (Godfrey et al., 1994), generating pAGMS6, 8, and 9, respectively.
The presence of the mutations in pAGM6, 8, and 9 was confirmed by double-stranded

DNA sequencing of the appropriate sequences, using oligonucleotide N 10y, as a primer.

5.2.5 Transformation of Phanerochaete chrysosporium

P. chrysosporium strain Adel (Gold et al., 1982) was transformed as described
previously (Mayfield et al., 1994b; Alic et al., 1990), using 1 g of pAGM 6, 8, or 9 as
transforming DNA. Transformants were transferred to minimal slants (Mayfield et al.,
1994b; Alic et al., 1990) to confirm adenine prototrophy and assayed for MnP activity
using the o-anisidine plate assay as described (Mayfield et al., 1994b). Transformants with
the strongest activity were purified by fruiting as described (Alic et al., 1987) and the
progeny were rescreened for MnP activity by the o-anisidine plate assay.

5.2.6 Production and Purification of the MnP Mutant Proteins

Cultures were maintained on slants and grown in liquid cultures from conidial
inocula (Mayfield et al., 1994b; Kusters-van Someren, 1995). The MnP mutant proteins
were purified from the extracellular medium as described for the wild-type recombinant
MnP1 (Mayfield et al., 1994b), except that hydrophobic interaction column

chromatography was employed as the initial step. Ammonium sulfate (1.0 M) was
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added to the concentrated extracellular medium after which the mixture was applied to a
Phenyl Sepharose CL-6B column (2.5 X 15 cm), equilibrated with 20 mM sodium acetate

(pH 4.5), containing 1.0 M ammonium sulfate. The column was eluted at 4 °C with a
linear ammonium sulfate gradient (1.0 to 0.2 M). The fractions containing MnP activity
were concentrated and desalted by membrane ultrafiltration. MnP mutant proteins were
purified further by a combination of Cibacron Blue 3GA agarose column chromatography
and fast-protein liquid chromatography using a Mono Q column (Pharmacia), as described
(Mayfield et al., 1994b; Kusters-van Someren et al., 1995).

5.2.7 SDS-PAGE and Western Blot Analysis

Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) was
performed using a 12% Tris-glycine gel system (Laemmli, 1970) and a Mini-Protean II
apparatus (Bio-Rad). The gels were stained with Coomassie blue. For western
(immunoblot) analysis, proteins were electroblotted (Sambrook et al., 1989) onto
nitrocellulose (Micron Separations, Inc.) and MnP proteins were detected as described
(Mayfield et al., 1994b).

5.2.8 Enzyme Assays and Spectroscopic Procedures

Mn(II) oxidation by MnP was measured by following the formation of
Mn([IT)-malonate at 270 nm as previously described (Wariishi et al, 1992). The oxidation
of ferrocyanide by MnP was followed at 420 nm using the absorptivity of ferricyanide,
1 mM-1 cm-! (Cheddar et al., 1989). UV-absorption spectra of the various oxidation
states of MnP mutant proteins were recorded at room temperature using a Shimadzu
UV-260 spectrophotometer. The enzyme was maintained in 20 mM potassium malonate,
pH 4.5. The ionic strength of the buffers was adjusted to 0.1 M using K»SO4. Enzyme
concentrations were determined at 406 nm using an absorptivity of 129 mM-1 cm-1
(Glenn & Gold, 1985). Compound I of the MnP mutants was prepared by mixing
1.0 equiv of HyO, with native enzyme. Compound II was prepared by the successive

addition of 1.0 equiv of H,0; and 1.0 equiv of ferrocyanide to the native enzyme.

5.2.9 Kinetic Analysis
To determine apparent Ky, and k., values for Mn(II) and ferrocyanide, 1/initial
velocity versus 1/[substrate] were plotted at fixed concentrations of H,O, (0.1 mM).

Reaction mixtures contained mutant MnP protein (10 pg/ml), HyO,, and MnSOy4
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(0.5-5.0 mM), or ferrocyanide (1.0-5.0 mM) in 50 mM sodium malonate, pH 4.5. To
determine apparent Ky, values for HyO;, 1l/initial velocity versus 1/[H,0;] were plotted at
5 mM Mn(Il). Transient state kinetic experiments on the formation of compound I and the
reduction of compound II were carried out at 25.0 £ 1.0 °C using a Dionex DC37
stopped-flow photometer (dead time 2.7 ms) equipped with a 75-watt xenon lamp and
interfaced with a Nicolet Explorer III scope kindly provided by Prof. M. Schimerlik,
Oregon State University. One reservoir contained buffer and the enzyme (2 uM for
compound I formation and 4 uM for compound II reduction experiments). The other

reservoir contained the substrate (H,O,, Mn(II), p-cresol, or ferrocyanide) in water in at

least 10-fold excess with respect to the enzyme. The formation of MnP compound I in
20 mM potassium succinate, pH 4.5 (ionic strength 0.1 M, adjusted with K,SQy), was
followed at 397 nm, the isosbestic point between compound I and II. The reduction of
MnP compound II in 20 mM potassium malonate, pH 4.5, or 1 mM potassium oxalate,
pH 4.6 (ionic strength 0.1 M, adjusted with K5SOy), was followed at 406 nm, the Soret

absorbance maximum of the native enzyme. Compound II of MnP mutant proteins was
freshly prepared for each experiment and the reaction was initiated by adding the reducing
substrate in 10-fold excess. All of the kinetic traces displayed single exponential character
from which pseudo-first-order rate constants were calculated. Several substrate
concentrations were used and plots of pseudo-first-order rate constants versus substrate

concentration were obtained.

5.2.10 Resonance Raman Spectroscopy

Resonance Raman (rR) spectra were obtained on a custom spectrograph consisting
of a McPherson (Acton, MA) Model 2061/207 monochromator operated at a focal length of
0.67 m and a Princeton Instruments (Trenton, NJ) LN1100 CCD detector with a Model
ST-130 controller. Laser excitation was from Coherent (Santa Clara, CA) Innova 302
krypton (413.1 nm) and Innova 90-6 argon (514.5 nm) lasers. The laser lines were filtered
through Applied Photophysics (Leatherhead, UK) prism monochromators to remove
plasma emissions. Incident laser power at the sample was ~20 mW (413.1 nm) and
~55 mW (514.5 nm). Spectra were collected in a 90°-scattering geometry from solution
samples contained in glass capillary tubes at room temperature. Rayleigh scattering was
attenuated by use of Kaiser Optical (Ann Arbor, MI) notch or super-notch filters. Spectral
resolution was set to ~3.0 cm-1. Indene and CCly served as frequency and polarization
standards, respectively. Data were calibrated and analyzed with GRAMS/386
spectroscopic software (Galactic Industries Corp., Salem NH). The concentrations of
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MnP protein for rR studies were 100-200 pM in phosphate buffer (20 mM, pH 6.0) at
constant ionic strength of 0.1 (adjusted with Na;SOy).

5.2.11 Chemicals
Phenyl-Sepharose CL-6B, Cibacron Blue 3GA agarose, potassium ferrocyanide,
and H,07 (30 % solution) were obtained from Sigma. The concentration of the H,O,

stock solution was determined as described (Cotton & Dunford, 1973). p-Cresol was
obtained from Aldrich. p-Cresol was purified by silica gel thin-layer chromatography,
solvent (hexane:ethyl acetate, 3:1) before use. All other chemicals were reagent grade.
Solutions were prepared using deionized water obtained from a Milli Q purification system
(Millipore).

5.3 RESULTS

5.3.1 Expression and Purification of Mutant Proteins

The presence of the E35Q and E39Q single mutations and the E35Q-D179N double
mutation was confirmed by double-stranded DNA sequencing of the altered cassettes in
both pGM6, 8 and 9 and the complete transformation vectors pAGM®6, 8, and 9,
respectively. Transformants which exhibited readily detectable MnP activity on plate
assays were selected and purified by fruiting as described (Alic et al., 1990). The purified
transformants expressed extracellular recombinant MnP protein within three days after
inoculation of liquid high-carbon, high-nitrogen agitated cultures, as verified by western
(immunoblot) detection (data not shown). Endogenous MnP is not expressed under these
conditions. The amounts of mutant protein secreted by the pAGM®6, 8, and 9
transformants were comparable to the levels of recombinant wild-type MnP1 (rMnP1) we
reported previously (Mayfield et al., 1994b), as estimated by western immunoblot analysis
(data not shown). However, the transformants exhibited low Mn(Il)-oxidizing activity, as
measured by the formation of the Mn(IIl)-malonate complex (Wariishi ez al., 1992). MnP
proteins E35Q, E39Q, and E35Q-D179N were purified using Phenyl Sepharose, Blue
Agarose, and Mono Q chromatographies (Mayfield et al., 1994b;
Kusters-van Someren, et al., 1995). Phenyl Sepharose replaced DEAE Sepharose
(Mayfield et al., 1994b; Kusters-van Someren, et al., 1995) as an initial purification step
since the yield of MnP protein was higher. The major peak eluted from the Mono Q
column in the same fraction as tMnP1, when the latter was chromatographed under
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identical conditions (data not shown) (Mayfield ez al., 1994b). Furthermore, the molecular
weights (46 kDa) of the MnP mutant proteins were identical to those of rMnP1 and
wild-type MnP1 (data not shown).

5.3.2 Spectral Properties of MnP Mutant Proteins

Figure 5.1 shows the absorption spectra of the native, compound I, and compound
IT states of the MnP E35Q-D179N double mutant protein. The native protein exhibited a
Soret band at 406 nm and visible bands at 500 and 640 nm. The Soret band of compound I
was decreased with respect to native MnP and blue shifted from 406 nm to 397 nm. The
visible region of compound I displayed a peak at 650 nm with a broad absorption from
530-600 nm. The addition of 1.0 equiv of ferrocyanide to compound I yielded a spectrum
for compound II with maxima at 420, 528, and 555 nm. Similar absorption spectra of the
native, compound I, and compound II states were observed for the MnP E35Q and E39Q
single mutant proteins (data not shown). All of the spectral maxima of the native and
various oxidized states of the MnP mutant proteins were essentially identical to those of the
wild-type enzyme (Table 5.1), suggesting that substitution of amides for the acidic Mn(II)
binding ligands did not alter the heme environment of the protein significantly.

5.3.3 Resonance Raman Spectroscopy

The high-frequency (~1300-1700 cm-1) rR spectral regions that are characteristic
of heme coordination and spin state are shown in Figures 2A and B for Soret-band
(413.1-nm) and Q-band (514.5-nm) excitation, respectively. The rR spectrum of wild-type
MnP (potassium phosphate buffer, pH 6.0, top trace) is of significantly higher quality and
resolution than that reported previously (Mino et al., 1988). The new data show that the

broad peak at 1487 cm-! (v3) is partially resolved into two components at 1482 and

1492 cm-1 (Figure 5.2A) and that the peak at 1623 cm-1 (C=Cyjny and vjp) consists of

three components at ~1612, 1622, and 1628 cm-! (Figure 5.2B). Although the relative
intensities of the 1482/1492 cm-~! pair respond to changes in pH and ionic strength, both

components are polarized (data not shown) and characteristic of v3 of six-coordinate
high-spin (6cHS) and five-coordinate high-spin (5cHS) heme species, respectively.
Consistent with the appearance of two v3 modes, the depolarized bands at ~1612 and 1628

cm-1 (Figure 5.2B) are the corresponding Vo porphyrin skeletal vibrations of 6cHS and
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Figure 5.1. Electronic absorption spectra of oxidized states of the MnP E35Q-D179N
double mutant. Comparison of UV/vis absorption spectra of native MnP E35Q-D179N
(---), compound I (---), and compound II (—). Spectra were recorded in 20 mM potassium

malonate, pH 4.5, at 25 °C. The enzyme concentrations were 2 UM (A, Soret spectra) and
4 uM (B, visible spectra). MnP E35Q-D179N compound I (---) was prepared by adding 1
equiv of HyO; to the native enzyme in 20 mM potassium malonate, pH 4.5 (1 = 0.1).

MnP E35Q-D179N compound II (—) was prepared by the successive additions of 1.0

equiv of HyO, and 1.0 equiv of ferrocyanide to the native enzyme in the same buffer.
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Table 5.1. Absorbance maxima (nm) of native and oxidized intermediates of wild-type
MnP1 and MnP1 mutants. '

Enzyme Native Compound I Compound II
wt MnP1a 406, 502, 632 407, 558, 617 shb, 650 420, 528, 555
MnP D179N¢ 406, 502, 635 398, 557, 615 sh, 650 420, 528, 556
MnP E35Q 406, 502, 635 398, 558, 616 sh, 650 420, 528, 555
MnP E39Q 406, 501, 637 400, 557, 615 sh, 649 420, 528, 555
MnP E35Q-D179N 406, 500, 640 397, 555, 615 sh, 650 420, 528, 555

a Wariishi et al., 1988
b Shoulder

¢ Kusters-van Someren et al., 1995




130

A
V'w
L)
g8
z
|
8
K|
&
E35Q/D179N 2
1350 1400 1450 1500 1550 1600 1650
B

1628/5cHS

1

Intensity

E35Q/DI79N

Figure 5.2. Resonance Raman spectra of MnP mutants. (A) Resonance Raman spectra of
MnP proteins (~150 uM enzyme in 20 mM phosphate buffer, pH 6.0) obtained with Soret
excitation (413.1 nm, 20 mW, 90° scattering geometry, ambient temperature). Samples are
the wild-type enzyme (upper), and the mutant erizymes MnP D179N (middle) and E35Q-
D179N (lower). Frequencies and assignments for selected heme bands are shown. (B)
Resonance Raman spectra of MnP proteins (~150 uM enzyme in 20 mM phosphate buffer,
pH 6.0) obtained with Q-band excitation (514.5 nm, 55 mW, 90° scattering geometry,
ambient temperature). Samples are the same as in A. Frequencies and assignments for

selected heme bands are shown. Polarization data were collected to support the
assignments.
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5cHS hemes, respectively. The band at 1622 cm-! in the 514.5-nm spectrum is polarized
and therefore can be assigned to a C=Cyjpy stretching mode. This vinyl mode is almost
totally responsible for the strongly polarized band at 1623 cm-! observed with Soret
excitation (Figure 5.2A). The present data provide compelling evidence that native
wild-type MnP contains a mixture of 6cHS and 5cHS heme species at room temperature.
The rR spectra of the D179N single (Kusters-van Someren, 1995) and the
E35Q-D179N double mutations of acidic ligands in the Mn(II)-binding pocket were
essentially identical to those of wild-type MnP (Figures 5.2A and B, lower traces). Hence,
these mutations did not result in any significant perturbation to the heme moiety. Only
minor changes in intensities, but no frequency shifts, were detectable in the heme

vibrational spectra as a result of these mutations. For example, in the 413-nm spectra of
both mutants (Figure 5.2A), the intensity of the 1492-cm-! component of v3 was increased
relative to that at 1482 cm-1, in contrast to the nearly equal intensities in the spectrum of the
wild-type enzyme; in parallel, the proportion of the 1628/1612 cm-! vy components also

were increased (Figure 5.2B), suggesting that a slightly greater proportion of the hemes in

the mutants were in a ScHS state.

5.3.4 Steady-state Kinetics

Under steady-state conditions, linear Lineweaver-Burk plots were obtained over a
range of Mn(II), ferrocyanide, and H>O, concentrations in S0 mM malonate, pH 4.5 (data
not shown). The apparent K, and k.o values for Mn(II), ferrocyanide, and H,O, are
listed in Tables 5.2 and 5.3. The apparent K, values for H,O; (3040 pM) and
ferrocyanide (3.3-3.6 mM) were similar for the wild-type MnP1, recombinant MnP1 and
MnP mutant proteins. In contrast, the apparent Ky, values for Mn(II) of MnP E35Q and
E39Q were ~60 and ~30-fold higher, respectively, than that for the wild-type MnP1
(Table 5.2); whereas the apparent k., values of MnP E35Q and E39Q for Mn(II) were
390- and 250-fold lower, respectively, than for the wild-type proteins. Furthermore, the
apparent Ky, value of the MnP E35Q-D179N double mutant for Mn(II) was ~120-fold
higher than that for wild-type MnP1. In addition, the apparent k., value of the MnP
E35Q-D179N double mutant for Mn(II) was approximately 1000 times lower than that for
the wild-type MnP1 (Table 5.2).




132

Table 5.2. Kinetic parameters of wild-type MnP1, tMnP1, MnP D179N, MnP E35Q,

MnP E39Q, and MnP E35Q-D179N.a

Ky (UM)
Mn(II) H,0, Mn(1I)

wt MnP1 73 42 3.0 % 102
rMnP1 69 39 2.9 % 102
MnP D179N 3.7 % 103 34 1.1
MnP E35Q 4.4 % 103 27 0.77
MnP E39Q 2.0 % 103 37 1.2
MnP E35Q-D179N 8.1 x 103 31 0.29

a Reactions were carried out in 50 mM Na-malonate, pH 4.5. Apparent K, and k., for

Mn(II) were determined using 0.1 mM H,0,. Apparent K,,, for H,O, was determined

using 5.0 mM Mn(II).




Table 5.3. Kinetic parameters of MnP proteins for ferrocyanide oxidation.a
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Enzyme K, (mM) kear (s-1) keo/Km (M-1 s-1)
wt MnP1 3.6 53 1.5 % 103
tMnP1 3.5 5.6 1.6 x 103
MnP D179N 3.5 5.4 1.6 x 103
MnP E35Q 33 5.4 1.6 x 103
MnP E39Q - 35 54 1.6 x 103
MnP E35Q-D179N 3.5 5.4 1.5 x 103

a Reactions were carried out in 50 mM Na-malonate, pH 4.5. Apparent K,,, and k., for

ferrocyanide were determined using 0.1 mM H,O,.
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5.3.5 Effect of Mutations on Compound I Formation

We demonstrated previously that the rate of MnP compound I formation was not
affected by the structure or concentration of the organic acid chelator (Kishi et al., 1994).
In our current work, the rate of MnP compound I formation was determined at pH 4.6 in
20 mM potassium succinate. Compound I formation was measured at 397 nm, an
isosbestic point between compounds I and II, excluding interference from the possible
reduction of compound I. The observed rate constants (k;.ps) Were linearly proportional to
the H,O, concentrations at 10-50-fold excess (data not shown). The second-order rate

constants (kjapp) obtained for compound I formation for the wild-type protein and the
mutant proteins D179N, E35Q, E39Q and E35Q-D179N were similar (Table 5.4).

5.3.6 Effect of Mutations on Compound II Reduction

The rate of compound II reduction is the rate-limiting step in the MnP catalytic cycle
(Wariishi et al., 1988, 1989a; Kishi et al., 1994; Kuan et al., 1993). The reductions of the
wild-type and mutant proteins were followed at 406 nm under pseudo-first-order
conditions using an excess of reducing substrate. The plots of observed pseudo-first-order
rate constants versus Mn(Il) concentrations leveled off at high Mn(II) concentration in
1 mM potassium oxalate (pH 4.6) (Figure 5.3). This reaction can be explained by a simple

binding interaction between reactants, according to equations 1-3:

K2 k2

compound IT + Mn(IT)-complex = compound II-Mn(II)-complex —
native enzyme + Mn(III)-complex N
kaobs = k2 / (1 + K3 / [Mn(Il)-complex]) (2)
K, = [compound ITJ[Mn(II)-complex] / [compound II-Mn(IT)-complex] 3)

where k5 is a first-order rate constant (s-1) and K3 is a dissociation constant (M). The

calculated values for the first-order rate constant and the dissociation constant are listed in
Table 5.5. The equilibrium dissociation constants for the MnP single and double mutants
were approximately 100- and 200-fold higher, respectively, than that for the wild-type
protein. The first-order rate constants for the single mutants and the double mutant were
approximately 200- and 4000-fold lower, respectively, than that for the wild-type protein.
The reduction of compound II to native enzyme also was measured with p-cresol
and ferrocyanide as the substrates. The plots of pseudo-first-order rate constants versus




Table 5.4. Rate of formation of MnP compound L.
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MnP proteins

kiapp? (M-1 s-1)

wt MnP1
MnP D179N
MnP E35Q
MnP E39Q

MnP E35Q-D179N

(1.3+£0.1) x 106
(1.1£0.2) x 106
(1.1 £0.2) x 106
(1.2+0.1) x 106

(1.1 £0.2) x 106

a MnP compound I formation was followed at 397 nm, the isosbestic point between

compounds I and II. Reactions were carried out in 20 mM K-succinate, pH 4.6 (ionic

strength 0.1 M). These rate constants were linearly proportional to [H>O,] with a zero

intercept.
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Figure 5.3. Kinetics of reduction of compound II of MnP mutant proteins by Mn(II).
Reduction of compound II of MnP D179N (O), E39Q (@), E35Q (O), and E35Q-D179N

(®) by Mn(II) in 1 mM potassium oxalate, pH 4.6. Each trace exhibited single-

exponential character. Concentration of enzyme was 2 UM, ionic strength 0.1 M.
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Table 5.5. Kinetic parameters for reduction of MnP compound II by Mn(II).2

Enzyme First-order Equilibrium
rate constants ' dissociation constants
(s71) M)

wt MnP1b (2.3 +£0.2) x 102 (5.6 £1.0)x10-5
MnP D179Nc 1.3+0.1 (5.6 £0.6) x 103
MnP E35Q 0.69 £ 0.03 (8.0 £0.6) x 10-3
MnP E39Q 0.94 £ 0.02 3.9+0.2) x 10-3
MnP E35Q-D179N (6.0+£0.3) x 10-2 (1.1 £0.1) x 10-2

a Reactions were carried out in 1 mM K-oxalate, pH 4,6, containing 2 uM MnP compound
II. The ionic strength was adjusted to 0.1 M.
b Kishi et al., 1994

¢ Kusters-van Someren et al., 1995
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p-cresol or ferrocyanide concentrations were linear for wild-type MnP1 and MnP mutant
proteins (data not shown). The calculated second-order rate constants are listed in
Table 5.6. The second-order rate constants of MnP mutants for p-cresol and ferrocyanide
were similar to those of wild-type MnP1, demonstrating that these mutations did not affect
the oxidation of these substrates.

5.4 DISCUSSION

Although the catalytic cycle of MnP is similar to that of other plant and fungal
peroxidases (Gold et al., 1989; Gold & Alic, 1993; Wariishi et al., 1988, 1989a;
Dunford & Stillman, 1976; Renganathan & Gold, 1986), this enzyme is unique in its
ability to oxidize Mn(II) to Mn(IIl) (Glenn et al., 1986; Wariishi et al., 1989a, 1992). The
latter, complexed with an organic acid such as oxalate, diffuses from the enzyme to oxidize
either the terminal phenolic substrate (Glenn et al., 1986; Tuor et al., 1992) or a mediator
(Bao et al., 1994; Wariishi et al., 1989b). The recent crystal structure
(Sundaramoorthy et al., 1994b), as well as homology modeling of MnP (Johnson et al.,
1993) indicate that there is a cation binding site on the surface of the protein, consisting of
the carboxylates of three acidic amino acid ligands, Asp179, Glu35, and Glu39, and one of
the heme propionates. In the crystal structure (Sundaramoorthy et al., 1994b) the final two
ligands for the hexacoordinate Mn(II) ion are water molecules but these might be replaced
by a chelator such as oxalate during the catalytic cycle. The characterization of our first
site-directed MnP mutant, D179N, suggests that this cation site is the productive Mn(II)
binding site. Comparison of the Mn(II) binding ligands in MnP and corresponding amino
acid residues in the LiP-H8 crystal structure (Pribnow et al., 1989; Poulos et al., 1993;
Piontek et al., 1993; Sundaramoorthy et al., 1994b; Ritch & Gold, 1992) reveals that two
of three anionic residues found in MnP are replaced by non charged residues in LiP: Ala36
for Glu35 and Asnl182 for Asp179. Only Glu39 in MnP is conserved as Glu40 in LiP. In
addition, the heme propionate in LiP is not positioned for favorable Mn(Il) binding and the
location of the extended C-terminal peptide in LiP would interfere with Mn(II) binding
(Sundaramoorthy ef al., 1994b). Thus LiP lacks an available, stable Mn(II) binding site.
Although it recently has been claimed that one of the LiP isozymes, H2, can oxidize Mn(II)
(Khindaria et al., 1995; Sutherland et al., 1995), comparison of the LiP-H2 sequence with
those of MnP1 and LiP-H8 reveal that LiP-H2 also lacks a favorable Mn(II) binding site,
and thus is unlikely to complete its catalytic cycle in the presence of Mn(Il) as the only
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Table 5.6. Kinetic parameters for the reduction of MnP compound II by ferrocyanide and

p-cresol.2
Substrate MnP proteins Second-order rate constant
(M-1s-1)
ferrocyanide wt MnP1 (12+0.1)x 103
MnP D179N (1.1£0.2) x 103
MnP E35Q (1.1£0.1)x 103
MnP E39Q n.d.b
MnP E35Q-D179N (1.0+0.3) x 103
p-cresol wt MnP1 (1.9 £0.2) x 102
MnP D179N (1.6 £0.3) x 102
MnP E35Q (1.9+0.1) x 102
MnP E39Q (1.4 +0.4) x 102
MnP E35Q-D179N (1.9+0.2) x 102

a Reactions were conducted in 20 mM K-malonate (pH 4.6, ionic strength 0.1 M),
containing 2 pM MnP 11

b Not determined.
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reducing substrate. Contamination of LiP-H2 with MnP during purification may account
for the reported oxidation of Mn(Il) (Khindaria et al., 1995; Sutherland et al., 1995).

Mutation of each of the ligands in the Mn(II) binding site of MnP would increase
our understanding of the unique specificity of this peroxidase. Our earlier results indicate
that the Asp179Asn mutation significantly affects the oxidation of Mn(II), probably by
decreasing the affinity of the enzyme for Mn(II). However, these results did not rule out
the possible involvement of Asp179 in electron transfer. To better understand how the
Mn(II) binding site ligands function, we have altered the other amino acid ligands in the
Mn(II) binding site: Glu35GIn, Glu39GlIn, and Glu35GIn-Asp179Asn.

We recently demonstrated the homologous expression of recombinant MnP
isozyme 1 (rtMnP1) of P. chrysosporium (Mayfield et al., 1994b), wherein expression of
the mnpl gene is under the control of the P. chrysosporium gpd gene promoter. This
construct allows expression of tMnP1 during the primary metabolic phase of growth when
endogenous MnP is not expressed. Both the spectral and kinetic properties of the
recombinant enzyme are very similar to wild-type MnP1, indicating that this expression
system is suitable for conducting structure/function studies of MnP by site-directed
mutagenesis. Overlap extension PCR was used to create the E35Q, E39Q, and
E35Q-D179N mutations. The mutant gene, in pOGI18, was transformed into the Adel
strain of P. chrysosporium as described (Kusters-van Someren et al., 1995). Each mutant
protein was purified to homogeneity by a combination of hydrophobic interaction, Blue
agarose, and anion-exchange chromatographies.

As with the MnP D179N mutant (Kusters-van Someren et al., 1995), the MnP
E35Q, E39Q, and E35Q-D179N mutant proteins are essentially identical to the wild-type
enzyme with respect to chromatographic properties and molecular weight, suggesting that
these mutations do not lead to gross conformational alterations of the protein.
Furthermore, the E35Q, E39Q, and E35Q-D179N mutant, native ferric proteins exhibit
essentially identical spectral features to that of wild-type MnP1 (Figure 5.1, Table 5.1)
(Wariishi et al., 1988; Mayfield et al., 1994b). The spectra of the catalytic intermediates,
compounds I and II, of the mutant proteins also are essentially identical to those of the
wild-type MnP oxidized intermediates (Figure 5.1, Table 5.1), suggesting that the heme
environment of MnP is not altered significantly by E35Q, E39Q, and E35Q-D179N
mutations in the Mn(II) binding site.

Resonance Raman spectroscopy is particularly well suited for the determination of

coordination and spin states of hemes and metalloporphyrins (Spiro, 1988). Of the many
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porphyrin skeletal vibrational modes, v3 and v1g are generally easily identified and, hence,

serve as very useful indicators. Characteristic v3 values are ~1480, ~1490, and
~1505 cm-1 for 6¢HS, 5cHS, and 6¢cLS hemes, respectively. The corresponding set of
Vi values are ~1610, ~1625, and ~1640 cm-1 (Mino et al., 1988; Sun et al., 1993, 1994).

The 1R results for wild-type MnP have been obtained at higher resolution and
superior S/N as compared to an earlier report from this laboratory (Mino et al., 1988) and
show the coexistence of 6¢cHS and ScHS heme species at room temperature. The mixture
of species is consistent with the presence of a six-coordinate, water-bound heme in
equilibrium with a five-coordinate heme lacking an aqua ligand in the distal heme pocket.
In the crystal structure of native wild-type MnP, a water molecule is located between the
Fe(III) atom of the heme and the distal His46, with an Fe-OH, distance of 2.88 A
(Sundaramoorthy et al., 1994b). Similar coordination-state equilibria have been proposed
for LiP and cytochrome ¢ peroxidase in acidic to neutral buffers (Andersson et al., 1987;

Smulevich et al., 1988). The Fe-OH, distances in the crystal structures of LiP and

cytochrome ¢ peroxidase are between 2.42 and 2.73 A (Poulos et al., 1993; Finzel et al.,
1984).

Furthermore, mutations D179N and E35Q-D179N appear to have little or no effect
on the structure and coordination-state equilibrium of the heme. Although these residues
are involved in the formation of a Mn(II) ion binding site near the heme, one of whose
propionate side chains also is implicated as a ligand to the cation site, our UV/vis and
resonance Raman data suggest that perturbations caused by removal of these acidic
residue(s) from the cation binding site are not transmitted to the nearby heme in a manner
detectable by these spectroscopic methods.

In contrast to the negligible effects of these mutations on the spectroscopic
properties of MnP, mutations of the Mn(II) binding ligands change the catalytic properties
of MnP dramatically. The turnover numbers (k.y;) for Mn(II) oxidation by MnP E35Q and
E39Q decrease 300-fold with respect to the wild-type enzyme. The apparent K, values for
MnP E35Q and E39Q are 60 and 30 times higher, respectively, than that for wild-type MnP
(Table 5.2). Furthermore, the k., for Mn(II) oxidation by the E35Q-D179N double
mutant decreases 1000-fold and the K, for this double mutant increases 110-fold with
respect to the wild-type enzyme (Table 5.2).

These mutations also have a dramatic effect on the reduction of compound 1I to the
native enzyme by Mn(Il) (Figure 5.3), which is the rate-limiting step in the MnP catalytic
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cycle (Wariishi et al., 1988, 1989a; Kishi et al., 1994; Kuan et al., 1993). At 1 mM
oxalate (pH 4.6), the plots of ks versus Mn(HI) concentration are hyperbolic (Figure 5.3),
indicating a binding interaction between Mn(II) and MnP. The equilibrium dissociation
constants for compound II reduction for the MnP single mutants increase ~100-fold and for
the double mutant, ~200-fold (Table 5.5), indicating that the binding affinity of the mutant
proteins for Mn(Il) is significantly decreased with respect to the wild-type protein. The
first-order rate constants for the MnP E35Q, E39Q and E35Q-D179N proteins are
approximately 300-, 200~ and 4000-fold lower, respectively, than the value obtained for
wild-type MnP (Table 5.5), strongly suggesting that this Mn(II) binding site is the
productive, and probably the only, substrate oxidation site. The effect of the mutations on
the first-order rate constant suggests that the electron-transfer rate is lowered
(equations 1-3). This may be a consequence of a higher redox potential for Mn(Il) in the
Mn binding site of the mutant proteins as compared with that for the wild-type protein.
Alternatively, it may represent a much slower rate of electron transfer from a second,
weaker Mn binding site.

Interestingly, the K, and k¢, values indicate that oxidation of ferrocyanide by MnP

(Table 5.3) is not affected by these mutations in the Mn(Il) binding site of MnP.
Furthermore, the similarity of the second-order rate constants for MnP compound II
reduction by p-cresol and ferrocyanide for the mutant and wild-type proteins (Table 5.6)
indicate that these reactions are not affected by mutations in Mn(Il) binding site. These
results indicate that neither ferrocyanide nor p-cresol bind or are oxidized at the Mn(II)
binding site.

Furthermore, the mutations do not affect either the apparent Ky, for H;O;
(Table 5.2) or the pre-steady-state rate of compound I formation by H,O; (Table 5.4).

This suggests that the environment of the amino acid residues involved in the formation of
compound 1, including the distal His, distal Arg and proximal His, has not been altered by
any of the mutations in Mn(II) binding site. The recent crystal structure of MnP clearly
shows that the peroxide and aromatic access channel is distinct from the Mn(II) binding site
on the surface of the protein.

Homology modeling (Johnson et al., 1993) and the MnP crystal structure
(Sundaramoorthy et al., 1994b) predict that the Mn(II) binding site in MnP consists of the
acidic amino acids Aspl79, Glu35, and Glu39, and a heme propionate. However,
homology modeling also predicts several alternate Mn(II) binding sites (Johnson et al.,
1993). Although it is possible that there are other Mn(II) binding sites, the results
presented here strongly suggest the Mn(II) binding site shown in Figure 5.4
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Figure 5.4. The Mn(Il) binding site of MnP showing 4 acid ligands—D179, E35, E39,
and a heme propionate (Sundaramoorthy et al., 1994b). The dark areas on the models
represent oxygen atoms.
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(Sundaramoorthy et al., 1994b) is the only productive catalytic site for Mn(II) oxidation,
particularly since the double mutation, E35Q-D179N, almost completely destroys MnP
oxidation of Mn(II) (Tables 5.2 and 5.5).

In conclusion, the results presented in this study, along with our previous work
(Kusters-van Someren et al., 1995), demonstrate that changing any of the acidic amino acid
Mn(II) ligands Asp179, Glu35, or Glu39, significantly affects the oxidation of Mn(Il),
most probably by decreasing the affinity of the enzyme for Mn(II). In contrast, neither the
rate of formation of compound I nor the rate of reduction of compound II by p-cresol or
ferrocyanide is affected by these mutations. These results indicate that the Mn(II) binding
site consisting of Asp179, Glu 35 and Glu 39 is the productive site. The coordination of
Mn(II) at this site is octahedral, which is typical of Mn(Il) coordination complexes
(Demmer et al., 1980). Current views envision electron transfer pathways through
covalent bonds in proteins (Onuchic & Beratram, 1990). The structure of this site suggests
that the electron may be transferred from Mn(Il) to the porphyrin via the heme propionate

ligand, using a nearly continuous o-bonded path. Additional mechanistic, structural and

mutagenesis studies will be required to elucidate further the electron transfer pathway in

this system.




CHAPTER 6

SITE-DIRECTED MUTATIONS AT PHENYLALANINE 190 OF
MANGANESE PEROXIDASE: EFFECTS ON STABILITY, FUNCTION,
AND COORDINATION

6.1 INTRODUCTION

White-rot basidiomycete fungi are capable of degrading the plant cell wall polymer
lignin (Buswell & Odier, 1987; Gold et al., 1989; Kirk & Farrell, 1987) and a variety of
aromatic pollutants (Bumpus & Aust, 1987, Hammel, 1989; Joshi & Gold, 1993;
Valli & Gold, 1991; Valli et al., 1992b). When cultured under ligninolytic conditions, the
lignin degrading fungus Phanerochaete chrysosporium secretes two families of extracellular
peroxidases, lignin peroxidase (LiP) and manganese peroxidase (MnP), which, along with
an HyO,-generating system, comprise the major enzymatic constituents of its extracellular
lignin-degrading system (Bao et al., 1994; Buswell & Odier, 1987; Gold & Alic, 1993;
Hammel et al., 1993; Kirk & Farrell, 1987; Kuwahara et al., 1984; Wariishi et al., 1991b).
Both LiP and MnP are able to depolymerize lignin in vitro (Bao et al., 1994; Hammel et al.,
1993; Wariishi et al., 1991b). MnP activity has been found in all lignin-degrading fungi
that have been examined (Hatakka, 1994; Orth et al., 1993; Périé & Gold, 1991).

MnP has been purified and characterized biochemically and kinetically
(Glenn & Gold, 1985; Glenn et al., 1986; Gold & Alic, 1993; Gold et al., 1989,
Périé et al., 1996; Wariishi et al., 1989a, 1992), and the sequences of cDNA and genomic
clones encoding several P. chrysosporium MnP isozymes have been determined
(Godfrey et al., 1990; Gold & Alic, 1993; Mayfield et al., 1994a; Pease et al., 1989;
Pribnow et al., 1989). Spectroscopic studies and DNA sequences suggest that the heme
environment of MnP is similar to that of other plant and fungal peroxidases (Banci et al.,
1992; Dunford & Stillman, 1976; Glenn et al., 1986; Harris et al., 1991; Mino et al., 1988;
Pribnow et al., 1989; Wariishi et al., 1988). Kinetic and spectroscopic characterization of
the oxidized intermediates, MnP compounds I and II, indicate that the catalytic cycle of
MnP is similar to that of HRP and LiP (Glenn et al., 1986; Gold et al., 1989;
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Renganathan & Gold, 1986; Wariishi et al., 1988, 1989a, 1992). However, MnP is
unique in its ability to oxidize Mn(Il) to Mn(IIT) (Glenn & Gold, 1985; Glenn er al., 1986;
Wariishi et al., 1992). The enzyme-generated Mn(II) is stablized by organic acid chelators
such as oxalate which is secreted by the fungus (Kishi et al., 1994; Kuan et al., 1993;
Wariishi et al., 1992). The Mn(Ill)-oxalate complex, in turn, oxidizes substrates such as
lignin substructure model compounds (Tuor et al., 1992), synthetic lignin (Bao et al.,
1994; Wariishi et al., 1991b), and aromatic pollutants (Joshi & Gold, 1993; Valli & Gold,
1991; Valli et al., 1992b).

It has been proposed that a unique Mn binding site observed in the MnP crystal
structure (Sundaramoorthy et al., 1994b) is involved in the oxidation of Mn(II). The Mn
binding ligands in this proposed binding site are Glu35, Glu39, Asp179, a heme
propionate, and two H,O molecules (Sundaramoorthy et al., 1994b). Using an
homologous expression system (Mayfield et al., 1994b) for producing recombinant MnP,
we carried out site-directed mutagenesis on the proposed Mn(II) binding site ligands
(Kishi et al., 1996; Kusters-van Someren et al., 1995). The results confirmed that Glu35,
Glu39, and Asp179 are Mn(II) ligands and that the proposed Mn(II) binding site is the
productive site (Kishi et al., 1996; Kusters-van Someren et al., 1995).

Other than this unique Mn binding site, the heme environment of MnP appears to be
similar to those of other plant and fungal peroxidases (Edwards et al., 1993;
Sundaramoorthy et al., 1994b). All of the catalytic residues, including the distal His and
Arg and the proximal His and Asp, are conserved in MnP, LiP, HRP, CCP and CIP
(Edwards et al., 1993; Finzel et al., 1984; Gold & Alic, 1993; Kunishima et al., 1994,
Petersen et al., 1994; Piontek et al., 1993; Poulos et al., 1993; Sundaramoorthy et al.,
1994b). In addition, as in both HRP and LiP (Edwards et al., 1993; Piontek et al., 1993;
Poulos et al., 1993), MnP has two Phe residues (Phe 45 and Phe 190) in the heme pocket,
whereas both CCP and ascorbate peroxidase contain Trp residues at these positions
(Finzel et al., 1984; Patterson & Poulos, 1995). CIP has a Leu (Kunishima et al., 1994;
Petersen et al., 1994) replacing the proximal Phe (Phe 190 in MnP1). In addition,
comparison of the LiP and MnP crystal structures (Edwards et al., 1993; Piontek et al.,
1993; Poulos et al., 1993; Sundaramoorthy et al., 1994b) indicates that the orientation of
the plane of the proximal Phe residue of the two enzymes are different. Although the role
of the proximal Phe190 in MnP has not been elucidated, it could play a role in protein
folding or stability, heme insertion, or stability of the enzyme oxidized intermediates. In
this report, we have replaced the proximal Phe190 with Tyr, Leu, Ile, and Ala to examine
the role of this amino acid residue in the MnP reaction.
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6.2 MATERIAL AND METHODS

6.2.1 Organisms
P. chrysosporium wild-type strain OGC101, auxotrophic strain OGC107-1 (Adel),
and prototrophic transformants were maintained as described previously (Alic et al., 1990).

Escherichia coli XL.1-Blue and DH50F” were used for subcloning plasmids.

6.2.2 Oligodeoxyribonucleotides

Each of four oligonucleotides were used for site-directed mutagenesis of Phe190 of
the mnpl gene (Godfrey et al., 1990; Pribnow et al., 1989). Oligonucleotides B1,4m and
D1,y were 17-mers, prepared as described previously (Kusters-van Someren et al., 1995).
Oligonucleotides Y190p0rm, L19030rm, and 1190,4rym were 28-mers and A190n0rm,
A190.y, Y190y, L1900y, and 1190, were 27-mers. Y190,5rm, L.190,0rm, and
1190,0rm spanned nucleotides 874-901, and A190,0rm spanned nucleotides 874-900.
A190ey, Y190y, L190;¢, and I190,., spanned nucleotides 890—-864. Oligonucleotides
were synthesized at the Center for Gene Research and Biotechnology, Oregon State
University, Corvallis, OR. Oligonucleotides 190 and 190, contained the preferred
codon and anticodon (Ritch & Gold, 1992), respectively, for corresponding amino acid
residues: GCC for A190, TAC for Y190, CTC for L190, and ATC for 1190, replacing
TTT encoding Phe190. :

6.2.3 Site-Directed Mutagenesis by PCR

554-bp Bpul1102I-Dralll fragments containing the F190A, F190Y, F190L, and
F190I mutations were generated by overlap extention (Ho et al., 1989;
Kusters-van Someren et al., 1995) using the polymerase chain reaction (PCR). Two
partially overlapping fragments were generated using either oligonucleotides B 1, and
A190ey (or Y190;ey, L190;ey, or 1190,¢,) or oligonucleotides A190,orm (or Y190,0rm,
L190,0rm, or I1190,0rm) and D1 ,., under the conditions described
(Kusters-van Someren et al., 1995). These fragments were combined and used as template
DNA in a second reaction with oligonucleotides B 1oy and D1y to generate a 608-bp
PCR fragment as described (Kusters-van Someren et al., 1995). The final PCR product
was analyzed by agarose gel electrophoresis, excised, purified as described
(Kusters-van Someren et al., 1995), and digested with Bpu1102I and Dralll (New
England Biolabs).
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6.2.4 Construction of pAGM3, 5, 10, and 13

The Bpul1021-Dralll fragments containing the F190 mutations were subcloned
into pGM1 (Kusters-van Someren et al., 1995; Mayfield et al., 1994b), containing unique
Bpu1102I and Dralll sites, replacing the wild-type mnpl fragment with the mutant
fragment, to generate pGM3 (F190Y), pGMS (F190I), pGM10 (F190L), and pGM13
(F190A). The entire Bpu11021-Dralll fragments were analyzed by double-stranded DNA
sequencing as described (Kusters-van Someren et al., 1995). Subsequently, the 4.0-kb
Xbal-EcoRI fragments of pGM3, 5, 10, and 13, containing the gpd promoter and the
mutated mnpl gene, were subcloned into pOGI18 (Godfrey et al., 1994), generatihg
pAGM3, 5, 10, and 13, respectively. The presence of the mutations in pAGM3, 5, 10,
and 13 was confirmed by double-stranded DNA sequencing, using oligonucleotide B 1,6

as a primer.

6.2.5 Transformation of Phanerochaete chrysosporium

P. chrysosporium strain Adel (Gold et al., 1982) was transformed as described
previously (Alic et al., 1990), using 1 pg of pAGM3, 5, 10, or 13 as transforming DNA.
Transformants were transferred to minimal slants (Alic et al., 1990) to confirm adenine
prototrophy and, subsequently, were assayed for MnP activity with an o-anisidine plate
assay as described (Mayfield et al., 1994b). Transformants showing the greatest activity as
detected by the plate assay were purified by' fruiting as described (Alic et al., 1987).

6.2.6 Production and Purification of the MnP Mutant Proteins

The MnP mutant proteins were produced under primary metabolic conditions when
endogenous mnp genes were not expressed, as described previously
(Kusters-van Someren et al., 1995; Mayfield et al., 1994b), except that cultures were
grown at 28 °C on a rotary shaker (150 rpm) for 3 days. The mutant proteins were purified
by a combination of phenyl-sepharose CL-6B column chromatography, Cibacron Blue
3GA agarose column chromatography, and FPLC with a Mono Q column (Pharmacia), as
described previously (Kishi et al., 1996; Mayfield et al., 1994b).

6.2.7 SDS-PAGE and Western Analysis

Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) was
performed with a 12% Tris—glycine gel system (Laemmli, 1970) and a Mini-Protean II
apparatus (Bio-Rad). The gels were stained with Coomassie blue. For western
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(immunoblot) analysis, proteins were electroblotted onto nitrocellulose (Micron
Separations, Inc.), and MnP proteins were detected as described (Pribnow et al., 1989).

6.2.8 Enzyme Assays and Spectroscopic Procedures

Mn(II) oxidation by MnP was measured by following the formation of
Mn(IIT)-malonate as described (Wariishi et al., 1992). The oxidation of ferrocyanide by
MnP was followed at 420 nm using the extinction coefficient for ferricyanide of
1.02 mM-1 cm-1 (Schellenberg & Hellerman, 1958). UV-vis absorption spectra of the
various oxidation states of MnP mutant proteins were recorded at 10 °C with a Shimadzu
UV-260 spectrophotometer fitted with a circulating water bath. The enzyme was
maintained in 20 mM potassium malonate, pH 4.5. The ionic strength of the buffers was
adjusted to 0.1 M with K2SO4. Enzyme concentrations were determined at 406 nm with an

extinction coefficient of 129 mM-1 cm-1 (Glenn & Gold, 1985). MnP compounds I and II
were prepared as described (Kusters-van Someren et al., 1995; Mayfield et al., 1994b).
Spectrophotometric pH titrations were carried out by addition of small volumes of
2 M NaOH solution to protein solutions (10 pM) prepared in sodium phosphate buffer
(0.1 M, 20 °C). The resulting titration data were fitted by the non-linear least squares
program Scientist (MicroMath, Orem, UT) to determine the pK,s indicated by the

pH-dependent changes in absorbance.

6.2.9 Steady-State Kinetics and Stability Measurements

The apparent K, and k4 values of the variant enzymes for Mn(II) and ferrocyanide
were determined as described (Kusters-van Someren et al., 1995; Mayfield et al., 1994b).
Reaction mixtures contained MnP protein (0.5 pg/ml), H,O, (0.1 mM), and MnSO4
(0.02-0.5 mM), or ferrocyanide (0.1-1.0 mM for F190A and 1.0-5.0 mM for others) in
50 mM sodium malonate, pH 4.5. Apparent Ky, values of the mutant enzymes for HyO;
were determined as described (Kusters-van Someren et al., 1995; Mayfield et al., 1994b).

The thermal denaturation of MnP proteins was measured by following the
absorbance decrease at the Soret maximum at 406 nm. Reaction mixtures contained 2 pM
MnP in 20 mM potassium malonate, pH 4.5. The ionic strength of the solutions was
adjusted to 0.1 M with K;SOq4.
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6.2.10 Magnetic Circular Dichroism (MCD) Spectroscopy

MCD spectra were acquired with a Jasco Model J-720 spectropolarimeter and a 1.5
T electromagnet (Alpha Magnetics). The samples were placed in a 3-mL quartz cuvette
(1-cm pathlength) and the cuvette was placed into a water-jacketed cell holder maintained at
298 K. Each spectrum represents an average of six scans (300-700 nm). Protein samples
([wild-type MnP] = 8.7 uM and [F190I] = 7.4 pM) for MCD spectroscopy were prepared
in 100 mM sodium phosphate buffer, pH 4.5. The pH of the samples was adjusted by
addition of small volumes of 1 M sodium hydroxide solution directly to the cuvette.

6.2.11 Electron Paramagnetic Resonance (EPR) Spectroscopy

EPR spectra of wild-type MnP were obtained at X-band frequencies with a Bruker
Model ESP 300E spectrometer equipped with an Oxford Instruments Model 900 liquid
helium cryostat, an Oxford Instruments Model ITC4 temperature controller, and a Hewlett-
Packard Model 5352B frequency counter. The experimental conditions used were 4 K,
microwave power 0.5 mW, microwave frequency 9.45 GHz, modulation frequency
100 kHz, and modulation amplitude 0.5 mT. Enzyme samples for EPR spectroscopy were
exchanged into 100 mM sodium phosphate buffer of the appropriate pH through repeated
dilution and concentration by centrifugal ultrafiltration with an Amicon microconcentrator

(Centricon-10). The final concentration of the protein samples was 1.3 mM.

6.2.12 Chemicals

Phenyl-Sepharose CL-6B, Cibacron Blue 3GA agarose, potassium ferrocyanide,
and H;0; (30% solution) were obtained from Sigma. All other chemicals were reagent
grade. Solutions were prepared using deionized water obtained from a Milli Q purification

system (Millipore).
6.3 RESULTS

6.3.1 Expression and Purification of Mutant Proteins

The F190Y, F190I, F190L, and F190A mutations were confirmed by
double-stranded DNA sequencing of the altered restriction fragments in pGM3, 5, 10, and
13 and in the complete transformation vectors, pAGM3, 5, 10, and 13, respectively.
Prototrophic transformants with detectable MnP activity in the plate assay were purified by
fruiting as described (Alic et al., 1987). When incubated at 28°C, the purified
transformants expressed extracellular mutant MnP protein within three days of growth in
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liquid, HCHN shake cultures, conditions under which endogenous MnP was not
expressed. The amount of variant protein secreted by the F190Y, F190L and F190I
transformants, as assayed by monitoring the formation of the Mn(Ill)-malonate complex
(Wariishi et al., 1992), was approximately the same as that of recombinant wild-type MnP1
(rtMnP1) (Mayfield et al., 1994b). However, the F190A transformants had 10% of the
rMnP1 level of activity. Furthermore, the F190Y, F190L and wild-type transformant
exhibited essentially the same amount of MnP activity when grown either at 28 or 37 °C;
whereas the F190I and F190A transformants produced only trace amounts of MnP activity
when grown at 37 °C, suggesting that the MnP F190I and F190A proteins were unstable at
this temperature. The MnP mutant proteins were purified using phenyl-sepharose, Blue
Agarose, and Mono Q chromatographies (Kishi et al., 1996; Kusters-van Someren et al.,
1995; Mayfield et al., 1994b). In each case, the major variant protein peak eluted from the
Mono Q column at essentially the same position as rMnP1 (Mayfield et al., 1994b).
Furthermore, the molecular weights (46 kDa), as determined by SDS-PAGE, of the MnP
variant proteins were identical to those of rMnP1 (data not shown) (Mayfield e al.,
1994b).

6.3.2 Spectral Properties of MnP Mutant Proteins

For each of the variant proteins, the Soret band at 406 nm rapidly decreased and red
shifted to yield a band at 397 nm following the addition of 1.0 equiv of H;O; to the native
enzyme. In the visible region, compound I displayed a peak at 650 nm with a broad
absorption at 530-600 nm (Figure 6.1). Upon the addition of 1.0 equiv of ferrocyanide to
the mutant MnP compounds I, compound II spectra, with maxima at 420, 528, and 555
nm, appeared (Figure 6.1). The electronic absorption maxima of compounds I and II for
each of the MnP variant proteins were essentially identical to those of the wild-type enzyme
(Table 6.1).

6.3.3 Steady-State Kinetics
Under steady-state conditions, linear Lineweaver-Burk plots were obtained over a
range of Mn(Il), ferrocyanide, and H>O; concentrations in 50 mM malonate, pH 4.5 (data

not shown). The apparent K, values for H,O; (~40 uM) and Mn(II) (~80 uM) for the
MnP variant proteins were similar to those for wild-type MnP1 (Table 6.2). The apparent

kcar values of the variant proteins for Mn(II) (2.4-2.9 X 102 s-1) also were similar to those

for wild-type MnP1. In addition, the apparent Ky, (~3.5 mM) and k.4 (~4.0 s-1) values
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Figure 6.1. Electronic absorption spectra of oxidized states of MnP F190Y: native enzyme
(—+—), compound I (- ~ -), and compound II (—). Spectra were recorded in 20 mM
potassium malonate, pH 4.5 (L= 0.1), at 10 °C. The enzyme concentrations were 2 UM
(A, Soret spectra) and 4 uM (B, visible spectra). MnP F190Y compound I was prepared
by adding 1 equiv of H,O; to native MnP F190Y. MnP F190Y compound II was prepared
by the successive additions of 1.0 equiv of HyO, and 1.0 equiv of potassium ferrocyanide

to the native enzyme.
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Table 6.1. Absorbance Maxima (nm) of Native and Oxidized Intermediates of Wild-Type
MnP1 and MnP F190 Mutantsa

Enzyme Native Compound I Compound II
wild-type MnP 406, 502, 636 398, 558, 617 (sh)b, 650 420, 528, 555
MnP F190Y 406, 502, 636 398, 557, 617 (sh)b, 650 420, 528, 555
MnP F190L 405, 502, 636 397, 558, 617 (sh)b, 650 420, 528, 555
MnP F1901 405, 501, 635 397, 557, 615 (sh)b, 468 418, 528, 555
MnP F190A 405, 501, 638 397, 557, 615 (sh)b, 648 418, 527, 555

a Electronic absorption spectra were recorded in 20 mM potassium malonate, pH 4.5 ()L =
0.1), at 10 °C.
bShoulder.
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Table 6.2. Steady-State Kinetic Parameters of Wild-Type MnP1, MnP Fi190Y, MnP

F190L, MnP F190I, and MnP F190Aa4

K (UM) keat (s71)
Mn) H,0,  Fe(CN)s Mn(I)  Fe(CN)g
wild-type MnP 83 39 3.5 % 103 2.9 x 102 4.0
MnP F190Y 80 41 3.8 x 103 2.8 % 102 4.2
MnP F190L 75 41 35103 2.9 % 102 3.9
MnP F1901 78 39 34103 2.6 % 102 3.4
MnP F190A 74 39 40x102 2ax 102 146

aReactions were carried out in 50 mM sodium malonate, pH 4.5, at room temperature. The

apparent Kp, and kcy for Mn(II) and ferrocyanide were determined in the presence of 0.1
mM H,0,. The apparent K, for HyO, was determined in the presence of 0.5 mM Mn(II).
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for ferrocyanide for the F190Y, F190L, and F190I variant proteins were similar to those
for the wild-type MnP1 (Table 6.2). In contrast, the MnP F190A apparent K, value of
0.42 mM for ferrocyanide was ~one-eighth of that for wild-type MnP1, and the MnP
F190A apparent k5 value (14.6 s-1) for ferrocyanide was ~4 times higher than for the
wild-type MnP1 (Table 6.2).

6.3.4 Thermal Denaturation of MnP F190 Mutant Proteins

The thermal denaturation of the MnP variants was followed over a range of
temperatures in 20 mM potassium malonate, pH 4.5. Fi'gure 6.2 shows the natural log plot
of the change in absorbance at 406 nm versus time at 49 °C for wild-type MnP and for the
F190Y, F190L, and F190I proteins, according to the first-order expression:

InlA; — Aol = —kt + InlAg — Al (1)
where Ag, A, and A, are the Soret absorbance at times O, t, and the end point,
respectively. The rate constants for denaturation (kgen) of the MnP proteins were
determined from the slopes of the plots, and half-lives (Ty/;) were calculated for each
variant. The Ty, value for the MnP F190I variant at 49 °C (~30 s) was ~one-tenth that

observed for the wild-type MnP and for the MnP F190Y and F190L variant proteins
(~330 s). The MnP F190A variant was denatured completely within 5 seconds at 49 °C
(data not shown).

Arrhenius plots for denaturation (Inkgen versus 1/T) were linear for all forms of

MnP studied (Figure 6.3). The activation energies, E,, derived from the slopes of these

plots were very similar (~80 kcal/mol) for the wild-type and MnP F190 variants.
However, the temperature dependence in the MnP F1901 and F190A variants of the rate of
denaturation is shifted significantly with respect to those of the wild-type, F190Y and
F190L MnPs.

6.3.5 Stability of MnP Compounds I and II

MnP compound I spontaneously reduced to compound II at pH 4.5 as observed
from the increase in absorbance at 417 nm, an isosbestic point in the spectra of compound
IT and the native protein. The plots of the natural log of absorbance versus time
(equation 1) exhibited a linear relationship (Figure 6.4A) from which the rate constants for
spontaneous reduction of compounds I to II were calculated.

The spontaneous reduction of compound II also was measured for the MnP variants

by following the increase in absorbance of the Soret maximum at 406 nm (Figure 6.4B).
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Figure 6.2. First-order plots for the thermal denaturation of wild-type MnP (@), MnP
F190Y (0), F190L (3), and F190I (A) at 49 °C in 20 mM potassium malonate, pH 4.5
(u =0.1). The thermal denaturation of MnP proteins was followed at 406 nm.
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Figure 6.3. Arrhenius plot for the thermal denaturation of wild-type MnP (@), MnP
F190Y (O), F190L (), F190I (A), and F190A (H).
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Figure 6.4. First-order plot for the spontaneous decompositions of compound I (A) and
compound II (B) of wild-type MnP (@), MnP F190Y (O), F190L (3), F190I (A), and
F190A (H). The spontaneous decompositions of compounds I and II were followed at

417 and 406 nm, respectively. MnP compounds I and II were prepared at 10 °C as
described in the legend to Figure 6.1.
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The rate constants for spontaneous reduction of compounds I and II of the F190I and
F190L variants were ~2-fold greater than those determined for the wild-type and F196Y
variants (Table 6.3). Moreover, the rate constants for spontaneous reduction of the F190A
compounds I and II were approximately 30- and 13-fold greater, respectively, than those
observed for the wild-type MnP compounds I and II (Table 6.3).

6.3.6 pH-Dependent Shifts in the Electronic Absorption Spectra of MnP
F190 Variants

The electronic spectra of the MnP F190I variant exhibited two apparent
pH-dependent transitions between pH 5 and 10 (Figure 6.5). AtpH 5.3, the spectrum of

the MnP F190I variant was typical of a high-spin heme Fe(III) species (Anax = 405, 501,

635 nm). At pH 8.2, the electronic spectrum was characteristic of a hexacoordinate low-
spin Fe(IIT) species with maxima at 412, 534, 560 nm that suggested the presence of a bis-
histidinyl coordination environment for the heme iron (Ferrer et al., 1994; Turano et al.,
1995; Vitello et al., 1992). Above pH 8.2, further spectroscopic changes were observed,
probably owing to the alkaline denaturation of the MnP protein. Similar transitions were
observed in the electronic spectra of the wild-type MnP and MnP F190Y, F190L, and
F190A variants (data not shown). The pH-dependent changes in absorbance were
monitored at 560 nm (Figure 6.6) where the changes in absorbance were most pronounced
(Figure 6.5). The pH-linked transitions of all the MnP variants could be fitted to three

proton processes. The pK, values derived from these analyses are listed in Table 6.4.
Whereas the pK, values for wild-type MnP, MnP F190Y, and MnP F190L were similar to
each other, the pK, values obtained for MnPs F190I and F190A, particularly the pK,; and

pK,; values, were significantly lower (Table 6.4).

6.3.7 MCD Spectroscopy

To assess the basis for the changes observed in the electronic spectrum of MnP
with pH, MCD spectra were obtained at ambient temperature for both the wild-type and
variant (F1901) enzymes (Figure 6.7). The MCD spectrum of wild-type MnP exhibited
significant pH-dependent changes (Figure 6.7A). The spectrum of the native enzyme
(pH 5.9) exhibited a derivative-shaped Soret band (peak, 399 nm; crossover, 408 nm;
trough, 418 nm). The visible region (450-700 nm) exhibited additional maxima at ~482
and 650 nm, as well as an additional derivative-shaped band (peak, 529 nm; crossover,

538 nm; trough, 551 nm). The MCD features in the visible region resembled those
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Table 6.3. Spontaneous Decomposition of Compounds I and II of the MnP Variantsa

Compound I to 116 Compound II to nativec
ky (s-1) T2 (min) ky (s-1) Ty, (min)
Wild-type MnP1 1.3 x 104 89 3.0 x 10-5 3.9 x 102
MnP F190Y 1.3 x 10~4 89 3.0 x 10-5 3.9 x 102
MnP F190L 2.4 x 10-4 48 6.2 x 10-5 1.9 x 102
MnP F1901 2.8 x 10~4 41 7.6 x 10-5 1.5 x 102
MnP F190A 3.4 x 10-3 3.4 4.1 % 10-4 0.28 x 102

aReactions were carried out in 20 mM potassium malonate, pH 4.5, at 10 °C (ionic strength
adjusted to 0.1 M with K3SO4).
bThe conversion of compound I to IT was followed at 417 nm.

<The conversion of compound II to native protein was followed at 406 nm.
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Figure 6.5. Electronic absorption spectra of MnP F190I in 100 mM sodium phosphate
buffer (20 °C) at selected pH: pH 5.3 (——); pH8.2 (—); pH 10.2 (—~-).
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Figure 6.6. Dependence of the absorbance at 560 nm on pH for (A) wild-type MnP, (B)
F190A, and (C) F190I in 100 mM sodium phosphate buffer (20 °C). The solid lines
represent the nonlinear fits of these data to three single proton processes for wild-type MnP
F190I and F190A. Apparent pK, values for wild-type and variant forms of MnP are listed

in Table 6.4.
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Table 6.4. Apparent pK, Values of the pH-Dependent Transitions of Wild-Type MnP,
MnP F190Y, F190L, F1901, and F190A in 100 mM Na-Phosphate Buffer (20 °C)

Enzyme PKai PKa2 PKa3
wild-type MnP 6.67 £ 0.18 8.39 £ 0.10 9.15 +0.13
MnP F190Y 6.78 + 0.14 8.62 + 0.07 8.91 £ 0.14
MnP F190L 6.58 + 0.26 8.67 £ 0.07 8.89 + 0.06
MnP F1901 5.69 £ 0.65 7.71 £ 0.04 8.60 + 0.04
MnP F190A 6.21 £0.12 7.08 +0.16 8.55 + 0.05
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Figure 6.7. Visible MCD spectra (298 K) of ferric manganese peroxidase in 100 mM
sodium phosphate buffer: (A) Wild-type enzyme at pH 5.9 (----), pH 6.9 (-~ —-), and pH
7.8 (—); (B) The F190I variant at pH 5.9 (---), pH 6.5 (- - -), and pH 7.5 (—).
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observed for other high-spin heme proteins with a proximal histidine residue [e.g., HRP
(Nozawa et al., 1976) and myoglobin (Vickery et al., 1976a)]. At pH 7.8, wild-type MnP
exhibited little change in the position of the Soret band (peak, 402 nm; crossover, 411 nm;
trough, 421 nm), but a significant increase in intensity of this band that is consistent with
an increase in the low-spin component of the heme iron (Vickery et al., 1976a). At this
pH, anew derivative-shaped feature appeared (peak, 550 nm; crossover, 559 nm; trough,
571 nm) that resembled similar features observed in the MCD spectra of heme proteins with
bisimidazole axial coordination, such as cytochrome bs and the imidazole complexes of
myoglobin and cytochrome ¢ (Vickery ef al., 1976b). The pH-dependent changes
observed in the spectrum of the F190I MnP variant (Figure 6.7B) were essentially identical
to those of the wild-type enzyme and confirm that the conformational change observed for
this variant was unaltered by the F190I substitution at the active site. These pH-dependent
changes in the MCD spectra were similar to those reported previously for a variant of CCP
(Turano et al., 1995).

6.3.8 EPR Spectroscopy

The EPR spectra (4 K) of wild-type MnP at pH 4.7 and 8.0 are shown in
Figure 6.8. At low pH, the native enzyme exhibits a single high-spin axially symmetric
species with g values of 5.79 and 1.99 as reported previously (Mino et al., 1988). These
properties differentiate MnP and LiP from other well studied peroxidases (e.g., CCP) that
have more rhombically distorted electronic environments (Yonetani & Anni, 1987).
Unexpectedly, at 4 K, wild-type MnP remained almost completely high-spin at high pH
(g ~ 6.03 and 1.99) and exhibited only a trace of low-spin component(s), the identity of
which is uncertain (Figure 6.8B, expanded region). In contrast, the MCD spectrum
acquired at ambient temperature was that of a predominantly low-spin species at pH 7.8.
Therefore, wild-type MnP exhibited complex temperature-dependent changes in axial
ligation, in which the distal histidine was displaced at low temperatures. Similar
temperature dependence of axial ligation has been reported for the D235A variant of CCP
and for a variant of horse heart myoglobin, V68H (Ferrer et al., 1994; Lloyd et al., 1995).

6.4 DISCUSSION

Although the catalytic cycle of MnP is similar to that of other plant and fungal
peroxidases (Dunford & Stillman, 1976; Gold et al., 1989; Renganathan & Gold, 1986;
Wariishi et al., 1988, 1989a), this enzyme is unique in that it oxidizes Mn(II) to Mn(III)
(Glenn et al., 1986; Wariishi et al., 1989a, 1992). Mn(III), complexed with an organic
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Figure 6.8. X-band EPR spectra (4 K) of wild-type manganese peroxidase (100 mM
sodium phosphate buffer) at (A) pH 4.5 and (B) pH 8.0. The expanded region shows the

spectrum of the minor, low-spin component.
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acid such as oxalate, diffuses from the enzyme to oxidize the terminal organic substrate
(Glenn et al., 1986; Tuor et al., 1992). Whereas phenolic compounds can be oxidized
directly by MnP compound I, direct oxidation of phenols by MnP compound II is three
orders of magnitude slower than the oxidation of Mn(II) by compound II (Kishi ez al.,
1996; Kusters-van Someren et al., 1995; Wariishi et al., 1988, 1989a). Thus, Mn(Il) is
required to complete the MnP catalytic cycle (Wariishi et al., 1988, 1989a). The
three-dimensional structure of MnP suggests that the ability of MnP to oxidize Mn(Il) is
due to its unique Mn binding site (Sundaramoorthy et al., 1994b) which includes three
acidic amino acid ligands, Asp179, Glu35, and Glu39, and one of the heme propionates.
The final two ligands of the hexacoordinate Mn(II) ion are water molecules. Our recent
site-directed mutagenesis analysis of the amino acid ligands to Mn demonstrates that this is
the productive Mn binding site (Kishi et al., 1996; Kusters-van Someren et al., 1995).

A variety of studies have shown that the heme environment of MnP is similar to that
of other plant and fungal peroxidases (Figure 6.9) (Gold & Alic, 1993; Mino et al., 1988;
Sundaramoorthy et al., 1994b). Catalytically important amino acid residues found in plant
and fungal peroxidases (Edwards et al., 1993; Finzel et al., 1984; Gold & Alic, 1993;
Kunishima et al., 1994; Patterson & Poulos, 1995; Petersen et al., 1994; Piontek et al.,
1993; Poulos et al., 1993; Sundaramoorthy er al., 1994b), including the distal His46,
Arg4?2, Asn80 and Glu74, and the proximal His173 and Asp242, are all conserved in
MnP. In addition to these catalytic amino acid residues, MnP contains two Phe residues in
the heme pocket (Figure 6.9). The proximal Phe residue (F190) is conserved in LiP
(Edwards et al., 1993; Piontek et al., 1993; Poulos et al., 1993), HRP
(Sundaramoorthy et al., 1994b), and peanut peroxidase (Schuller et al., 1996). In
contrast, both CCP and ascorbate peroxidase have a Trp at this position and CIP has a Leu
(Finzel et al., 1984; Kunishima et al., 1994; Patterson & Poulos, 1995; Petersen et al.,
1994). Trp191 in CCP forms an H-bond network through the proximal Asp to the
proximal His, which apparently affects the Fe(III)/Fe(Il) reduction potential of the heme
(Goodin & McRee, 1993; Poulos & Finzel, 1984). In addition, Trp191 in CCP is thought
to be the location of the protein-centered radical in compound I (compound ES)
(Sivaraja et al., 1989), which is thought to be essential for electron transfer from
cytochrome ¢ (Mauro et al., 1988). Conversion of Trp191 to a Phe in CCP blocks electron
transfer from ferrocytochrome ¢ (Mauro et al., 1988). The presence of a less easily
oxidizable amino acid residue, such as Phe, at this position, in part explains why
compounds I of HRP, LiP, and MnP possess a porphyrin m-cation radical
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Figure 6.9. Heme environment of MnP (Sundaramoorthy et al., 1994b). Hydrogen bonds

are represented by dashed lines.
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(Dolphin et al., 1971; Patterson et al., 1995). Although a Trp is located at this position in
ascorbate peroxidase (Patterson & Poulos, 1995), a protein-centered Trp radical is not
generated in this enzyme. It has been proposed that a cation, possibly a K+, is located
close to the proximal Trp residue in ascorbate peroxidase, preventing Trp oxidation to a
cation radical (Patterson & Poulos, 1995; Patterson et al., 1995). To study the role of
Phe190 in MnP, we replaced this residue with Trp, Tyr, Leu, Ileu, and Ala.

Our attempts to produce the F190W variant protein have not been successful. This
variant is not secreted from the cells as demonstrated by western immunoblot analysis (data
not shown); similarly, MnP activity is not detectable in the extracellular medium or in the
intracellular soluble extract of the F1I90W transformant. The bulky indole ring of the Trp
residue may prevent proper folding of this MnP variant. All of the other variant proteins
are secreted into the extracellular medium in active form.

The spectrum of wild-type MnP compound I exhibits a Soret band at 397 nm and a
peak at 650 nm with a broad absorption maximum at 530-600 nm (Wariishi et al., 1988).
This spectrum is typical of that of an oxyferryl iron with a porphyrin n-cation radical
(Dolphin et al., 1971). In contrast, the CCP compound I spectrum is similar to that of
HRP compound II (Dunford & Stillman, 1976), a result that presumably reflects the fact
that neither derivative possesses a porphyrin nt-cation radical. As shown in Figure 6.1, the
electronic spectrum of MnP F190Y compound I is essentially identical to that of wild-type
MnP, suggesting that this variant also forms a porphyrin nt-cation radical. The results
summarized in Table 6.1 demonstrate that the absorption maxima for compounds I and II
of each of the other variants are essentially identical to those of the wild-type enzyme,
suggesting that each of the variants undergoes a normal catalytic cycle. The MnP F190Y
variant and the wild-type MnP enzyme exhibit identical steady-state kinetic properties
(Table 6.2), and the stability of compounds I of the wild type and F190Y variant are
identical (Figure 6.4A and Table 6.3). All of these results strongly suggest that the MnP
F190Y variant forms a normal porphyrin nt-cation radical instead of a phenoxy radical at
Tyr, during the catalytic cycle. Recently, the formation of a Tyr radical has been reported
for the HRP F172Y mutant (Miller et al., 1995b). However, in HRP, Phel72 is close to

the heme 8-meso edge, whereas Phe190 in MnP may not be in the proper orientation to

react with the porphyrin mt-cation radical in compound 1. In addition, Bonagura et al.
(1996) have demonstrated that a stable Trp191 radical cannot be generated in a CCP variant
containing a cation binding site near Trp191. Their engineered cation binding site is similar
to the proximal Ca(Il) binding site in other peroxidases (Bonagura et al., 1996), suggesting

that the proximal Ca(Il) ion, like the K+ ion in ascorbate peroxidase, prevents the formation
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of a protein centered radical in MnP and other peroxidases. This result may explain why a
phenoxy radical is not generated at Tyr190 of the F190Y MnP variant.

Since CIP has a Leu in place of Phe190 (Kunishima et al., 1994; Petersen et al.,
1994), and CCP and ascorbate peroxidase have a Trp (Finzel et al., 1984;
Patterson & Poulos, 1995), peroxidases do not require a proximal Phe residue for catalytic
function. Therefore, we mutated MnP Phe190 to Tyr, Leu, Ile, and Ala in an attempt to
assess the function of this heme pocket residue. The replacement of Phe190 by Tyr, Leu,
Ile, and Ala does not affect significantly the kinetics of the MnP reactions with Mn(II) and
H,0, (Table 6.2). The apparent K, values for Mn(II) and H,O, with all the MnP F190
variants are approximately the same as those for wild-type MnP, suggesting that the
mutations at Phe190 do not alter Mn(II) or H;O5 binding. The apparent k., values for

Mn(II) also are not affected significantly by the mutations, suggesting that Phe190 does not
control the rate of electron transfer from Mn(II), at least at pH 4.5. In contrast,
replacement of Phel90 by Ala significantly changes the apparent K, and k¢, for
ferrocyanide (Table 6.2). The apparent K, value decreases ~8 fold and the apparent k.5

increases ~4 fold, suggesting that the F190A mutation creates unique access to the heme
edge for small molecules such as ferrocyanide. Similarly, replacement of Trp191 with Gly
in CCP dramatically increases its binding affinity for imidazole compounds
(Fitzgerald et al., 1994).

Both the F190I and F190A variants are significantly less stable than wild-type
MnP. The results for the thermal denaturation of the MnP variants (Figure 6.2 and 6.3)
suggest that MnP F190I and F190A are one- and two-orders of magnitude less stable,
respectively, than wild-type MnP and the MnP F190Y and F190L variants. From the

three-dimensional structure of the wild-type enzyme (Sundaramoorthy et al., 1994b),
Phe190 is known to be located on a loop between a-helices F and G. It is possible that
changing Phe190 to Ile or Ala alters the conformation of the loop to produce movement of
these two o-helices with respect to each other. In addition, a Phe, Tyr or Leu residue at

position 190 may have a stabilizing hydrophobic interaction with the heme.

Mutations at Phe190 affect the stability of the MnP intermediates, compounds I and
II (Figure 6.4A and B, Table 6.3). Although the electronic spectra of compounds I and IT
of the MnP F190 variants are nearly identical to those of the wild-type MnP (Table 6.1),
higher rates of spontaneous reduction of compounds I and II are observed for several of the
variants, particularly MnP F190A. These results suggest that the bulky Phe residue acts as
a steric barrier that protects the heme from reducing agents.
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The electronic absorption spectra of heme-containing proteins are good indicators of
high- and low-spin derivatives of Fe(III). The coordination of strong-field ligands such as
cyanide generates low-spin derivatives; whereas coordination of weak-field ligands such as
fluoride, or penta-coordination, yields high-spin species. Since the energy difference
between the high- and low-spin species is small in many heme proteins, mixed-spin Fe(Il)
heme species often are observed with the coordination of certain ligands such as water,
hydroxide, azide, and imidazole (Palmer, 1985; Smith & Williams, 1968). The Fe(IIl)
heme of most peroxidases is coordinated to the protein through the imidazole group of a
proximal His residue. The spectroscopic differences among the various derivatives of
heme proteins result primarily from differences in coordination on the distal side of the

Fe(IIT). Fe(IlI) heme proteins typically exhibit four bands in the visible region of the
electronic spectrum. Two bands, o and B, appear near 570 and 540 nm, respectively, and

two ligand-to-metal charge transfer bands occur near 500 and 630 nm (Palmer, 1985).

High-spin derivatives exhibit absorption maxima at the charge-transfer positions and low-
spin derivatives predominantly exhibit o. and B bands. Upon increasing the pH, changes in

the protein ligands to the heme can be observed. Typically, hexacoordinate aquo-,
hydroxy-, and bisimidazole forms are observed for various heme proteins
(Iizuka & Yonetani, 1970).

Atlow pH (pH 4.5), both wild-type MnP and the MnP F190 variants exhibit high-
spin species with charge transfer bands at 500 and 635 nm (Table 6.1, Figures 6.1 and
6.5). Resonance Raman spectroscopic analysis of the wild-type MnP (Kishi et al., 1996;
Mino et al., 1988) has demonstrated that MnP is predominantly pentacoordinate with a

minor water-ligated hexacoordinate species. With increasing pH, all of the MnP variants

are converted to low-spin species with o and B bands near 560 and 532 nm, respectively

(Figure 6.5). The positions of these o and  bands and the characteristic MCD spectra

(Figure 6.7) (Dawson & Dooley, 1983; Vickery et al., 1976b) strongly suggest that this
transition involves the direct coordination of the distal His to the iron to form a
bis-histidinyl complex. With a further increase of pH, all of the MnP variants undergo
denaturation (Figure 6.5). Although all of the spectra of the MnP variants exhibit similar
transitions upon increasing pH (high spin to low spin to denaturation), coordination of the
distal His46 to the heme iron occurs at a significantly lower pH for the MnP F190I and
MnP F190A variants relative to the behavior of wild-type MnP or the MnP F190Y and
F190L variants (Figure 6.6, Table 6.4). This observation suggests that a hydrogen bond
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that is responsible for the first transition is much weaker in the MnP F190I and F190A
variants relative to wild-type MnP and the MnP F190Y and F190L variants. Surprisingly,
two pK, values (pK,; and pKj»), rather than one, are obtained in the high-spin to low-spin
transition for all the variants (Table 6.4), while only two species are observed in this
transition by optical absorption and MCD spectroscopies (Figures 6.5 and 6.7). The first

transition (pK,1) may be due to a conformational change that occurs prior to the
coordination of the distal His to the Fe(III) heme. Although the pH-dependent transition
(pK,2) could represent deprotonation of the distal His46, it has been demonstrated that
MnP compound I formation with H,O; is independent of pH from pH 3.1 to 8.3
(Wariishi et al., 1989a), which suggests that His46 is deprotonated in this pH range and

that other amino acid residues may be responsible for the pH-dependent transition of MnP.
The protonation status of His181 has been proposed to be linked to the transition between
the high-spin and low-spin species of CCP variants (Nozawa et al., 1976; Vitello et al.,
1992). In CCP, His181 forms a hydrogen bond with the 7-propionate group of the heme
(Edwards & Poulos, 1990; Finzel et al., 1984). No similar H-bond to the heme propionate
groups of MnP exists. In MnP, the heme 7-propionate is hydrogen bonded to the peptide
NH groups of Aspl79 and Lys180 and to two water molecules, one of which is
coordinated to the Mn(II). The 6-propionate interacts with the Mn(II) ion, the peptide NH
group of Argl77, and a water molecule (Sundaramoorthy et al., 1994b). The unique
orientation of the 7-propionate in MnP permits formation of an H-bond with the distal
Arg4?2 residue (Sundaramoorthy et al., 1994b). These interractions suggest that the high-
to low-spin transition of MnP is not dependent on the interaction of the heme propionate
groups with amino acid side chain groups. Although the assignment of the amino acid
residues responsible for this high- to low-spin pH transition remains to be clarified, our
results suggest that replacement of Phe190 by Ile, or especially Ala, weakens hydrogen
bond(s) involved in protein stability and in the pH-linked spin transition. Furthermore,
replacing the bulky Phe residue with certain smaller residues such as Ile or Ala may lead to

greater flexibility in the heme.

6.4.1 Conclusions

Mutation of the proximal Phe in MnP has little effect on the steady-state kinetic
parameters for the substrates H,O; and Mn. However, these mutations result in significant
changes in the temperature stability of the variant proteins and in the stability of the
oxidized intermediates, compounds I and II. These changes also affect the pH-dependent
interconversion of the pentacoordinate, high-spin Fe heme and the hexacoordinate bis-His
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ligated low-spin Fe heme species. Furthermore, the F190A variant exhibits an increased
ability to oxidize ferrocyanide. Further structural and mechanistic characterizations of these
MnP F190 variants are underway.




CHAPTER 7
FINAL COMMENTS AND FUTURE DIRECTIONS
7.1. MANGANESE(I) OXIDATION

MnP shares structural and mechanistic features with other plant and fungal
peroxidases; yet MnP is unique in its ability to oxidize Mn(II) to Mn(III). In turn, the
Mn(III) stabilized by organic acid chelators such as oxalate oxidizes terminal substrates
including lignin and lignin substructures model compounds. X-ray crystallographic and
site-directed mutagenesis studies have demonstrated that the ability of MnP to oxidize
Mn(I) is due to its unique Mn(II) binding site. The Mn(II) binding site consists of
Asp179, Glu35s, Glu39, and one of the heme propionates (Figure 1.14). Our site-directed
mutagenesis studies clearly showed that this site is the productive site and that MnP
possesses only one Mn(II) oxidation site. However, Sutherland et al. (1996) have shown
that compound I of all of LiP isozymes from P. chrysosporium are able to oxidize Mn(II).
The LiP and MnP compound I reduction by Mn(II) should be reinvestigated. Second-order
rate constants for the reduction of compound I of the LiP isozymes were 103-104 M-1s-1 at
pH 6.0 (Sutherland et al., 1996). In contrast, the reduction of MnP compound I is too fast
to monitor at pH 4.5 (Kuan et al., 1993; Sutherland et al., 1996), suggesting that
second-order rate constant for the MnP compound I reduction at pH 4.5 is in the range of
107 to 108 M-1s-1. Since the same values for the MnP compound I reduction at pH 6.0
have not been reported, it is unclear that the reduction of LiP compound I by Mn(II) is fast
enough to compete with the MnP compound I reduction. The ability of LiP compound I to
oxidize Mn(II) may be owing to its particularly high reactivity. There is, however, the

possibility that the Mn(II) ion may approach close to the 8-meso edge of the heme. Thus,

the Mn(II) ion may directly reduce the porphyrin nt-cation radical of compound I without
binding to the Mn(II) binding site. Detailed kinetic analysis will clarify the mechanism of
compound I reduction by Mn(II) using LiP and MnP (wild-type and Mn(II) binding site

mutants).

174
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Kinetic analyses of MnP compound II suggest that the 1:1 Mn(II)-chelator complex
rather than the free Mn(II) ion is the substrate for MnP (Chapter 2). However, direct
evidence has not been obtained for the binding of the Mn(II)-complex to MnP. In the MnP
crystal structure, a free Mn(II) ion is tightly bound to the protein and is not easily released:
Chelex-100 or EDTA treatment of MnP could not remove all of Mn(II) bound to the MnP
crystal (Sundaramoorthy et al. in preparation). Moreover, two water molecules which are
Mn(II) ligands are buried rather than on the surface of protein (Figures 1-14 and 1-15).
One of the water molecules acting as a ligand forms an H-bond with a heme propionate.
Thus, although these two water molecules may be replaced by a dicarboxylic acid such as
oxalate, the binding site would need to rearrange dramatically. Furthermore, a Mn(II)-
chelator complex may not fit into this site. In fact, MnP is able to generate the Mn(III)-
chelator complex even in the presence of bulk chelators such as phenyl lactate
(Wariishi et al., 1992), suggesting that a free Mn(II) would bind to MnP by displacing the
chelator with water molecules. Interestingly, a Mn(II) free MnP crystal has been obtained
in the presence of the competitive inhibitor, Sm(IIT) (Sundaramoorthy et al. in preparation).
The crystal structure shows that orientation of two of the Mn(Il) ligands, Glu35 and
Glu39, are different from that in the Mn(II)-bound MnP crystal. The Glu39 side chain
swings away from the center of the Mn(II) binding site and the Glu35 side chain has dual
conformations. This may provide sufficient space for the binding of the Mn(II)-chelator
complex to the site. Further studies including cocrystalization of MnP and Mn(II)-chelator
complex and additional kinetic studies are required to determine a real substrate for MnP:

a Mn(II)-chelator complex or a free Mn(II).

The MnP crystal structure shows that Argl77 forms an H-bond with one of the
Mn(II) ligands, Glu35 (Figures 1-14 and 1-15). This H-bond may help the Glu35 side
chain to orient to form a stable Mn(II) binding site. The H-bond may also affect an
electrostatic property of the Glu35 side chain controlling the affinity and the redox potential
of Mn(II). A site-directed mutagenesis study should help to elucidate the role of the
Argl177 in the Mn(II) oxidation by MnP.

7.2. PROXIMAL PHENYLALANINE 190

MnP has two Phe residue in heme binding pocket (Figure 1-12). One of the
residues, Phel90, has been replaced by Tyr, Leu, Ile, and Ala residues (Chapter 6).
Results demonstrate that the Phe190 residue plays an important role in stabilizing the MnP
protein and the oxidized intermediates of MnP. Changing the Phe190 to smaller amino acid
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residues, particularly Ile and Ala, destabilizes the heme environment possibly by disrupting
an H-bond network near the heme. However, the nature of the H-bond(s) responsible for
the stability of MnP is not clear. X-ray crystallography and NMR studies of the F190I and
F190A mutants may provide important information to identify amino acid residues
controlling the stability of the heme in MnP.

In addition, replacing the Phe190 by Ala residue enhances the rate of ferrocyanide
oxidation by MnP (Chapter 6), suggesting that the F190A mutation creates sufficient space
for ferrocyanide binding near the heme. Several other substrates such as phenols and small
charged molecules can be used to test whether the F190A mutation or other F190 mutations
affect the rates of compounds I and II reduction by those substrates. This may provide
useful information about factors which govern the binding and oxidation of small

molecules near the heme.
7.3. PHENOL OXIDATION

Another unique property of MnP is that the rate of direct phenol oxidation by MnP
is more than 1,000 times lower than that of Mn(II) oxidation. Other peroxidases such as
HRP and LiP are able to catalyze the oxidation of aromatic compounds. The reason why
MnP does not oxidize phenols may be due to the lack of an access channel for aromatics.
However, it has been demonstrated that an aromatic peroxide, m-chloro-perbenzoic acid
(mCPBA), is able to react with the native MnP (Wariishi et al., 1988, 1989a). In contrast,
Harris et al. (1991) showed that a suicide inhibitor, phenylhydrazine, which works for
HRP, did not modify the heme of MnP, suggesting that phenylhydrazine cannot approach

the 8-meso edge of the heme of MnP. Therefore, the aromatic binding site in MnP appears

to depend on the nature of substituents and the oxidation state of enzyme. The site for
aromatics oxidation in HRP has been extensively investigated but has not been identified.
NMR studies suggest that one or two Phe residues may be involved in the phenol binding
in HRP (Chapter 1.3.4.4.). Thus, introduction of Phe residues into the distal or proximal
side of MnP may generate the phenol binding site. Site-directed mutagenesis of MnP could
be utilized in attempt to create a phenol binding site in MnP. This would clarify the

mechanism of aromatic compound oxidation by heme peroxidases.
7.4. ROLE OF HYDROGEN BONDING NETWORK

Most plant and fungal peroxidases possess the catalytically important amino acid
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residues such as the distal His, Asn, and Arg, and the proximal His and Asp. The
H-bonds between these residues are essential for catalysis and stability of the oxidizéd
intermediates of peroxidases (Chapters 1.3.2. and 1.3.4.). Although these amino acid
residues and H-bonds are all conserved in MnP, the catalytic cycle of MnP has several
unique properties. The second-order rate constant for MnP compound I formation with
H,0; is independent of pH over the range 3.1-8.3 (Wariishi et al., 1989a). The pH
dependence of compound I formation with a variety of peroxidases has been studied and
indicates that a distal ionizable group with a pKj, value in the range of 3.0-5.5 controls the

pH dependence of compound I formation (Dunford & Stillman, 1976; Poulos & Finzel,
1984). Poulos and Kraut (1980b) proposed that the distal ionizable group is the distal His
residue. Thus, the pKj of the distal His in MnP must be significantly lowered. This might
occur if the environment of the heme pocket is extremely hydrophobic. It is also possible
that a different group rather than the distal His may be responsible for the pH dependence
of the peroxidase compound I formation. Site-directed mutagenesis of amino acid residue
on the distal side of the heme may provide insight into the mechanism of compound I
formation.

In addition, the pH optimum for Mn(II) oxidation by MnP is ~4.5 (Chapter 2). The
pH dependence of Mn(Il) oxidation involves the pXj, values of chelators which complicates
the analysis of the pH dependence of compound I or II reduction (Chapter 2). In addition,
Mn(II) binding to MnP is also pH dependent (unpublised data). Thus, for the detailed
investigation of the ionizable amino acid groups involved in MnP compound I and II
reduction, it may be necessary to utilize substrates such as phenols whose binding would
not be affected by pH or chelators. Site-directed mutagenesis will also be useful to clarify
the low pH optimum of MnP reaction. Disruption of the H-bonds by changing the distal
Asn, or the proximal Asp may significantly alter the pH dependence of the MnP reaction.

Another possibly important amino acid residue in MnP is the distal Glu74
(Figure 1-12). The carbonyl backbone of this residue forms an H-bond with the distal
Asn80 and the side chain of the Glu74 binds the proximal Ca(Il) ion through a water
molecule (Figure 1-13). Thus, this Glu74 may play an important role in orienting the distal
Asn and His correctly or in stabilizing the Ca(Il) binding site. Interestingly, however, the
Glu residue is also conserved in CCP although CCP does not have Ca(II) ions bound to the
protein (Chapter 1.3.4.). Studies on site-directed mutants of the Glu74 (and the distal Asn)
will elucidate the role of this Glu residue and the H-bond between the Glu and Asn

residues.
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7.5. ROLE OF CALCIUM(II) IONS

MnP has two Ca(II) ions at the distal and proximal sites (Figures 1-11 and 1-13).
It has been demonstrated that the Ca(II) ions are important for both stability and catalysis of
HRP and peanut peroxidase (Ogawa et al., 1979; Shiro etal., 1986; Morishima et al.,
1986; Haschke & Friedhoff, 1978; Barber et al., 1995). Removal of Ca(II) ions changes
the conformation of the heme and the distal and proximal His residues probably by

changing the orientation the distal and proximal o helices with respect to the heme. Since

one of the Ca(Il) ions in the distal site interacts with a Glu74 through a water molecule in
MnP, the distal Ca(Il) may have a long-range effect on the distal His and Asn residue,
which may significantly affect MnP structure and function. Ca(Il)-free MnP may be
prepared by treating the enzyme with EGTA. Spectroscopic and kinetic studies of the
Ca(II)-free MnP should reveal the role of Ca(Il) ions in MnP.

In addition to the structural role, the Ca(lI) ions may prevent protein-centered
radical formation in peroxidases (Chapters 1.3.2.2. and 1.3.4.1.). Ascorbate peroxidase
which has a potassium binding site generates a porphyrin n-cation radical rather than a Trp
radical (Patterson et al., 1995) and MnP F190Y compound I did not form a Tyr radical
(Chapter 6). Furthermore, introducing a cation binding site into CCP prevents the Trp
radical formation (Bonagura et al., 1996) (Chapter 1.3.4.1.). Thus, removal of the Ca(II)
ions from the MnP F190Y mutant protein may allow the Tyr190 residue to be oxidized to a
tyrosyl radical. This will provide another evidence for involvement of Ca(Il) ions in

determining the location of a free radical in peroxidases.
7.6. RECONSTITUTION OF MANGANESE PEROXIDASE

Reconstitution of heme proteins has been widely used to obtain active recombinant
enzymes expressed in prokaryotic systems (Chapter 1.3.3.) and to modify 8-meso edge of

the heme (Ortiz de Montellano et al., 1988; Harris et al., 1993; DePillis et al., 1991) and
the heme side chains (vinyl, methyl, and propionate groups) (Tamura ez al., 1972;
DiNello & Dolphin, 1978; Reid et al., 1984, 1986; LaMar et al., 1986). Both removal and
reconstitution of CCP, HRP, and ascorbate peroxidase appear to be straightforward
(Chapter 1.3.3.): the apoprotein can be obtained simply by extracting these peroxidases
with 2-butanone in acid solution. Incubating the apoprotein with the hemin solution easily
gives holoenzymes (Yonetani, 1967; Tamura et al., 1972). This suggests that the
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apoproteins of these peroxidases possess similar structures to the holoenzymes. In the case
of MnP, the heme can also be removed from MnP protein (unpublished data). However,
reconstitution of MnP with the heme using the standard methods has not been successful.
The heme binding site of MnP may be more hydrophobic than that of other peroxidases, so
that the removing the heme from MnP may result in complete denaturation of MnP protein.
Thus, various factors must be considered to achieve the successful reconstitution of MnP:
different methods to extract the heme, addition of Ca(Il) and oxidizing reagents, buffer
compositions, temperature, and pH. The reconstitution of MnP will be very useful. First
of all the heme propionates can be changed or modified. One of the propionates is a Mn(II)
ligand and another forms an H-bond with a water molecule which is also a Mn(II) ligand
(Figure 1-14). The modification of the heme propionates would provide useful information
for the roles of these propionates on the MnP reaction. In addition, proton NMR studies of
MnP reconstituted with specifically deuterated hemes will facilitate the identification of
interactions between heme and small molecules and also the characterization of effects on

the heme environment by various mutations in the heme pocket.
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