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ABSTRACT 

 Articular cartilage is the tissue at the junction of bones where its highly organized 

anisotropic structure facilitates its biomechanical function during skeletal motion. The 

complex architecture and lack of a blood supply, however, limit the intrinsic ability of 

cartilage to regenerate following injury. Without repair of focal defects resulting from acute 

traumatic injury, cartilage progresses toward chronic degeneration and causes significant 

disability. To date, neither current strategies for surgical repair of focal defects nor 

biomaterial-based tissue engineering approaches to generate a replacement tissue have 

successfully reproduced the structural organization or functional mechanical properties of 

native articular cartilage. The limitations in current approaches to focal cartilage repair 

demand innovative strategies to generate neocartilage.  

 Tissue engineering is characterized by a triad consisting of [1] cells that reside 

within a [2] scaffold and that respond to [3] signals from the culture environment. The 

overall objective of my dissertation research was to develop a novel scaffold-free tissue 

engineering approach to generate large-scale mature neocartilage tissues from a single 

human adult-derived progenitor cell. Unlike biomaterial-based systems, scaffold-free 

tissue engineering relies on cells to secrete and organize the extracellular matrix over time 

and in response to environmental signals. Over the course of this dissertation research, I 

worked within the framework of the tissue engineering triad to: [1] characterize the 

chondrogenic differentiation capacity (chondrogenicity) of multiple cell types derived 

from adult human donors; [2] develop a scaffold-free system for large-scale tissue 

production; and [3] define the role of stimuli representative of the native joint environment, 

including low oxygen (physioxia) and dynamic mechanical compression, in driving 
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maturation of scaffold-free tissues. Specifically, I hypothesized that physioxia would 

stimulate biochemical anabolism of extracellular matrix molecules, and mechanical 

stimulation would induce structural reorganization toward anisotropy in scaffold-free 

tissues.  

 I found that there exists a wide range of baseline chondrogenicity among cells 

derived from different humans and among clonal populations of cells derived from a single 

human. Consequently, variation in chondrogenicity influenced gene and protein expression 

in response to culture in altered oxygen tension. Utilizing bone marrow-derived 

mesenchymal stem cells (MSCs), articular cartilage derived progenitor cells (ACPs), and 

articular chondrocytes (ACs) of high chondrogenicity, I developed a novel scaffold-free 

system with which I generated large neocartilage tissues and investigated the role of both 

oxygen tension and dynamic compression on tissue maturation. Regardless of 

environment, MSCs produced hypertrophic cartilage. In physioxia, ACPs produced tissue 

with significantly enhanced mechanical properties and collagen content relative to AC-

derived neocartilage. ACP-derived tissue exhibited a pericellular matrix approaching that 

of native articular cartilage; however, only ACs produced lubricin. Relative to free-

swelling controls, dynamic compression for 14 days did not enhance the biochemical or 

biomechanical properties of AC- or ACP-derived neocartilage, nor did it influence 

localization of extracellular matrix molecules. Tissue reorganization in the mechanical 

environment may require a longer time scale. Ultimately, the ability to generate tissues of 

the mature articular cartilage phenotype utilizing a scaffold-free approach from a single 

cell origin may improve the functional properties and therapeutic potential of neocartilage 

destined for autologous repair. 
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CHAPTER 1: INTRODUCTION & BACKGROUND 

 

1.1   ARTICULAR CARTILAGE IN HEALTH 

Hyaline cartilage, which is also referred to as articular cartilage when it covers the 

articulating surfaces of long and sesamoid bones within synovial joints, is a highly 

organized skeletal tissue that functions to transmit and translate loads throughout the 

skeleton during motion. Hyaline cartilage is also found in the larynx, trachea, nasal septum 

and sternocostal joints where it provides structural support of the respiratory tract. It is one 

of three types of cartilage; the others include elastic cartilage and fibrocartilage (1). Each 

type of cartilage is defined by distinct structure composed of extracellular matrix (ECM) 

that is suited for its function. Elastic cartilage contains abundant elastin fibers within a 

dense collagen matrix to function as a flexible support for soft tissue structures of the 

external ear, the larynx, the eustachian tube, and the epiglottis. Fibrocartilage, which 

includes the meniscus of the knee, the annulus fibrosis of the intervertebral disc and the 

temporomandibular disc, lacks elastin and has a predominance of large-fiber type I 

collagen. Fibrocartilage functions to support a combination of compressive and tensile 

loads and to distribute loads radially from the axial loading plane. Although all three types 

of cartilage are prone to structural damage and subsequent loss of function, the focus of 

this dissertation is limited to tissue engineering strategies for the repair of articular cartilage 

of synovial joints. In its native and healthy state, articular cartilage resides within the 

framework of a classical structure-function relationship: the complex tissue structure 

dictates its biomechanical properties, and the functional environment drives structural 

organization.  
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1.1.1   JOINT, BONE, & ARTICULAR CARTILAGE DEVELOPMENT  

Articular cartilage coats the bearing surfaces of two opposing bones within synovial 

joints, which are enclosed within a membrane lined with highly vascularized synovial 

tissue. In addition to bone, cartilage, and synovium, joints also contain ligamentous and 

fibrocartilaginous tissues to facilitate specific motion. Embryologic development of 

synovial joints occurs in a sequence of coordinated processes known as joint specification 

and cavitation that coincide with development of skeletal bones through endochondral 

ossification. Formation of all skeletal tissues begins with condensation of mesenchymal 

cells that subsequently differentiate toward connective tissue lineages. In the early embryo, 

cells within the mesoderm condense in a process mediated by cell-cell interactions through 

cadherins and cell adhesion molecules (CAMs), and cells form a pre-cartilaginous matrix 

with which they establish cell-matrix interactions through CD44 and integrins (2). Cells 

within the condensation subsequently proliferate in response to fibroblast growth factors 

(FGF); pattern under the control of sonic hedgehog (shh), homeobox (HOX) transcription 

factors, and wnt-signaling pathways; and differentiate toward a chondrogenic lineage 

through transforming growth factor-beta (TGF-ß) induction of Sry-related HMG Box 

(SOX) transcription factors (3). Chondrogenic cells secrete extracellular matrix, and the 

resultant cartilaginous tissue establishes a template, or anlagen, for formation of bones, 

cartilage, and joints of the skeleton. Although the initiating mechanism is unknown, 

coordination of signals within the cartilage template drives the formation and stabilization 

of an interzone, which marks the future site of a joint by separation of a cartilage anlagen 

into adjacent parts (Figure 1.1). Canonical Wnt signaling, specifically by Wnt9A, induces 

chondrocyte dedifferentiation, promotes production of growth and differentiation factor 5 
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(Gdf5), and inhibits bone morphogenetic proteins (BMPs) through induction of BMP 

antagonists chordin and noggin (2-4). These signals stabilize the specified cell population 

of the interzone for subsequent cavitation. Cavitation is characterized by extracellular 

matrix remodeling and induced, in part, by mechanical forces (5). There is a marked 

increase in hyaluronic acid (HA) within the developing joint cavity, and HA subsequently 

acts not only as a lubricant within the extracellular matrix but also as a mediator of cell 

signaling through interaction with CD44 on interzone cells (3,6). In a positive feedback 

loop, HA facilitates physical separation of adjacent tissues while mechanical forces—

generated by muscles in response to separation—stimulate HA production (2). Mechanical 

action is necessary for cavitation, and joints fail to fully develop with induced 

neuromuscular paralysis prior to cavitation (7,8). However, exact mechanotransduction 

signaling mechanisms that mediate joint development remain unknown, for there are 

myriad potential pathways and cell-matrix interactions that act within the complex system 

(9). Following joint specification and cavitation, the adjacent cartilage anlagen on either 

side provide the template for subsequent bone development through endochondral 

ossification and articular cartilage formation through mechanisms as yet incompletely 

understood (10).  
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FIGURE 1.1 – SYNOVIAL JOINT MORPHOGENESIS.  
Within an initial mesenchymal condensation, an unknown trigger stimulates Wnt14 (now 
termed Wnt9A) expression at the site of incipient joint formation. Thereafter, Gdf5 is 
expressed, and the cells take on an elongated morphology and significantly reduce sox9 
and collagen type II expression. BMP antagonists chordin and noggin are expressed in the 
interzone cells and act to stabilize joint-‐inducing positional cues. The interzone adopts a 
three-‐layered structure (in the case of long bone elements) that undergoes separation or 
cavitation on mechanically induced synthesis of hyaluronan. The morphogenesis of the 
functional joint organ results in articular cartilage lining the ends of skeletal elements, 
which are bathed in synovial fluid, produced by a synovial membrane, and encased within 
a fibrous capsule. Reproduced with permission from Khan et al. © 2007, Elsevier (3).  
 
 
 

Endochondral ossification is a dynamic process for development of bones of the 

axial and appendicular skeleton (Figure 1.2). Chondrocytes within the elongated cartilage 

anlagen reorganize into two distinct populations—rounded cells of low proliferation 

remain at the distal ends and highly proliferative central chondrocytes organize into 

columns (5). Indian hedgehog (Ihh) and parathyroid hormone related peptide (PTHrP) 

promote differential chondrocyte proliferation rates and organization (11). Central 

chondrocytes subsequently exit the cell cycle and become hypertrophic, with expression of 

type X collagen and matrix metalloproteinase 13 (MMP13) at the gene and protein level 

(5). Hypertrophic chondrocytes undergo apoptosis for replacement with osteoblasts from 

the neighboring perichondrium; however, increasing evidence indicates that at least some 
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hypertrophic chondrocytes transdifferentiate directly to osteoprogenitor cells within the 

endochondral center (12,13). As the cartilaginous matrix is concurrently degraded through 

catabolic MMP activity and mineralized by hypertrophic chondrocytes, Ihh promotes the 

transcription factor Runx2 to drive downstream osteogenic differentiation of invading and 

transdifferentiating osteoprogenitors. Runx2 also promotes vascular invasion into this 

primary ossification center (14). As the cartilage template is gradually replaced by bone 

and bone marrow at the primary ossification center, the proliferative chondrocytes at the 

distal ends remain intact to allow for longitudinal growth in utero. Near term or following 

birth—depending on the specific bone—secondary ossification centers form within the 

distal portions of the cartilage anlagen, giving rise to distinct regions, which include the 

metaphysis that separates the ossified diaphysis at the middle of the bone and the epiphysis 

at the distal ends (5,11). The pool of proliferative chondrocytes within the epiphyseal plate, 

also known as the growth plate, facilitate longitudinal bone growth throughout adolescence 

under FGF and Ihh/PTHrP signaling control (11). While regulation of bone formation from 

a cartilage anlage is well characterized, the development of articular cartilage is not fully 

understood.  
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FIGURE 1.2 – ENDOCHONDRAL OSSIFICATION.  
[1] The process by which most bones form initially begins with embryonic models of the 
skeletal elements made of hyaline cartilage. [2] A bone collar develops beneath the 
perichondrium, causing chondrocyte hypertrophy in the underlying cartilage. [3] 
Capillaries and osteoprogenitor cells invade from what is now the periosteum to produce 
a primary ossification center in the diaphysis. [4] Osteoblasts deposit osteoid, which 
undergoes calcification and is then remodeled as compact bone. Secondary ossification 
centers begin to develop by a similar process in the bone’s epiphyses. [5] The primary 
and secondary ossification centers gradually come to be separated only by the epiphyseal 
plate which provides for continued bone elongation. [6] The two ossification centers 
merge when the epiphyseal plate disappears. Reproduced with permission from Mescher, 
AL. © 2016, Elsevier (1).  
 
 
 

Articular cartilage covers the epiphysis at the distal surfaces of the developed bone, 

but its embryonic origin is distinct from the cartilage formed by the chondrocytes within 

the bulk of the anlage. Unlike transient chondrocytes that undergo programmed 

proliferation, hypertrophy, and death (or transdifferentiation) during programmed 

endochondral ossification, articular chondrocytes are stable from development into 

adulthood and do not undergo hypertrophy. Chondrogenic differentiation from a 
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mesenchymal progenitor cell toward a hypertrophic chondrocyte is under the control of 

various growth factors and transcription factors that drive progression through stages 

defined by extracellular matrix molecule production (Figure 1.3). Stable articular 

chondrocytes first arise during joint specification and are believed to be formed by remnant 

interzone cells at the surface layer following cavitation (2-4). The transcription factor ERG 

has been implicated in driving interzone cells toward the stable cartilaginous phenotype; 

neighboring transient chondrocytes from mesenchymal condensation lack this transcription 

factor (15). During later stages of development, when the articular cartilage layer is 

distinguishable from epiphyseal bone, chondrocytes proliferate in an appositional pattern 

from the surface inward as opposed to localized proliferation of each cell in an interstitial 

pattern (16). Accordingly, the surface of articular cartilage is thought to contain a 

progenitor cell population with high colony forming efficiency via self-renewal, extended 

expansion potential through reduced telomerase activity, and plasticity to differentiate 

toward multiple connective tissue lineages (17,18). Articular cartilage progenitor cells 

(ACPs) reside not only in developing articular cartilage but also in stable adult human 

tissue. ACPs can be distinguished from the total chondrocyte population in vitro through 

cell surface markers and differential adhesion to fibronectin (19); however, identification 

of progenitor cells in situ remains a challenge. Most recently, lineage tracing to identify 

the origin of chondrocytes during embryonic development of murine articular cartilage 

confirmed appositional growth from potential progenitors in the superficial zone (20); 

although, the gene locus chosen to trace tissue development co-localizes to the superficial 

zone but has not been identified as specific or exclusive to ACPs (21). Following tissue 

formation in utero, articular cartilage is relatively immature and isotropic with respect to 



8  

the extracellular matrix. During post-natal development, mechanical forces drive tissue 

reorganization toward the structural anisotropy characteristic of articular cartilage (22,23).   

 

 

FIGURE 1.3 – CHONDROGENIC DIFFERENTIATION OF MESENCHYMAL STEM CELLS.  
The different stages of chondrogenesis are schematically represented. The temporal 
expression profiles of the different growth and differentiation factors are shown below and 
the main transcription factors involved in each step are indicated. Proteins that are 
characteristic of the extracellular matrix (ECM) for the various stages are also highlighted 
in the lower part of the figure. Abbreviations: AP, alkaline phosphatase; CD-RAP, 
cartilage-derived retinoic acid-sensitive protein; Col, collagen; COMP, cartilage 
oligomeric protein; MMP, matrix metalloproteinase; VEGF, vascular endothelial growth 
factor. Reproduced with permission from Vinatier et al. © 2009, McGraw-Hill (24). 

  

1.1.2   ARTICULAR CARTILAGE STRUCTURE  

Articular cartilage is composed of chondrocytes and chondroprogenitors housed 

within a dense extracellular matrix consisting primarily of type II collagen, aggrecan, and 

water. At the bulk level, the tissue is composed of 65-85% water, 10-20% collagen (wet 

weight), and 5-10% proteoglycans (wet weight) (25). The collagenous network of articular 

cartilage is predominantly fibril-forming type II collagen that is built upon a type XI 

collagen core and crosslinks with fibril-associated type IX collagen to form heterofibrils. 



9  

Articular cartilage has minimal type I collagen and elastin in contrast to fibro- and elastic 

cartilages (26).  

Proteoglycans are macromolecules consisting of a protein core to which 

polyanionic glycosaminoglycan (GAG) side chains are covalently attached. Among many 

others, aggrecan is the principle proteoglycan of articular cartilage. Aggrecan forms large 

aggregates as it decorates the non-sulfated GAG hyaluronan through noncovalent 

interactions, which are stabilized by link protein (27). The high fixed charge density of 

GAGs within the matrix generates large repulsive electrochemical forces that avidly attract 

and hold water (26), and tissue swelling is balanced by elastic resistance of the collagens 

(28).  

While type II collagen and aggrecan are distributed throughout the bulk of the 

tissue, mature articular cartilage is characterized by both depth-dependent anisotropy and 

territorial organization from the cell outward with respect to chondrocyte morphology, 

collagen orientation, and extracellular matrix distribution (Figure 1.4) (29). The superficial 

zone contains abundant type II collagen oriented parallel to the tissue surface to resist 

tensile and shear stress, flattened cells in high density, and a unique superficial zone protein 

(lubricin), which acts as a boundary lubricant. The middle zone exhibits randomly oriented 

type II collagen fibrils with a high density of proteoglycans, primarily aggrecan. The deep 

zone contains type II collagen oriented perpendicular to the tissue surface and vertical 

columns of chondrocytes to resist compressive stresses. A calcified zone marks the 

transition to bone with hypertrophic cells and an increasing ratio of type X to type II 

collagen (28,30,31). All zones also exhibit cell-outward anisotropy with distinct regional 

matrices (Figure 1.5). The pericellular matrix (PCM) contains abundant network-forming 
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type VI collagen, perlecan, and fibronectin; the cell and its surrounding PCM comprise a 

chondron (32). The territorial matrix exhibits matrilins and increasing amounts of type II 

collagen organized in radial bundles. The interterritorial zone, which is furthest from cell, 

contains densely packed type II collagen bundles that demonstrate radial alignment into 

arcades spanning the tissue depth (32,33). To accommodate mechanical compressive 

resistance and viscoelasticity, the tissue is avascular and aneural.  

 

 

FIGURE 1.4 – ANISOTROPIC ORGANIZATION OF ARTICULAR CARTILAGE.  
Articular cartilage consists of four distinct zones: superficial (SZ); middle (MZ), deep 
(DZ), and a zone of calcified cartilage matrix (CZ), below which is the subchondral bone 
(SB). Each zone is distinct in terms of its cell morphology (left panel), collagen fiber 
organization (middle panel), and the biochemical composition of its extracellular matrix 
(ECM) (right panel). Matrix constituents of each cartilage zone are presented as molecular 
schematics. Reproduced with permission from Hayes et al. © 2007, Sage (31). 
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FIGURE 1.5 – TERRITORIAL ORGANIZATION OF ARTICULAR CARTILAGE.  
(A) Three-dimensional organization of articular cartilage. (B) The cartilage matrix 
surrounding chondrocytes in healthy articular cartilage is arranged into territories defined 
by their distance from the cell. The pericellular matrix lies immediately around the cell and 
is the zone where molecules that interact with cell surface receptors are located; for 
example, hyaluronan binds the receptor CD44. Next to the pericellular matrix, slightly 
further from the cell, lies the territorial matrix. At largest distance from the cell is the 
interterritorial matrix. The types of collagens and the collagen-‐binding proteins that form 
the matrices are different in each zone. Abbreviations: CILP-‐1, cartilage intermediate layer 
protein 1; COMP, cartilage oligomeric matrix protein; CS, chondroitin sulfate; KS, keratan 
sulfate; PRELP, proline-‐arginine-‐rich end leucine-‐rich repeat protein. Reproduced with 
permission from Thompson, JC. © 2010, Elsevier (34), and Hinegård et al. © 2010, Nature 
Publishing Group (35).  

 

1.1.3   ARTICULAR CARTILAGE FUNCTION  

The primary functions of articular cartilage are to transfer compressive loads 

between adjacent bones and to translate shear loads between adjacent bearing surfaces for 

efficient skeletal motion in multiple planes. At the bulk level, articular cartilage 

demonstrates unique biomechanical properties attributed to biphasic viscoelasticity—a 

model that accounts for the dynamic and non-linear behavior associated with compression 

of a composite material consisting of two incompressible and immiscible phases (Figure 

1.6). The two phases of viscoelastic behavior include: [1] a fluid phase in which 
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redistribution of fluid throughout a porous solid matrix generates frictional drag in 

compression, and [2] the intrinsic viscoelastic nature of the solid constituents of the 

extracellular matrix in compression (25). The fluid phase is primarily composed of water 

attracted to and trapped within the dense proteoglycan-rich matrix, where fluid 

redistribution generates significant swelling pressures. Thus, proteoglycans, and the water 

they trap, provide the majority of compressive stiffness to the tissue. In confined 

compression, native articular cartilage has an aggregate modulus from 0.5 to 0.9MPa (36). 

While proteoglycans provide resistance to compressive strain, collagens of the 

extracellular matrix resist tensile, shear, and dynamic strains. The Young’s modulus for 

cartilage in tension is 5 to 25MPa depending on axis and location of measurement (28), 

while the average equilibrium shear modulus for human patellar cartilage is 0.23MPa (25). 

Articular cartilage is subject to high shear loading at both the bearing surface and at the 

tidemark where cartilage is anchored to subchondral bone, which is substantially stiffer. At 

the bearing surface, shear loads are minimized by the inherent low-friction interface 

between opposing surfaces, boundary lubrication from macromolecules of the synovial 

fluid, and fluid exudation surface under compression (26). Through these mechanisms, the 

coefficient of friction (~0.0005) at the articular interface of cartilage is the lowest of any 

known bearing, synthetic or biologic (25). While these represent general biomechanical 

properties of adult articular cartilage, tissue stiffness under any loading regime is dependent 

on both tissue maturity and physical location within a joint (23,37). In a classical structure-

function relationship, structural anisotropy defines the biomechanical properties at any 

point within the tissue, and the mechanical environment drives tissue maturation toward 

depth-dependent and territorial anisotropy (23,38,39).  
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FIGURE 1.6 – BULK BIOMECHANICAL PROPERTIES OF ARTICULAR CARTILAGE.  
Under compressive loads, articular cartilage experiences a relatively large lateral 
displacement due to its high Poisson’s ratio, and the tissue displays biphasic viscoelasticity 
with contributions from both fluid redistribution and ECM molecules. This expansion is 
restrained by the much stiffer subchondral bone, causing a high shear stress at the cartilage 
bone interface. Reproduced with permission from Mansour, JM © 2003, Wolters Kluther 
Health (36).  

 

Each zone throughout the depth of articular cartilage is organized for response to 

the biomechanical environment at that location (Figure 1.7). During physiologic loading, 

the superficial zone experiences high fluid flow and exudation, large consolidative 

compressive strains, and substantial shear and tensile strains (40). As a result, the 

superficial zone has low GAG content but high collagen content. Collagen is aligned 

parallel to the bearing surface—an orientation that both maximizes tissue strength in 

tension and shear and is driven by the predominance of these strains. The superficial zone 

also represents the bearing surface, and a specialized proteoglycan, lubricin, is produced 
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by superficial chondrocytes and acts as a boundary lubricant at the tissue and synovial fluid 

interface (41). The middle zone experiences less bulk fluid flow within the GAG-rich 

extracellular matrix, and the randomly oriented collagen network provides resistance to 

high fluid pressures from all directions. The deep zone has the least fluid flow and the 

highest fluid pressurization. Compressive strains moving through the bulk of the tissue 

drives type II collagen fibers, which are anchored in subchondral bone, to align 

perpendicular to the bearing surface. The tidemark at the deepest region represents the 

transition of cartilage to bone where the matrix is both calcified and rich in network-

forming type X collagen; these matrix elements minimize shear strains by creating a 

gradual stiffness gradient between cartilage and subchondral bone (28). Just as each zone 

throughout the tissue depth, from superficial to deep, is uniquely structured for function, 

so too are the territorial zones from the cell outward organized in response to and structured 

to facilitate biomechanical loading.  
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FIGURE 1.7 – LOCALIZED BIOMECHANICAL PROPERTIES OF ARTICULAR CARTILAGE.  
Schematic representation of the in vivo mechanical environment at each zone throughout 
the depth of articular cartilage under intermittent joint loading and motion. Reproduced 
with permission from Wong et al. © 2003, Elsevier (40). 

 

The chondron consists of each chondrocyte in its immediately surrounding 

pericellular matrix (PCM). Chondrocytes are suspended within the dense extracellular 

matrix through connections to individual molecules that support and distribute loads 

around the cell and transmit mechanical signals that can be converted to chemical signals 

at the cell surface. Throughout the bulk of the tissue, chondrons function as distinct 

mechanical units that compact under compression, distort under lateral and shear forces, 

and recover when unloaded (32). Type VI collagen, a network-forming collagen, 

completely surrounds the cell to function as a three-dimensional basement membrane 

equivalent, along with fibronectin and laminin. Perlecan, a large heparan sulfate 

proteoglycan, colocalizes to the PCM with type VI collagen, and these two molecules 

collectively contribute to elastic stiffness and hydration to protect the cell under load 
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(42,43). In addition to its mechanical properties, the PCM facilitates mechanotransduction 

through chemical signals; heparan sulfate side-chains of perlecan act as a reservoir for 

growth factors that are released and signal to the adjacent cell under load (44,45). Similar 

to development of depth-dependent anisotropy, molecules of the PCM, including type VI 

collagen, perlecan, and laminin are redistributed from the bulk of the immature tissue to 

the pericellular matrix in response to mechanical conditioning in the post-natal period 

(43,46). There is also depth-dependent variation in cell morphology in response to regional 

loading (47). Moving out from each cell, the extracellular matrix is organized into 

territorial followed by interterritorial zones. The territorial matrix is indistinct but marks a 

transition from type VI to type II collagen, which creates another stiffness gradient from 

the relatively fragile cell to the more stiff extracellular matrix (48). During post-natal tissue 

maturation, organization and orientation of densely packed type II collagen fibers in the 

interterritorial zones is driven by loads distributed across the bulk of the depth-dependent 

zones (23).  

The structure of articular cartilage across all length scales, from total tissue 

organization to the morphology of each chondron, is suited for complex mechanical 

function. Further, the biomechanical environment in which the tissue resides dictates the 

development and maintenance of tissue structure, but it can also lead to breakdown of 

structural organization in trauma or chronic disease.   

 

1.2   ARTICULAR CARTILAGE IN DISEASE  

The structural organization and avascular nature of articular cartilage permit its 

mechanical function but limit its regenerative capacity in pathologic conditions. Among 
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developed nations, musculoskeletal conditions represent the leading contribution to the 

global burden of disease and total years lost to disability (49). Musculoskeletal diseases are 

common among both men and women across all ages and socio-demographic strata; 

although, the prevalence is higher for women and increases significantly with age (50). 

Musculoskeletal disability and pain lead to a further reduction in the overall health of 

individuals and populations as patients experience progressive inability to maintain 

cardiovascular and mental health with impaired physical function (49). The economic 

burden of musculoskeletal conditions worldwide is immense with contributions from direct 

health care costs, long-term treatment sequelae, and loss of productivity (50,51). In the 

United States alone, the overall cost of musculoskeletal disease was estimated at $873.8 

billion in 2011, representing 5.73% of the gross domestic product (52). Among all 

musculoskeletal conditions, damage to articular cartilage, including from both acute 

traumatic injury and chronic degeneration, represents the most common cause of disability 

in the United States (53).  

 

1.2.1   FOCAL CARTILAGE LESIONS 

During supra-physiologic or aberrant loading, articular cartilage is subject to 

mechanical failure, which includes cracking, fibrillation, and wear (36). Impact, repetitive 

loading, torsional loading, joint malalignment, and foreign bodies within the synovial joint 

are all potential mechanisms for focal cartilage injury (28). Articular cartilage can also fail 

when a focal area of subchondral bone loses its blood supply (through an unknown 

mechanism) in a disease known as osteochondritis dessicans, which primarily affects 

adolescents (54). Under physiologic loading regimes during activities of daily living, 
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articular cartilage is suited to sustain substantial forces, which have been estimated between 

1.7 and 4.3, but as high as 7.1, times body weight for walking (55). For running, forces at 

the knee produce a typical stress rate on the order of 100MPa/s (28). Cartilage, however, 

is subject to instantaneous failure under either impact or torsion dependent on both the 

magnitude and the rate of loading according to the following criteria: (1) loading rate 

greater than 100kN/s, (2) stress rate greater than 1000MPa/s, or (3) strain rate greater than 

500/s (56). These parameters are easily achieved through blunt trauma in motor vehicle 

accidents, sporting injuries, or even ground level falls. Repetitive loading or joint 

malalignment can also cause tissue failure through wear under substantially smaller loading 

parameters sustained over a longer period. Focal trauma to articular cartilage is common 

in the general population; the mean annual incidence of patients undergoing surgical repair 

of articular cartilage is 90 per 10,000 patients with an annual incidence increase of 5% from 

2000 to 2010 (57); however, this incidence only represents patients who sought treatment 

for symptomatic cartilage lesions. The prevalence of chondral injuries among all 

individuals receiving a knee arthroscopy has been consistently reported around 60%, but 

fewer than 30% of these patients underwent surgery for a known cartilage injury while the 

remainder were found to have incidental cartilage pathology with known ligamentous or 

meniscal injury (58,59). The overall prevalence of full-thickness chondral injuries for 

athletes is nearly twice that of the general population at 36% and reported as high as 56% 

for asymptomatic basketball players and runners (60). Following acute injury, focal 

damage to articular cartilage leads to a substantial decrease in patient reported quality of 

life comparable to disability experienced from chronic osteoarthritis (61). If left unrepaired, 

focal cartilage defects lead to altered joint biomechanics and initiate long-term sequelae 
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including degeneration because of the inability for self-repair despite the presence of 

resident progenitor cells (Figure 1.8). 

 

 

FIGURE 1.8 – DISEASE PROGRESSION AFTER FOCAL DAMAGE TO ARTICULAR CARTILAGE.  
(a) In normal adult cartilage, cartilage specific progenitor cells (CSPCs) probably reside in 
the superficial zone. (b) In response to injury, cartilage CSPCs appear and migrate to the 
injury site. (c) In early osteoarthritis (OA), characterized by loss of the superficial zone and 
changes to the internal structure of articular cartilage, cells express distinct surface markers 
and cell clusters emerge. (d) In late-stage OA, characterized by continued ECM loss and 
chondrocyte hypertrophy, CSPCs seem to migrate throughout the articular cartilage. 
Reproduced with permission from Jiang et al. © 2014, Nature Publishing Group (62). 

 

1.2.2   DEGENERATIVE JOINT DISEASE  

Osteoarthritis (OA) is a chronic disease of the entire joint characterized by 

progressive loss, or degeneration, of articular cartilage with remodeling of the underlying 

bone. In the United States, arthritis is the leading cause of disability (53), with an estimated 

23% of the population having doctor-diagnosed arthritis and 42% of those patients 

reporting limitations to activities attributed to arthritis (63). Based on longitudinal studies 

in the US population, there is a 1 in 2 and a 1 in 4 lifetime risk for developing osteoarthritis 

of the knee and hip, respectively (64,65). The etiology for the majority of osteoarthritis 
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cases remains unknown as the disease arises from a complex interplay of structural, 

mechanical, genetic, environmental, and inflammatory factors (66); although, known non-

modifiable risk factors include increased age and female sex (67). Modifiable risk factors 

include those that compromise the structural and mechanical integrity of the joint such as 

obesity, malalignment, acute injury, repetitive loading, and muscle imbalance (67).  

Degeneration arising secondarily to a specific traumatic injury is known as post-traumatic 

osteoarthritis (PTOA) and accounts for approximately 12% of the overall prevalence of 

symptomatic OA of the hip, knee, shoulder, and ankle (68). PTOA arises following either 

traumatic injury to intra-articular soft tissues—meniscus, ligaments, synovium, or 

cartilage—or following total joint perturbations such as dislocation, intra-articular fracture, 

or instability. Though surgical repair of the primary injury can delay the onset or slow the 

progression of chronic degeneration, PTOA remains an inevitable outcome (69). 

Ultimately, both the initial traumatic injury and subsequent surgical intervention alter joint 

biomechanics to produce an aberrant loading environment under which articular cartilage 

fails. In the case of focal cartilage injuries, the goal of surgical repair is to restore both 

tissue structure and function to that of the pre-injured native cartilage to prevent, or at least 

delay, progression toward chronic degeneration.  

 

1.3   ARTICULAR CARTILAGE THERAPIES 

Without early intervention, injury to articular cartilage will progress toward 

osteoarthritis. Total joint arthroplasty is the standard therapy for end-stage osteoarthritis of 

the knee, hip, shoulder, and ankle, but the polymer, ceramic and metal materials employed 

in total joint replacements are subject to mechanical failure within a finite period (70). As 
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life expectancy of the population rises and as our understanding of post-traumatic 

osteoarthritis informs us that younger patients are at risk of developing OA, it is essential 

to surgically restore the structure of articular cartilage and the function of joint before the 

onset of cartilage degeneration that requires total joint replacement. Similarly, when 

structures other than cartilage are damaged, surgical intervention may serve a 

chondroprotective role through improved stability or restored biomechanics; these 

operations may include reduction of intra-articular fractures, corrective osteotomy for joint 

realignment, meniscal repair or replacement, and ligament reconstruction (71). Surgical 

interventions to address cartilage specific injuries can be classified as palliative, reparative, 

and restorative (Figure 1.9). The degree of repair and type of surgical intervention is 

dependent on both injury-specific parameters such as lesion size, lesion location, and 

concurrent pathology and patient-specific parameters such as age, activity-level, and 

surgical history (72).  
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FIGURE 1.9 – SURGICAL THERAPIES TO TREAT ARTICULAR CARTILAGE DISEASE.  
Surgical treatment of focal articular cartilage damage can be classified as palliative, 
reparative, and restorative. Selection of a given surgical approach is informed by both 
patient and lesion characteristics. The standard of care for treatment of osteoarthritis is a 
total joint replacement. Portions reproduced from Nucleus Medical Art, A.D.A.M. 
Education, and Histogenics. Portions adapted with permissions from © 2013, 
IONMedicalDesigns. 

 

Palliative therapies such as arthroscopic debridement, termed chondroplasty, are 

techniques utilized to alleviate pain, mechanical symptoms, and recurrent effusions 

associated with symptomatic focal articular cartilage lesions (73). Currently, arthroscopic 

chondroplasty represents the vast majority of all cartilage procedures performed in the 

United States (74). Of the roughly 300,000 total patients who underwent surgery for focal 

cartilage disease in the United States in 2010, an estimated 220,000 patients underwent 

arthroscopic chondroplasty (57). Chondroplasty includes a spectrum of techniques specific 

to individual surgical practices ranging from radiofrequency thermal ablation to 

subchondral abrasion to mechanical chondroplasty. The latter, which is the least invasive 

and most common, consists of debriding the unstable cartilage tissue to a stable rim. 
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Despite the high prevalence, limited outcomes data exist regarding short- and long-term 

results following chondroplasty. To date, the procedure has only been characterized as a 

primary treatment for osteoarthritis (OA) or with concurrent surgical intervention, most 

commonly sub-total menisectomy (75-80). Heavily cited studies have investigated the 

effect of debridement and lavage in subjects with osteoarthritis, demonstrating limited 

benefit (75,81). While investigation into the efficacy of this procedure as a primary 

treatment for OA was warranted, a majority of patients receiving chondroplasty are 

younger and do not have evidence of joint disease beyond a focal cartilage lesion (74). The 

lack of outcomes data on chondroplasty in patients without evidence of osteoarthritis, 

meniscal injury, or concomitant ligament tear prompted our clinical investigation 

(Appendix A) into the efficacy of this commonly performed procedure in the general 

population and in isolation from other surgical intervention.  

Performed about half as often as palliative chondroplasty, reparative techniques are 

employed to stabilize a focal cartilage defect by filling it with a substitute tissue. In marrow 

stimulation techniques, which include microfracture, communication between the cartilage 

defect and the underlying bone marrow is created by drilling holes or tapping small 

fractures (microfracture) through the subchondral bone. Subsequently, marrow elements 

form a clot that serves as a structural scaffold into which progenitor cells from the marrow 

migrate, differentiate, and create a tissue—the resultant tissue is fibrocartilaginous with 

mixed cartilage and fibrous tissue elements (82). Microfracture remains the standard of 

care for small lesions in less active patients (72); and significantly improves knee function 

up to two years following surgery (83). Long-term clinical efficacy, however, is limited by 

high incidence of resultant subchondral pathology (84), inability to control repair tissue 
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volume, functional mismatch between fibrocartilage and adjacent articular cartilage, and 

high failure rates in athletes (83).  

Restorative techniques for articular cartilage repair include transplantation of 

autologous or allogeneic cells or tissues to restore the defect with a cartilaginous substitute. 

In autologous chondrocyte implantation (ACI), tissue is harvested from a non-weight 

bearing articular surface, cells are isolated and expanded ex vivo, and a high-density cell 

suspension is injected under a periosteal or collagen flap. This procedure has shown 

durable clinical benefit up to ten years following intervention for larger unipolar lesions 

(85); however, ACI is limited by the need for two surgical interventions, long recovery 

time for improved functional outcomes, and the production of a fibrocartilaginous tissue 

following chondrocyte de-differentiation ex vivo (86). Next-generation techniques, termed 

matrix-associated chondrocyte implantation (MACI), utilize a scaffold upon which to seed 

chondrocytes prior to or upon implantation in an attempt to improve the structural and 

mechanical properties of ACI tissue. Over the past decade, a variety of collagen- and 

hyaluronan-based MACI products have demonstrated significant benefit in comparison 

with microfracture or ACI in clinical trials in Europe (87). NeoCart, which consists of 

autologous chondrocytes seeded in a collagen matrix and cultured in a bioreactor prior to 

implantation, is currently the only MACI therapeutic under investigation in comparison 

with microfracture in the United States (88,89). Clinical and radiographic outcomes from 

the US Food and Drug Administration (FDA) Phase II clinical trial results are promising 

at five-year follow-up—studies for which I helped to analyze and report the data (Appendix 

B). Along with the same limitations as those for ACI, MACI products are further hindered 

by a long and expensive path to regulatory approval. A final category of restorative 
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techniques includes transplantation of osteochondral tissues to fill focal defects in articular 

cartilage and underlying bone. Autologous transplants from another articular surface are 

associated with high donor-site morbidity. Living osteochondral tissues from allogeneic 

donors, however, successfully restore the defect with a tissue that is of native structure, 

that anchors and integrates into surrounding osseous tissue, and that functions properly in 

the mechanical environment. Osteochondral allografts (OCA) have demonstrated “good-

to-excellent” clinical outcomes over long-term follow-up, especially for large unipolar 

lesions on load-bearing surfaces (90); however, there is a limited supply of allografts 

needed to restore articular cartilage for the large population suffering from focal cartilage 

damage.  

Focal cartilage repair has evolved from minimally invasive palliative procedures to 

multi-step cell-based therapies over the past three decades; however, all cartilage repair 

and restoration techniques, aside from OCA, are limited by the inability to reproduce the 

architecture of native cartilage necessary for proper function in the mechanical 

environment. Widespread application of OCA is limited by availability of resources amid 

a substantial and growing population that needs focal cartilage repair to prevent 

progression to chronic degeneration. The lack of a widely available tissue that can fulfill 

the structural and functional requirements of articular cartilage demands a tissue 

engineering approach to produce a tissue suited for focal cartilage repair.  

 

1.4   TISSUE ENGINEERING FOR ARTICULAR CARTILAGE REPAIR 

The traditional paradigm for tissue engineering consists of a triad encompassing [1] 

a scaffold that houses [2] cells that respond to [3] signals from the culture environment 
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(Figure 1.10). While each component of the triad represents an independent variable for 

tissue engineering, the interactions among these three components contribute to a complex 

system that can potentially be tuned to produce tissues of a favorable phenotype. 

Specifically, cells build and remodel the extracellular scaffold or matrix over time in 

response to signals, the scaffold facilitates delivery of signaling molecules and transmits 

mechanical stimuli to cells, and signals regulate cell cycle, differentiation, and extracellular 

matrix metabolism (91).  

 

FIGURE 1.10 – THE TISSUE ENGINEERING TRIAD.  
Schematic of the three elements—cells, scaffold, and signals—that contribute to a tissue 
engineering system. Adapted with permission from Murphy et al. © 2013, eCM (91). 

 

1.4.1   CELLS 

Cells of a chondrocyte phenotype and cells with chondrogenic differentiation 

potential represent potential cell sources for articular cartilage tissue engineering and 
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specifically include: primary or expanded articular chondrocytes (ACs) derived from 

autologous or allogeneic sources; adult bone marrow-derived mesenchymal stem cells 

(MSCs); induced pluripotent stem cells (iPSCs); adipose-derived stem cells (ASCs); 

embryonic stem cells; and adult tissue-derived progenitor cells, which are termed articular 

cartilage progenitor cells (ACPs) when isolated from hyaline cartilage. Adult human-

derived ACs, MSCs, and ACPs were used throughout the work presented in subsequent 

chapters, and each of these cell types present benefits and limitations in cartilage tissue 

engineering application and clinical practice.  

 

1.4.1.1  CHONDROCYTES 

Within adult articular cartilage, chondrocytes reside at low density (5-10% total 

tissue volume) in an extensive extracellular matrix that they build and maintain through a 

balance of anabolic and catabolic control (92). As described in the clinical approaches to 

focal cartilage repair, autologous chondrocytes are widely used in clinical restoration 

procedures including ACI; although, to achieve sufficient cell numbers to fill a focal defect 

with autologous cells seeded in a scaffold or in suspension, chondrocytes must be expanded 

in vitro. Monolayer expansion of chondrocytes, however, induces modulation of the 

articular chondrocyte phenotype in a process known as dedifferentiation, which is 

characterized by decreased extracellular matrix synthesis (93), a shift from expression of 

type II to type I collagen at both the gene and protein level (94), loss of gene expression 

for aggrecan and lubricin (95), changes to the integrin profile on the cell surface (96), and 

differential expression of metabolic mediators and growth factors that regulate 

extracellular matrix homeostasis (97,98). Though the mechanism for phenotypic 
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modulation is not entirely known, the presence of serum in cell propagation and a two-

dimensional growth environment facilitate these changes (99). Upon in vitro expansion, 

chondrocytes further experience telomere erosion and consequential replicative 

senescence, which has been estimated to artificially age chondrocytes by up to 30 years for 

an 8-10 fold expansion (100,101). Ultimately, dedifferentiation promotes a phenotype 

similar to that of a fibrochondrocyte; thus, tissues generated following ACI and MACI 

procedures are fibrocartilaginous. Following dedifferentiation, chondrocytes may regain 

the articular chondrocyte phenotype through redifferentiation in serum-free medium 

supplemented with growth factors and in three-dimensional culture, either within a 

hydrogel or in high cell density pellets (93,102).  

While chondrocytes are stable throughout much of adult life, in vitro 

redifferentiation capacity of adult-human derived chondrocytes is significantly reduced 

with age and highly varied among human donors (101,103). Further, juvenile human-

derived and expanded chondrocytes demonstrate significantly higher redifferentiation 

capacity with respect to extracellular matrix production, chondrogenic gene expression, 

and neocartilaginous tissue formation when compared with chondrocytes derived from 

adult humans (104). Juvenile cells, thus, represent a potential cell population with which 

to generate tissue engineered cartilage from an allogeneic source and are the basis for an 

ongoing clinical trial utilizing minced juvenile articular cartilage implanted into focal 

cartilage defects (105). Since chondrocytes are physically separated from both the blood 

supply and other cell types by the dense extracellular matrix in situ, they lack constitutive 

major histocompatibility complex (MHC) cell surface receptors for T-cell immunogenic 
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responses and actively express negative regulators of the immune response (106), thus, 

allowing for potential allogeneic transplantation.  

To reduce the potential for phenotypic modulation during expansion, primary 

chondrocytes from large animal sources have been studied as cell source for tissue 

engineering; however, the availability of primary cells from humans is limited similar to 

transplant tissues. A majority of animal studies have employed primary chondrocytes 

derived from neonatal or juvenile bovine tissues. These cells have high anabolic capacity 

to produce robust cartilaginous tissues (31,107), yet unlike allogeneic human cells, 

xenogeneic chondrocyte-derived tissues evoke an innate immune response in the host 

characterized by natural killer cells, monocytes, and macrophages (108-110). While animal 

studies utilizing primary chondrocytes have provided invaluable insight to chondrocyte 

biology and tissue engineering methods, clinical application of xenograft tissues is unlikely 

due to potential for immune rejection. The limitations associated with chondrocyte-based 

tissue engineering, especially phenotypic modulation and cell availability, have generated 

significant interest in identifying stem and progenitor cell populations for articular cartilage 

tissue engineering.  

 

1.4.1.2  MESENCHYMAL STEM CELLS 

Stem cells represent naïve cells that differentiate to specific tissue lineages during 

development, but they also reside within tissue compartments to replenish cell populations 

over the lifetime of the individual. Mesenchymal stromal/stem cells (MSCs) have been 

extensively characterized over the past three decades following identification and isolation 

of this cell population from bone marrow aspirates. MSCs exhibit the following properties 
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in vitro: adherence to plastic; the ability to form single-colony forming units-fibroblastic 

(CFU-F); expression of the cell surface antigens CD105, CD73, and CD90; lack of cell 

surface antigens CD45, CD34, CD14, CD11b, CD79α, CD19, or HLA-DR; and potential 

to differentiate toward bone marrow stromal, chondrogenic, osteogenic, and adpiogenic 

lineages (111-115). In addition to providing a pool of progenitor cells with which to 

regenerate tissues, MSCs create a unique niche in bone marrow to support hematopoiesis, 

and they secrete trophic factors to promote tissue repair following injury (114). Not only 

are MSCs immunoprivileged with low MHC expression similar to chondrocytes, but they 

also modulate the local immune environment through suppression of immune cell 

proliferation and cytokine release (114,116). MSCs represent 2-3% of the nucleated cell 

fraction of a bone marrow aspirate and can be isolated from the total cell population by 

selective adherence to tissue culture plastic (111,117). The MSC population derived from 

bone marrow aspirate of an adult human is highly heterogeneous with respect to cell 

surface markers (making isolation based on cell surface marker expression difficult) and 

differentiation capacity, such that individual cells may be lineage restricted (115,118). 

MSCs also reside within connective tissues throughout the body (114); these too are 

heterogeneous populations that exhibit preferential differentiation toward the tissue from 

which they were derived (119,120). Though MSCs are characterized by CFU-F capacity 

in vitro, clonal populations derived from self-renewing populations lose multipotent 

differentiation capacity and undergo replicative senesce with expansion due to lack of 

telomerase (121,122), which calls into question the true stemness of this cell population. 

More recent work suggests that MSCs are likely progenitor, not true stem, cells derived 

from a common pericyte stem cell lineage (123,124). As pericytes arise from both neural 
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crest cells of the ectoderm and directly from the mesoderm, the diverse developmental 

pathways for this common cell pool may explain heterogeneity among populations of 

mesenchymal progenitor cells that were historically all considered equivalent based on in 

vitro criteria (114).  

Regardless of developmental origin, MSCs represent a potential cell source for 

engineering connective tissues based on both multipotential differentiation capacity and 

relatively easy harvest from a bone marrow aspirate for autologous application. With 

regard to articular cartilage tissue engineering, bone marrow-derived MSCs undergo 

chondrogenesis in vitro when cultured in three-dimensions and in the presence of necessary 

growth factors and supplements. Priming MSCs with fibroblast growth factor 2 (FGF2) 

during monolayer expansion delays replicative senescence, promotes cell proliferation, and 

enhances subsequent chondrogenesis (125-128). To initiate chondrogenesis, MSCs must 

be transferred into a 3D culture system, either seeded into an exogenous scaffold or 

centrifuged into a high cell density pellet to facilitate cell condensation. Exogenous 

addition of transforming growth factor-beta (TGF-ß) is necessary to initiate in vitro 

chondrogenic differentiation through upregulation of Sox9, the master transcriptional 

regulator of chondrogenesis (129,130). The synthetic glucocorticoid dexamethasone is 

another necessary mediator of in vitro chondrogenic differentiation and enhances TGF-ß 

activity through unknown mechanisms (129,131). With chondrogenic induction, MSCs 

elaborate proteins of the articular cartilage tissue including type II collagen and aggrecan; 

however, they also produce abundant type X collagen and have high alkaline phosphatase 

activity, which are both markers of chondrocyte hypertrophy in the endochondral 

ossification pathway (129,130). Since the mechanisms that maintain the articular 
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chondrocyte phenotype in situ remain unknown, we are presently unable to modulate in 

vitro chondrogenesis toward a stable cell phenotype. The recent identification and 

characterization of a tissue-derived progenitor cell population that resides within adult 

articular cartilage may offer a cell source to overcome limitations of MSC differentiation 

toward hypertrophic chondrocytes destined for endochondral ossification. This is the basis 

for the hypothesis that I tested in the work presented in Chapter 3 of this dissertation.   

 

1.4.1.3  ARTICULAR CARTILAGE PROGENITOR CELLS 

Presently, articular cartilage is believed to originate from the interzone during joint 

specification and to be maintained by a progenitor cell population that resides within the 

superficial zone throughout adulthood. Articular cartilage progenitor cells (ACPs) were 

first identified as a stable and slowly proliferating cell population that fail to form the full 

tissue when cell cycle progression is inhibited (16). Subsequently, these cells were 

localized in situ in juvenile mammalian cartilage by a unique integrin signature and Notch 

1 expression (17,132). When isolated from the total chondrocyte population through 

differential adhesion to fibronectin based on integrin density (133), ACPs exhibit high 

colony-forming efficiency and phenotypic plasticity toward multiple connective tissue 

lineages when engrafted into chick embryos (17). Characterization of ACPs derived from 

adult humans revealed that they differentially express CD49e, 𝛼5 integrin, from the total 

chondrocyte population, and regardless of donor age they maintain phenotypic plasticity 

as well as karyotype with extended population doublings due to enhanced telomerase 

activity (19). Further studies have shown that ACPs persist in osteoarthritic tissue  despite 

fibrillation and degeneration of the articular surface (134,135), and they migrate to sites of 
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injury where they differentiate and modulate tissue repair (136,137). As articular cartilage 

lacks the ability for intrinsic regeneration, these cells are likely more supportive than 

regenerative in osteoarthritis, especially as the deranged biomechanical environment limits 

structural reorganization of the tissue. Most recently, lineage tracing studies corroborated 

that a group of cells near the articular surface undergo proliferation in an appositional 

growth mechanism during tissue development (20); although, the cell marker was not 

necessarily specific to the ACP population (21). Further investigation into distinct markers 

for ACPs will hopefully finalize the mechanism for not only development but also 

maintenance of the mature tissue.  

The role of ACPs in situ remains controversial as they have not been definitively 

identified and they do not effectively repair damaged tissue; however, ACPs are a 

promising cell source for in vitro tissue engineering. First, ACPs retain chondrogenic 

differentiation capacity following extensive expansion from clonal populations (19), which 

may overcome challenges of chondrocyte dedifferentiation to achieve sufficient cell 

numbers for autologous tissue repair. Second, ACPs may be preferentially committed to 

the chondrogenic lineage, similar to the preference of bone marrow-derived MSCs and 

adipose-derived stem cells (ASCs) to the osteogenic and adipogenic lineages, respectively 

(138). The initial characterization of both human- and horse-derived ACPs showed that the 

cells, in contrast to MSCs, do not undergo hypertrophy following chondrogenic 

differentiation (19,139). Thus, ACPs may overcome the main limitation of MSCs based on 

the potential to generate a stable articular cartilage tissue phenotype. Despite a promising 

cellular phenotype following differentiation, ACPs generated a fibrocartilage tissue when 

seeded into a fibrin scaffold and implanted into a focal cartilage defect in the first tissue 
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engineering application (140). The benefits over alternative cell sources, however, warrant 

further investigation into the use of ACPs in tissue engineering systems for focal articular 

cartilage repair. This is the basis for the hypothesis that I tested in the work presented in 

Chapter 4 of this dissertation.   

 

1.4.2   SCAFFOLDS 

While cells within tissue engineered neocartilage define phenotype, the scaffold 

surrounding those cells provides structure that dictates tissue function. The ideal scaffold 

for articular cartilage is that of the native and mature extracellular matrix, and tissue 

engineering strategies seek to reproduce comparable tissue structure that can function in 

the native biomechanical environment. Fundamentally, a scaffold should: consist of an 

interconnected porous network to allow for diffusion of nutrients and wastes; be 

biocompatible and bioresorbable with a degradation rate that matches tissue growth rate; 

facilitate cell attachment, proliferation, and differentiation; and possess material properties 

suited for the biomechanical environment (28). The field of articular cartilage tissue 

engineering has historically employed exogenous biomaterial-based scaffolds with which 

to build tissues in vitro; however, an emergence of scaffold-free tissue engineering 

techniques over the past decade has enabled the production of tissues utilizing cell-derived 

extracellular matrix molecules as a scaffolding.  

   

1.4.2.1  BIOMATERIAL-BASED TISSUE ENGINEERING  

There are two major categories of biomaterials used for soft tissue engineering: 

natural polymers, either protein- or carbohydrate-based, produced by living organisms or 
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synthetic polymers produced through chemical reactions (28). Scaffolds derived from 

natural polymers are generally biocompatible, non-toxic to cells, and exhibit material 

properties similar to the extracellular matrix. For instance, fibrous polymeric biomaterials 

composed of collagen, silk, or cellulose have similar mechanical properties to the solid 

phase of articular cartilage while hydrogel polymers composed of agarose, alginate, or 

hyaluronic acid tightly hold water and behave similarly to the fluid phase of native tissue. 

Overall, natural polymers are limited by difficult manufacturing processes, high variation 

among batches, and relative mechanical inferiority to both native tissue and synthetic 

polymers (141). Synthetic polymers such as poly-glycolic acid (PGA), poly-lactic acid 

(PLA), poly-caprolactone (PCL), and poly-ethylene glycol (PEG) can be manufactured to 

to meet specifications including porosity for cell infiltration, bioresorption rate to 

accommodate tissue growth, and mechanical stiffness to support mechanical loads. These 

properties, however, can also be detrimental as the biomaterial may influence cell 

phenotype, degradation products may be toxic to cells, and stiff substrates may shield cells 

from mechanotransduction signals (142). Composites that combine multiple scaffold 

materials, either natural or synthetic, offer additive benefits from individual constituents, 

but they also increase complexity and variation to the fabrication process (141). To date, 

biomaterial-based tissue engineering has failed to produce a cell-based therapeutic that 

meets the structure or functional demands of native articular cartilage, and alternative 

strategies are warranted.  
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1.4.2.2  SCAFFOLD-FREE TISSUE ENGINEERING 

In the absence of cues from an initial extracellular framework, cells drive formation 

and maturation of a three-dimensional tissue composed of extracellular matrix molecules. 

Scaffold-free tissues may offer advantages over biomaterial-based tissue engineering at all 

stages from cell seeding through implantation (Figure 1.11). Scaffold-free cartilage tissue 

engineering first emerged as an in vitro method to study developmental processes of 

chondrogenesis in coalescing limb bud mesenchymal cells (143-145). Subsequently, an in 

vitro model system to study chondrogenic differentiation was developed by centrifuging 

mesenchymal stem cells at high density into micromass culture (129,146,147). Scalable 

scaffold-free techniques to create large cartilaginous tissues for potential cartilage repair 

emerged independently by Hu et al. (2006), Novotny et al. (2006) and Hayes et al. (2007), 

and each showed that neonatal mammalian primary chondrocytes build robust tissues with 

characteristics of the articular cartilage tissue phenotype (31,148,149). Scaffold-free tissue 

engineering methods are categorized by two models: self-assembling and self-organizing, 

which differ based on cell seeding methods.  

Self-assembled tissues form through cell condensation in the absence of external 

stimuli (142). In what is known as the differential adhesion hypothesis of tissue formation, 

cells in suspension will minimize free energy by binding in direct cell-cell contact, which 

decreases the surface tension across the entire cell population (150). When suspended into 

non-adherent culture in vitro, neighboring cells bind and organize through N-cadherin cell 

surface receptors, similar to initial events of mesenchymal cell condensation that precede 

chondrogenesis (142). Following condensation and given the correct differentiation 

signals, chondrogenic cells secrete and model the extracellular matrix in a sequential and 
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spatial pattern representative of the pre-cartilaginous matrix during development 

(46,151,152). Cartilage tissue formation through self-assembly has been extensively 

characterized utilizing primary chondrocytes harvested from neonatal or juvenile animals 

(148,149,152-155), as well as with expanded adult human-derived articular chondrocytes 

(HACs) and bone marrow-derived mesenchymal stem cells (MSCs), although each from a 

single donor (156). In contrast to cell-mediated self-assembly, self-organizing models of 

scaffold-free tissue engineering employ external cues to guide the cells toward 

condensation. Specifically, cells are centrifuged from suspension into an aggregate pellet 

or onto a substrate, including polymer membranes (157) or protein-coated membranes 

(31,158-160), to define tissue dimensions. Culture on an adherent substrate constrains the 

bottom cell layer through cell surface attachments; although, neighboring cells interact 

through cell-cell attachments similar to the self-assembling process. Unlike self-assembly, 

self organization can be manipulated to create tissues of complex geometries (161,162). 

Scaffold-free methods for large-scale tissue engineering, however, are limited by the cells’ 

secretory capacity of extracellular matrix molecules, high cell density required for seeding, 

and diffusion of nutrients through a dense matrix with development. Regardless of tissue 

engineering system, in vitro tissue formation and development is governed by signals in 

the culture environment. In this dissertation research, I developed a scaffold-free self-

organizing tissue engineering system with which to generate large-scale neocartilage 

tissues with cells derived from adult humans.  
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FIGURE 1.11 – ADVANTAGES OF SCAFFOLD-FREE TISSUE ENGINEERING.  
Scaffold-free tissue engineering displays significant advantages from construct formation 
in vitro to implantation of tissue in vivo. Reproduced with permission from Athanasiou et 
al. © 2013, Annual Reviews (142). 

 

1.4.3   SIGNALS  

As the third element of the tissue engineering triad, signals in the culture 

environment direct cellular phenotype and tissue organization. Signals include chemical 

molecules, such as growth factors and nutrients, and physical perturbations, such as 

mechanical stimuli and perfusion. Growth factors that regulate chondrogenesis, low 

oxygen level, and dynamic mechanical stimulation are of particular interest toward 

engineering articular cartilage because these conditions, in part, regulate tissue 

development and extracellular matrix metabolism in vivo. Similar to the native joint 

environment, the temporospatial sequence of each of these factors in a tissue engineering 

system influence cartilage tissue formation and maturation. Moreover, many stimulating 

factors share common pathways through which they modulate cell differentiation and 

metabolism, and the ideal tissue engineering system is likely one that utilizes a variety of 

signals that work in synergy.  
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1.4.3.1  GROWTH FACTORS  

A number of growth factors are known to influence in vitro chondrogenesis. 

Members of the TGF-ß family have been identified as key regulators of both in vitro and 

in vivo chondrogenesis from cell condensation through terminal differentiation. During 

condensation, TGF-ßs promote synthesis of N-cadherin for cell-cell interactions and 

fibronectin and tenascin for cell-matrix interactions (163,164). TGF-ßs subsequently 

regulate cell proliferation, strongly promote extracellular matrix anabolism, and stimulate 

Sox9 transcription during chondrogenic differentiation. In late stages of chondrogenesis, 

TGF-ßs have been shown to inhibit chondrocyte hypertrophy and terminal differentiation 

(24,164). Bone morphogenetic proteins (BMPs), which are also members of the TGF-ß 

superfamily, and insulin-like growth factors (IGFs) have many overlapping functions to 

TGF-ßs during chondrogenic differentiation from control of SOX genes to stimulation of 

proteoglycan and collagen synthesis and regulation of chondrocyte hypertrophy (24,164). 

Fibroblast growth factors (FGFs) are essential mediators of skeletogenesis, endochondral 

ossification, and articular cartilage homeostasis (165). When added to progenitor cells in 

monolayer, FGF2 has been shown to induce mitotic activity and enhance subsequent in 

vitro chondrogenesis (126,128,166). At the tissue level, FGF2 is known to regulate the 

expression of catabolic and anti-catabolic mediators of tissue remodeling (167-170). While 

the independent roles of dozens of soluble growth factors have been defined in the context 

of in vitro chondrogenesis, many of these molecules share common signaling pathways 

and may act synergistically or antagonistically. Ultimately, when applied in tissue 

engineering systems, growth factors facilitate control over cellular processes that mediate 

chondrogenic differentiation and tissue development. Soluble growth factors and chemical 
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signals can be efficiently delivered to cells in vitro by inclusion in culture media; however, 

maintenance of these signals following cell or tissue implantation is a major challenge. 

Strategies for temporal control of growth factor release in vivo include: gene transfer to 

induce stable or transient cellular expression of the signals and bioactive scaffolds that are 

tagged with and release signals on demand (92,171).   

 

1.4.3.2  OXYGEN TENSION  

Oxygen is a vital metabolite for mammalian cell homeostasis, and each tissue has 

unique oxygen requirements based on metabolic activity. The physiologic partial pressure 

of oxygen (physioxia) for any given tissue, however, is well below the relatively hyperoxic 

atmospheric level (160mmHg, 21.1%) in which the organism resides.  By the time air 

travels through the respiratory tract, fills the alveoli, and diffuses into arterial blood, the 

partial pressure drops to 100mmHg or 13.2% (172). The partial pressure continues to lower 

as arterial blood travels to distal organs (Table 1.1). Even highly vascularized bone marrow 

operates at roughly 5% (~40mmHg) oxygen, which falls as low as 1.3% (10mmHg) in deep 

peri-sinusiodal regions (173). Oxygen delivery to avascular tissues, including articular 

cartilage and the growth plate, occurs through diffusion from neighboring compartments 

such as synovial fluid or bone. Oxygen content in cartilage is estimated between <1 and 

5% (7-40mmHg) based on distance from the oxygen source (174,175). During physiologic 

function, tissues are adapted for the appropriate relative oxygen content. Perturbations from 

physioxia in both pathologic conditions and in vitro culture influence cell and tissue 

homeostasis through molecular mechanisms. Specifically, in the presence of molecular 

oxygen, hypoxia-inducible factor (HIF) alpha subunits are targeted for proteosomal 
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degradation by hydroxylation of proline residues; conversely, hydroxylases are inhibited 

in the absence of oxygen, and HIF-𝛼 heterodimerizes with a HIF-ß partner (Figure 1.12). 

HIF complexes, in turn, exert transcriptional control by transactivation of genes with 

hypoxia-responsive elements (HRE), including Sox9, the master transcriptional regulator 

of chondrogenesis (176,177). Consequently, HIFs, within the physiologic low oxygen 

environment, influence chondrocyte differentiation and subsequent cartilage tissue 

formation, maturation, and homeostasis. Through our laboratory’s previous work, along 

with results from other groups, we have consistently found that culture in lowered oxygen 

tension from hyperoxia at 20% oxygen to physioxia at 2% promotes chondrogenic 

differentiation and biochemical anabolism while suppressing markers of hypertrophy 

(117,178). Thus, oxygen tension within an in vitro tissue engineering system represents a 

tunable variable with potential to influence cell and tissue phenotype.  This is the basis for 

the hypotheses that I tested in the work presented in Chapters 3 & 4 of this dissertation.   

 
TABLE 1.1 – OXYGEN TENSION WITHIN HUMAN TISSUES.  
Normal values of partial pressure of oxygen (pO2) in 
various human tissues, expressed in mmHg and in 
percentage of oxygen in the microenvironment. 
Adapted with permission from Carreau et al. © 2011, 
John Wiley & Sons (172).  
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FIGURE 1.12 – HIF REGULATION AND SIGNALING.  
Hydroxylation of hypoxia inducible factor-alpha (HIF-𝛼) is inhibited in low oxygen 
environment (around 5%) because prolylhydroxylases (PHDs) activity is dependent on 
molecular oxygen. Then non-hydroxylated HIF-𝛼 can heterodimerize with HIF1-ß, and 
translocate into the nucleus, where it binds to consensus sequences. Adapted with 
permission from Lafont et al. © 2010, John Wiley & Sons (176). 

 

1.4.3.3  MECHANICAL STIMULATION  

Articular cartilage develops, matures, and resides in a complex biomechanical 

environment with contributions from compressive and shear strains and from hydrostatic 

and osmotic pressures (25). It is well known that the mechanical environment is necessary 

to drive joint development and native tissue maturation toward anisotropy (23,38,39); 

although, the exact mechanisms remain unclear. The in situ mechanical environment is 

most suited for optimized tissue function, but in vitro mechanical bioreactors have been 

extensively applied in tissue engineering systems to create loading regimes inspired by the 

native joint milieu. The diversity of bioreactors employed in cartilage tissue engineering 

applications is roughly proportional to the number of research groups studying the 

influence of mechanical stimuli in a tissue engineering system; there is little 

standardization of bioreactor design across laboratories (Figure 1.13). Further, both cell- 
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and tissue-level responses to mechanical conditioning are highly dependent on the material 

and biomechanical properties of the scaffold. In general, loading within physiological 

parameters enhances chondrocyte- and progenitor cell-mediated extracellular matrix 

anabolism and tissue formation, while supra-physiologic loading regimes are detrimental 

to those outcomes. For either chondrocytes or MSCs seeded into a variety of scaffolds, 

static and dynamic hydrostatic pressures up to 10MPa have been shown to increase type II 

collagen and aggrecan at the gene and protein levels, reduce GAG loss from the 

extracellular matrix, and increase tissue stiffness (92,179,180). Long-term static 

compression, either confined or unconfined, of chondrocyte or MSC-loaded hydrogels is 

detrimental to cell-mediated anabolism; however, dynamic compression promotes ECM 

synthesis and enhances tissue compressive stiffness (181-183). In comparison with static 

loading, dynamic loading regimes drive mass transport of nutrients through the bulk of the 

tissue which likely enhances synthetic activity (28). Dynamic shear bioreactors that impart 

translational or rotational strains at a tissue surface have been shown to enhance tissue 

tensile strength and promote lubricin production at the bearing surface (184,185). The 

majority of bioreactors employed in articular cartilage tissue engineering applications to 

date represent a single-axis or mode loading regime; however, the development of multi-

axis bioreactors may be necessary to recreate the complex tissue structure and anisotropy 

required for function in the native environment (185). In the work presented in Chapter 5 

of this dissertation, I designed and built a dynamic compressive bioreactor to study the 

effect of mechanical stimulation on the maturation of scaffold-free neocartilage tissues.  
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FIGURE 1.13 – BIOREACTORS IN ARTICULAR CARTILAGE TISSUE ENGINEERING.  
Schematic representing the diversity of both input variables and output measurements for 
use of a bioreactor in tissue engineering systems.  

 

1.5   DISSERTATION OBJECTIVE & AIMS 

The overall objective of my dissertation research has been to develop a novel 

scaffold-free tissue engineering system through which to grow structurally mature articular 

cartilage from a single progenitor cell. The ability to build autologous tissue that both 

resembles the native structure and that can properly function in a mechanical environment 

would enhance the potential for personalized therapies to repair focal articular cartilage 

defects before inevitable progression to degeneration and further disability. To develop 

strategies to grow mature scaffold-free neocartilage through a tissue engineering approach, 

I integrated experimental investigation of cells, the extracellular matrix scaffold, and 

environmental signals in the following aims: 
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Aim 1. Define the extent to which intrinsic chondrogenic differentiation capacity of a 

cell population influences neocartilage tissue formation in physioxia. The avascular 

nature of native articular cartilage creates a physiologically low oxygen (physioxia) 

environment in which the tissue develops, matures, and functions. Further, oxygen is a 

known mediator of chondrogenic differentiation and extracellular matrix anabolism; 

however, the role of physioxia in tissue engineering from human-derived stem and 

progenitor cells remains unclear. Utilizing adult human-derived cells in musculoskeletal 

tissue engineering facilitates development of translatable therapies; however, there exists 

immense variation in the phenotype of cells derived from a diverse and aged human 

population. In order to interpret results from experiments utilizing adult human-derived 

cells, we must first understand the intrinsic chondrogenicity of a given population of cells 

prior to experimental perturbation, such as culture in physioxia.  

Hypothesis: The variation in chondrogenic differentiation potential for cells derived from 

different biologic donors, as well as for cells derived from clonal populations from a single 

donor, will dictate the response of stem cell populations to culture in physioxia and is the 

basis for varied results in the literature. 

Aim 2. Establish the role of physioxia in promoting the biochemical anabolism of the 

extracellular matrix within a novel scaffold-free tissue engineering system. 

Historically, generating large-scale cartilaginous tissues in a low oxygen environment has 

proven challenging due to nutrient restriction. We sought to optimize a robust scaffold-free 

tissue engineering system to generate large-scale tissues from a variety of human-derived 

cells for the first time. This system allowed us to characterize not only temporospatial tissue 

development but also cellular responses to environmental signals, including physioxia.  
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Hypothesis: Physioxia promotes chondrogenic differentiation and extracellular matrix 

anabolism in scaffold-free neocartilage tissues. ACPs generate articular cartilage, while 

ACs generate fibrocartilage, in a scaffold-free tissue engineering system.  

Aim 3. Define the role of dynamic mechanical stimulation in the creation of articular 

cartilage anisotropy. Evidence from native mammalian articular cartilage suggests that 

neonatal tissue is relatively isotropic in comparison with adult tissue. Mechanical 

stimulation during the postnatal period is hypothesized to drive both the depth-dependent 

zonal organization and pericellular matrix elaboration; although, the mechanisms of tissue 

reorganization are unknown. The development tissue anisotropy in scaffold-free 

neocartilage remains unexplored, and our scaffold-free system provided a platform to study 

tissue maturation in the dynamic compressive mechanical environment.   

Hypothesis 1: A dynamic compressive mechanical environment drives tissue maturation 

through active cellular responses to reorganize the extracellular matrix.  

Hypothesis 2: Endogenous FGF2 bound to perlecan in the pericellular matrix mediates 

tissue reorganization through control of catabolic and anti-catabolic mechanisms 

following growth factor mobilization in the mechanical environment. 
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CHAPTER 2: MATERIALS & METHODS 

 

2.1  CELL & TISSUE CULTURE 

2.1.1  CELL HARVEST & ISOLATION:  

Human mesenchymal stem cells were isolated from iliac crest bone marrow 

aspirates and expanded in monolayer culture as described previously (129,186). Briefly, 

bone marrow aspirates were obtained, with approval from the Institutional Review Board 

at Oregon Health & Science University, Portland, OR, USA (IRB00000605) and 

fractionated on a Percoll density gradient. Cells were plated at 160,000 cells/cm2 in 

Dulbecco’s Modified Eagle Medium (DMEM; Life Technologies, Grand Island, NY) with 

1 mg/ml L-glucose, 10% (v/v) fetal bovine serum (FBS) and 1% (v/v) penicillin-

streptomycin (P/S). Adherent cells were cultured at 37 ̊C, 5% CO2 and atmospheric oxygen 

with medium changes every 3 to 4 days until confluent, at which point expansion medium 

was supplemented with 10 ng/ml basic fibroblast growth factor (FGF-2; PeproTech, Rocky 

Hill, NJ).  

Human articular chondrocytes and articular cartilage progenitors were harvested 

from the femoral condyles of healthy human donors. Human tissue was obtained without 

patient identifiers and with relevant ethical approval from the Institutional Review Board 

at Oregon Health & Science University (IRB exempt, Portland, OR, USA) and the NHS 

Blood and Tissue bank, Liverpool, UK (NRES number: 09/WSE04/35). Cartilage was 

removed from the condyles and finely minced before enzymatic digestion. ACs were 

digested from tissue with 1% pronase (w/v) from Streptomyces griseus for 1 hr at at 37°C 

followed by 1,300 U/ml collagenase II (Worthington Biochemical, Lakewood, NJ, USA) 
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for 3 hr at 37°C, both in DMEM supplemented with 1 mg/ml L-glucose, 1% P/S. Following 

digestion, ACs were plated at 7,000/cm2 and expanded in monolayer in DMEM 

supplemented with 1 mg/ml L-glucose, 10% (v/v) FBS, and 1% (v/v) P/S.  

ACPs were isolated from separate donors to ACs through sequential pronase (70 

U/ml for 20 min at 37°C) and type I collagenase (300 U/ml for 4 hr at 37°C) digestion. 

ACPs were selected from a total chondrocyte population through differential adhesion to 

fibronectin as previously described (19), and clonal populations of colony forming cells 

were expanded in monolayer in DMEM/F12 (1:1) medium containing 1 mg/ml L-glucose, 

10mM HEPES, 10% (v/v) FBS, 1% (v/v) P/S, 0.1 mM ascorbic acid 2-phosphate (Wako, 

Cape Charles, VA), 1 ng/ml transforming growth factor β1 (TGF-β1, PeproTech) and 5 

ng/ml FGF-2. ACs and ACPs were expanded in a standard tissue culture incubator with 

atmospheric oxygen and 5% CO2. 

 

2.1.2   PELLET CULTURE:  

Chondrogenic differentiation was induced in serum-free DMEM containing 4.5 

mg/ml L-glucose, 10 ng/ml TGF-β1, 10-7M dexamethasone (Sigma-Aldrich, St. Louis, 

MO, USA), 37.5 µg/ml ascorbic acid 2-phosphate, 1 mM sodium pyruvate, 40 µg/ml L-

proline, 1% (v/v) ITS+ Universal Culture Supplement Premix (BD Biosciences, San Jose, 

CA, USA) and 1% (v/v) P/S (129). Pellet cultures were formed by centrifuging 5 × 104 

(MSCs) or 1 × 105 cells (ACPs) at 500 × g for 5 minutes in 240 µl of medium in Nunc 

polypro- pylene V-bottom 96-well plates (Thermo Fisher Scientific, Waltham, MA, USA). 

The ratio of cell density to medium volume was optimized in another study utilizing 

articular chondrocytes, results for which are presented in Appendix C. Cultures were 
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maintained in a low oxygen incubator (Thermo Fisher Scientific) set at 2% oxygen and 5% 

CO2 (physioxia), or in a standard tissue culture incubator at 20% oxygen and 5% CO2 

(hyperoxia). By convention, we refer to the atmospheric, thus hyperoxic, condition as 20% 

oxygen. Medium was changed every 2 to 3 days, with that of the physioxic cultures being 

done at 2% oxygen in a low oxygen chamber (BioSpherix, Lacona, NY, USA) using 

medium pre-gassed to 2% oxygen, ensuring cells consistently saw that level of oxygen for 

the entire experimental period. 

 

2.1.3   TISSUE CULTURE:  

Cells were passaged with TryplE reagent (Life Technologies), rinsed in serum-free 

DMEM with 1 mg/ml L-glucose, 1% (v/v) P/S, and resuspended at the defined seeding 

density in 200 µl in serum-free chondrogenic differentiation medium defined above (129). 

A cell suspension of 2 x 106 was pipetted drop-wise into a Transwell insert (Corning, Inc., 

Corning, NY, USA) containing a 6.5 mm diameter, 0.4 µm pore size, polyester membrane, 

which was either uncoated, coated with 2% agarose (w/v) (Sigma-Aldrich), or coated with 

50 µg/ml bovine plasma fibronectin in DMEM (CalBioChem, Merck, Darmstadt, 

Germany) for 1 hr at room temperature. The cell-laden inserts were centrifuged at 200 × g 

for 5 min in 24-well plates with 1 ml medium below the membrane. On the second day, 

the insert was transferred to a custom 12-well plate configuration containing 4.8 ml 

medium to create open medium flow between the top and bottom of the membrane. Tissues 

were cultured on an orbital shaker at 1 Hz frequency and maintained in a low oxygen 

incubator (Thermo Fisher Scientific) set at 5% oxygen and 5% CO2 (physioxia) or in a 

standard tissue culture incubator at 20% oxygen and 5% CO2 (hyperoxia). Medium was 
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changed 2 times weekly, with physioxic cultures being done at 5% oxygen in a low oxygen 

chamber (BioSpherix) with medium pre-gassed to ensure consistent oxygen levels 

throughout the experimental period. On the tenth day of culture, tissues were released from 

the membrane into free swelling culture in 0.9% w/v poly-2-hydroxyethylmethacrylate 

(poly-HEMA) (Sigma-Aldrich) coated 12-well plates containing 3 ml differentiation 

medium, a minimum volume optimized for high cell densities based on our prior work 

(Appendix C). Cultures were maintained to day 28 ensuring that the original membrane-

oriented side was facing upward.  

 

2.2   TISSUE ANALYSIS  

2.2.1   BIOCHEMICAL ANALYSIS:  

Triplicate pellets from each condition were rinsed with phosphate-buffered saline 

(PBS) and digested overnight at 60°C in 4 U/ml papain (Sigma-Aldrich) in PBS containing 

6 mM Na2-ethylenediaminetetraacetic acid and 6 mM L-cysteine (papain buffer, pH 6.0). 

Neocartilage discs were sectioned into quarters, and triplicate sample replicates from each 

condition were weighed, rinsed, and digested in the same solution.  

Total DNA and sulfated glycosaminoglycan (GAG) content were quantified using 

Hoechst and 1,9-dimethymethylene blue (DMMB) assays, respectively (178). DNA 

content of pellet and disc digests was quantified using calf thymus DNA diluted in papain 

buffer as a standard in serial dilution. Diluted samples, standards, and blanks were added 

to Hoechst dye (2 µg/ml), and fluorescence emission was measured with a multi-well plate 

reader (excitation 355 nm, emission 455 nm).  

Supernatant was collected at each medium change to quantify the total amount of 
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GAGs produced and lost into the medium. GAG content of pellet and disc digests and 

supernatant was quantified using shark chondroitin sulfate (Sigma-Aldrich) diluted in 

either DMEM or papain buffer as a standard in serial dilution. DMMB dye (18 µg/ml in 

0.5% ethanol, 0.2% formic acid, 30 mM sodium formate; pH 3.0) was added to samples, 

standards, and blanks, and absorbance was measured (575 nm).  

Hydroxyproline content was quantified using an adaptation of the chloramine-T 

hydrate oxidation/p-dimethylaminobenzaldehyde development method with solid-phase 

hydrolysis on Dowex 50WX8-400 ion exchange resin (Thermo Fisher Scientific) (178). 

Trans-4-hydroxy-L-proline in papain buffer was used to generate a standard curve, and 

absorbance was measured at 560 nm.  

 

2.2.2   BIOMECHANICAL ANALYSIS:  

Mechanical properties of three full size disc replicates from each condition were 

tested in unconfined compression using a custom apparatus (187). Briefly, sample 

dimensions were measured with a digital micrometer, and the tissue was subjected to a 

creep test under 0.02 N load until equilibrium was reached at ~300 s. Upon equilibrium, 

iterative stress relaxation tests were performed at 1 mm/s to 10, 20, 30, and 40% 

compressive strain to derive the peak stress and equilibrium compressive Young’s modulus 

at each ramp. Between each stress relaxation ramp, a dynamic test was carried out by 

applying 1% oscillatory strain at 1 Hz frequency to derive the dynamic compressive 

modulus.  
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2.2.3   GENE EXPRESSION ANALYSIS:  

RNA was isolated from 6 pellets or 3 quarter discs of each biologic replicate in 

each condition. Briefly, tissues were snap frozen directly in liquid nitrogen, crushed with 

a mini pestle, and lysed with Buffer RLT (QIAGEN, Germantown, MD, USA) containing 

40mM dithiothreitol (DTT). RNA isolation was performed with the RNeasy Mini Kit 

(QIAGEN) according to manufacturer’s instructions. Total RNA was quantified on a 

NanoDrop Spectrophotometer (NanoDrop, Wilmington, DE, USA) and 250 to 500 ng were 

reverse-transcribed using qScript cDNA SuperMix (Quanta BioSciences, Gaithersburg, 

MD, USA). Quantitative polymerase chain reaction (qPCR) 

was performed with a dilution of cDNA using a StepOnePlus 

thermal cycler (Life Technologies) with TaqMan Fast 

Advanced Master Mix and TaqMan assay primers (Life 

Technologies) listed in Table 2.1. Cycling parameters were 

50°C for 2 minutes, 95°C for 20 seconds, then 95°C for 1 

seconds and 60°C for 20 seconds for a total of 40 cycles. 

Results were analyzed using the 2-ΔCt method relative to the 

most stably expressed housekeeping gene across all 

experimental replicates and between groups. Gene expression 

was normalized to either the paired condition or the baseline 

condition.  

 

 

Gene TaqMan Primer 
18S Hs99999907_m1
ACAN Hs00153936_m1
B2M Hs99999907_m1
COL1A1 Hs00164004_m1
COL2A1 Hs00264051_m1
COL6A1 Hs00242448_m1
COL9A1 Hs00932129_m1
COL10A1 Hs00166657_m1
COL11A2 Hs00365416_m1
COMP Hs00164359_m1
INHBA Hs01081598_m1
LOX Hs00942480_m1
MMP1 Hs00899658_m1
MMP13 Hs00233992_m1
MTN3 Hs00159081_m1
PIEZO1 Hs00207230_m1
PRG4 Hs00195140_m1
L-SOX5 Hs00374709_m1
SOX6 Hs00264525_m1
SOX9 Hs01001343_g1
TBP Hs00427620_m1
TIMP1 Hs00171558_m1
TRPV4 Hs01099348_m1
VCAN Hs00171642_m1

Table 2.1 TaqMan Primers
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2.2.4   HISTOLOGY & IMMUNOHISTOCHEMISTRY:  

Pellets, discs, or native cartilage were fixed in 10% neutral buffered formalin, 

embedded in paraffin (formalin-fixed, paraffin embedded, FFPE) and sectioned onto 

silane-coated slides. Proteoglycan content was visualized by histochemical staining with 

toluidine blue (0.04% toluidine blue, 0.2M acetate buffer, pH=4.00) after deparaffinization. 

Tissues destined for immunohistochemistry of frozen sections were flash frozen in cold 

boiling hexanes for 1 minute, embedded in optimal cutting temperature (OCT) compound 

(TissueTek, Sakura, Torrance, CA), and cryo-sectioned (Thermo Fisher Scientific) at a 

5µm thickness onto BioBond-coated (Electron Microscopy Sciences, Hatfield, PA) plain 

glass slides or 22mm diameter cover slips.  

For immunohistochemistry, FFPE sections were deparaffinized and rehydrated 

through sequential alcohol baths. FFPE or frozen tissues were pretreated for antigen 

retrieval according to the parameters identified for each antibody listed in Table 2.2. 

Sections were blocked with a blocking buffer composed of either 4% normal goat serum 

(NGS), 1% bovine serum albumin (BSA), and 0.3% Triton X-100 in 1X PBS or 5% BSA 

in 1X PBS and were subsequently probed with primary antibodies (Table 2.2) overnight at 

4°C in a 1% dilution of the respective blocking buffer. Species-matched secondary 

antibodies (Table 2.3) were diluted in 1% blocking buffer and incubated on slides for 45 

min at room temperature. Slides were mounted with ProLong Gold antifade reagent 

containing 4′,6-diamidino-2-phenylindole (DAPI, Life Technologies) and imaged using a 

Leica DM4000b upright fluorescent microscope (Leica Microsystems, Buffalo Grove, IL, 

USA). 
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2.2.5   WESTERN BLOTTING:  

For protein identification from neocartilage pellets or discs, tissues were digested 

in a lysis buffer (later specified for each experiment) under reducing conditions. Total 

protein concentration was quantified through a BCA Assay (Thermo Fisher Scientific), 

equal quantities were loaded onto an 8, 10 or 15% polyacrylamide gel depending on target 

protein size, and gels were run in electrophoresis. Protein was transferred to polyvinylidene 

difluoride (PVDF) membrane, blocked with either 2% non-fat milk or 5% BSA, and probed 

with a primary antibody (Table 2.2) against the target protein of interest. Membranes were 

subsequently probed with HRP-conjugated secondary antibody (Table 2.3) for 45 min at 

room temperature. HRP-conjugated antibodies were reacted with Western Lighting Plus 

ECL (Perkin Elmer, Waltham, MA, USA) chemiluminescence HRP substrate and 

visualized with a c-Digit blot scanner (LI-COR, Lincoln, NE, USA).  

 

2.3   STATISTICAL ANALYSIS:  

All statistical analyses were performed using GraphPad Prism v7.0 (GraphPad, La 

Jolla, CA, USA). Normality for each condition within a single cell type was assessed using 

D’Agostino-Pearson omnibus K2 test for Chapter 3 or Shapiro-Wilk test for Chapter 4 & 

5 based on sample size. Normally distributed groups did not meet significance of p<0.05 

for distribution other than Gaussian. Specific statistical analyses are further described in 

each subsequent chapter.  
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CHAPTER 3: 

RESPONSES TO ALTERED OXYGEN TENSION ARE DISTINCT BETWEEN HUMAN STEM 

CELLS OF HIGH AND LOW CHONDROGENIC CAPACITY 
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3.1   ABSTRACT:  

Introduction: Lowering oxygen from atmospheric (hyperoxia) to the physiological level 

(physioxia) of articular cartilage promotes mesenchymal stem cell (MSC) chondrogenesis. 

However, the literature is equivocal regarding the benefits of physioxic culture on 

preventing hypertrophy of MSC-derived chondrocytes. Relative to MSCs, articular 

cartilage progenitors (ACPs) undergo chondrogenic differentiation with reduced 

hypertrophy marker expression in hyperoxia but have not been studied in physioxia. This 

study sought to delineate the effects of physioxic culture on both cell types undergoing 

chondrogenesis.  

 

Methods: MSCs were isolated from human bone marrow aspirates and ACP clones were 

isolated from healthy human cartilage. Cells were differentiated in pellet culture in 

physioxia (2% O2) or hyperoxia (20% O2) over fourteen days. Chondrogenesis was 

characterized by biochemical assays and gene and protein expression analysis.   

 

Results: MSC preparations and ACP clones of high intrinsic chondrogenicity (termed 

high-GAG) produced abundant matrix in hyperoxia and physioxia. Poorly chondrogenic 

cells (low-GAG) demonstrated a significant fold-change matrix increase in physioxia. Both 

high- and low-GAG groups of MSCs and ACPs significantly upregulated chondrogenic 

genes; however, only high-GAG groups had a concomitant decrease in hypertrophy-related 

genes. High-GAG MSCs upregulated many common hypoxia-responsive genes in 

physioxia while low-GAG cells downregulated most of these genes. In physioxia, high-

GAG MSCs and ACPs produced comparable type II but less type I collagen than those in 
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hyperoxia.  Type X collagen was detectable in some ACP pellets in hyperoxia but reduced 

or absent in physioxia. In contrast, type X collagen was detectable in all MSC preparations 

in hyperoxia and physioxia. 

 

Conclusions: MSC preparations and ACP clones had a wide range of chondrogenicity 

between donors. Physioxia significantly enhanced the chondrogenic potential of both 

ACPs and MSCs compared with hyperoxia, but the magnitude of response was inversely 

related to intrinsic chondrogenic potential. Discrepancies in the literature regarding MSC 

hypertrophy in physioxia can be explained by the use of low numbers of preparations of 

variable chondrogenicity. Physioxic differentiation of MSC preparations of high 

chondrogenicity significantly decreased hypertrophy related genes but still produced type 

X collagen protein. Highly chondrogenic ACP clones had significantly lower hypertrophic 

gene levels, and there was little to no type X collagen protein in physioxia, emphasizing 

the potential advantage of these cells in articular cartilage tissue engineering applications. 

 

3.2   INTRODUCTION:  

 Articular cartilage demonstrates limited potential to repair or regenerate following 

acute injury and chronic degeneration due to lack of a blood supply, low cell density, and 

highly organized extracellular matrix. Tissue engineering strategies to repair articular 

cartilage remain limited by our inability to differentiate cells in vitro toward the stable 

articular cartilage tissue phenotype, characterized by high type II collagen and aggrecan 

and low type I and type X collagen in the extracellular matrix. Human bone marrow-

derived mesenchymal stem cells (MSCs) are an attractive candidate as an autologous cell 
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source for tissue engineering application because they are easily harvested through bone 

marrow aspiration from adults; however, MSCs invariably progress toward the 

hypertrophic phenotype during in vitro chondrogenesis (129,171).  

One of the variables to be considered during in vitro chondrogenesis is  the oxygen 

level in which cells are differentiated, since the physiologic oxygen tension (physioxia) 

within tissues in the human body is well below atmospheric (hyperoxia), with the highest 

in the alveoli (110 mmHg) and arterial blood (100 mmHg) (172). Articular chondrocytes 

live in a physiologic environment of 1 to 5% (8-40 mmHg) oxygen, and bone marrow 

resides in approximately 7% oxygen (50 mmHg) (172,174,175). It is well known that 

oxygen deprivation in tissues stabilizes expression of hypoxia-inducible factors (HIFs), 

which directly modulate in vitro chondrogenesis through transactivation of regulatory 

transcription factors, including (sex determining region Y)-box 9 (SOX9)—the master 

regulatory transcription factor for chondrogenesis (176,177). Oxygen-mediated 

mechanisms drive anabolism of the extracellular matrix molecules toward the articular 

cartilage phenotype, but the role of physioxia remains equivocal with regard to MSC 

terminal differentiation toward the hypertrophic phenotype.  

We have found that genes of the hypertrophic phenotype, COL10A1 and MMP13, 

and of the fibrocartilaginous phenotype, COL1A1, are significantly lower in both healthy 

and osteoarthritic adult human chondrocytes during redifferentiation in low oxygen 

culture, which further increases proteoglycan production and promotes expression of 

cartilage matrix genes, including COL2A1 and ACAN (178). The effect of lowered oxygen 

tension on markers of hypertrophy during chondrogenic differentiation of bone marrow-

derived MSCs is less clear, with results ranging from downregulation (117,186,188-190) 
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to no change (191-193) to upregulation (194,195) of COL10A1 and/or MMP13.  In our 

own previous work, we found that while proteoglycan production and COL2A1 and ACAN 

expression are promoted in MSCs, COL10A1 expression is enhanced rather than 

suppressed in low oxygen culture (194). These studies, however, were conducted using 

MSCs that had been expanded without FGF-2 supplementation, which is known to improve 

subsequent chondrogenesis (126-128), and the pellets exhibited poor chondrogenesis 

regardless of oxygen tension. In our more recent studies, using highly chondrogenic 

preparations, MSCs cultured at low oxygen downregulated hypertrophic genes (186).  

  Articular cartilage progenitor cells (ACPs) are a cell population that exists in the 

upper layer of mature articular cartilage. They have generated significant interest with 

regard to their role in tissue development (16,17,20), in situ response to injury 

(62,134,136,137,196), and tissue engineering (19,138-140). Increasing evidence suggests 

that ACPs generate stable articular chondrocytes of native tissue through appositional 

growth of clonal populations (20). In vitro, clonal ACPs undergo chondrogenic 

differentiation with reduced potential for terminal differentiation toward the hypertrophic 

phenotype, in contrast with MSCs (139). Further, chondrogenic potential is maintained 

with extended population doublings and reduced telomere shortening in sub-clonal 

populations (197). Although ACPs reside in a low oxygen environment in vivo, where 

oxygen tension likely influences both differentiation and subsequent tissue homeostasis, 

the data concerning their differentiation were all generated in a hyperoxic environment of 

20% oxygen in vitro. 

While adult stem cells, including bone marrow-derived MSCs and tissue-derived 

ACPs, are promising cell candidates for autologous tissue regeneration, there exists 
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substantial heterogeneity across populations of cells from adult human donors (188,198-

201). Generating clonal populations of MSCs is technically very challenging. Among the 

few successful examples, clonal MSC populations derived from individual human donors 

demonstrate intra-clonal heterogeneity with respect to proliferative efficiency, 

differentiation capacity, and phenotype (118,119). In contrast to MSCs, ACPs are clonable, 

but intra-donor variation has only been defined at the level of colony-forming efficiency 

(19), and intra-clonal variation remains undefined. Without standardized cell isolation and 

differentiation protocols in articular cartilage tissue engineering, generalized comparisons 

across and within cell populations from adult human donors, especially when pooled from 

multiple donors, may hinder our ability to identify subsets of cells with which to effectively 

generate autologous tissue applicable to adult patients.  

The objective of the current study was to define the influence of oxygen tension on 

chondrogenic differentiation, specifically gene and protein expression, of adult MSCs and 

ACPs. In particular, we focused on intra-donor variability of MSCs and both intra-donor 

and intra-clonal variability of ACPs. We reasoned that not all adult human stem cells are 

equivalent, and there exists a range of chondrogenic potential for cells derived from 

different biologic donors as well as for cells derived from clonal populations from a single 

donor. This may have consequences for understanding the response of stem cell 

populations to biological stimuli; for example, the discrepancies in reports on the effects 

of oxygen on MSC hypertrophy. Thus, we investigated whether stem cell responses to 

changes in oxygen level during differentiation depends on intrinsic chondrogenic capacity.  
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3.3   MATERIALS & METHODS:  

Cell harvest and isolation: Human-derived cells were isolated, expanded, and cultured 

according to methods in Chapter 2. Briefly, human MSCs were isolated from iliac crest 

bone marrow aspirates of 14 consenting donors (9 females, 5 males, age 46-74). Articular 

chondrocytes (ACs) were isolated from full thickness articular cartilage from the femoral 

condyles of cadaveric specimens through enzymatic digestion. Colony forming articular 

cartilage progenitor cells (ACPs) were isolated from the chondrocyte population through 

differential adhesion to fibronectin (19). A total of 18 ACP clones from four biologic 

donors (all male, age 26-33) were evaluated.  

 

Pellet Culture: Chondrogenic differentiation was induced in serum-free defined 

chondrogenic medium in pellet culture described in Chapter 2. Cultures were maintained 

in a low oxygen incubator (Thermo) set at 2% oxygen and 5% CO2 (physioxia), or in a 

standard tissue culture incubator at 20% oxygen and 5% CO2 (hyperoxia).  

 

Biochemical Analysis: Total DNA, sulfated glycosaminoglycan (GAG), and collagen 

content in each pellet were quantified from triplicate sample replicates after 14 days of 

pellet culture according to DNA, DMMB, and hydroxyproline biochemical assays, 

respectively, described in Chapter 2. GAGs that were released into the medium over the 

duration of pellet were quantified from triplicate sample replicates with a DMMB assay.  

Each cell type, MSCs and ACPs, was divided into two groups based on GAG 

production in hyperoxia relative to human chondrocytes cultured in standard chondrogenic 

pellet culture conditions (n=4 each of 5 × 104 and 1 × 105). Preparations or clones within 



63  

two standard deviations of GAG production for the human chondrocytes were considered 

‘high-GAG’, and those below two standard deviations were considered ‘low-GAG.’ 

 

Gene Expression Analysis: RNA was isolated from 6 pellets of each replicate in each 

condition with the RNeasy Mini Kit according to methods in Chapter 2. Quantitative 

polymerase chain reaction (qPCR) was performed according to methods in Chapter 2 with 

reverse transcribed cDNA and TaqMan assay primers listed in Table 2.1 for the following 

gene targets: COL2A1, COL9A1, COL11A2, COL6A1, COL1A1, COL10A1, SOX9, L-

SOX5, SOX6, ACAN, PRG4, LOX, MMP13. Results were analyzed using the 2-ΔCt method 

relative to 18S housekeeping gene—the most stably expressed of four evaluated 

housekeeping genes across all experimental replicates and between groups. Gene 

expression in physioxia was normalized to the paired gene in hyperoxia to calculate relative 

fold change expression.  

 To evaluate a panel of oxygen-tension mediated genes, RNA was pooled at equal 

quantities from each group, and 5ng of cDNA was loaded to each well of a human TaqMan 

gene array (catalog #4414090, Life Technologies). Results were analyzed using the 2-ΔCt 

method relative to 18S housekeeping gene, consistent with single gene analysis. A cycle 

threshold of 36 was defined for minimum expression levels across the panel, and 

undetectable genes above the threshold were not evaluated. Gene expression in physioxia 

was normalized to the paired gene in hyperoxia to calculate relative fold change expression. 

Heatmaps were generated in RStudio (Boston, MA): one without scaling to reflect fold 

change expression and one with a z-score cluster analysis. Gene relationships were defined 

using the STRING (Search Tool for the Retrieval of Interacting Genes/Proteins) database 
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v10, and genes were grouped according to common biological processes of gene ontology.  

 

Histology and Immunohistochemistry: Pellets were fixed in 10% neutral buffered formalin, 

embedded in paraffin and sectioned onto slides. Proteoglycan content was visualized by 

histochemical staining with toluidine blue. Pellet size was determined by measuring the 

widest diameter with digital analysis of toluidine blue stained sections taken from the 

middle of the pellet (ZEN blue, Zeiss, Oberkochen, Germany). For immunohistochemistry, 

tissue sections were deparaffinized, pretreated for antigen retrieval, and probed for types I, 

II, and X collagen according to specifications listed for each antibody in Table 2.2.  

 

Western Blotting: To confirm the presence of protein visualized in immunohistochemistry, 

ten pellets from ACP clones were digested in 8M urea under reducing conditions. Total 

protein concentration was quantified through a BCA Assay, and equal quantities were 

loaded onto an 8% polyacrylamide gel. Gels were run in electrophoresis and transferred to 

a PVDF membrane, which was subsequently blocked with 2% non-fat milk and probed for 

type X collagen with the X53 antibody according to specifications in Table 2.2 The X53 

antibody was prepared and characterized as described by Girkontaite et al. (1996), and full 

length collagen type X stably expressed in HEK293 cells was affinity purified as outlined 

in Wagner et al. (2000) (202,203). As a loading control, the membrane was probed with a 

primary antibody to GAPDH (Table 2.2) for 1 hr at room temperature and subsequently 

probed with HRP-conjugated goat anti-mouse (Table 2.3) for 45 min at room temperature. 

HRP-conjugated antibodies were reacted with HRP substrate and visualized with a blot 

scanner.  
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Statistical Analysis: All statistical analyses were performed using GraphPad Prism v7.0 

(GraphPad, La Jolla, CA, USA). Normality for each condition within a single cell type was 

assessed according to methods in Chapter 2. Comparison of GAG content and gene 

expression between physioxia and hyperoxia within a given group was assessed using a 

paired t-test for normal data and Wilcoxon matched-pairs signed rank test for non-normal 

data, with significance set at p<0.05. Comparison of GAG content between normally 

distributed groups was performed with an unpaired t-test, with significance set at p<0.05. 

Mean and standard deviation for fold change gene expression was calculated as physioxia 

relative to hyperoxia for each group.  

 

3.4   RESULTS: 

Stem cell populations vary in their response to physioxia during chondrogenic 

differentiation. Quantification of total glycosaminoglycans (GAG) per pellet as a readout 

for overall chondrogenic differentiation revealed that culture in physioxia significantly 

favored chondrogenic extracellular matrix anabolism when compared with culture in 

hyperoxia (p=0.0002 for MSCs, p=0.0124 for ACPs). There existed a wide range of both 

baseline GAG content in hyperoxia and fold change GAG content from hyperoxia to 

physioxia across individual populations of cells (Figure 3.1A). Each biologic replicate of 

MSCs and ACPs was categorized as high- or low-GAG based on a threshold defined by 

their total GAG production in hyperoxia relative to that of pellet cultures of healthy human 

articular chondrocytes in the same pellet culture conditions that we previously optimized 

(Figure 3.2, Appendix C). Specifically, cell populations that produced GAGs within two 
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standard deviations of human chondrocyte pellets were considered high-GAG cells, and 

those below the two standard deviation threshold were considered low-GAG cells. While 

physioxic culture increased GAG production across all MSC preps and the majority of 

ACP clones, physioxia was of greater benefit to biologic replicates that exhibited very low 

GAG production at baseline in hyperoxia, driving a greater fold change than for clones that 

started with high GAG production and chondrogenic capacity in hyperoxia (Figure 3.1B). 

There were no statistically significant differences in pellet DNA content between oxygen 

levels, GAG levels, nor cell types, indicating that differences in GAG content were not due 

to cell proliferation or death (Figure 3.1C). Even with a significantly higher fold-induction, 

the pellets of low-GAG cell preparations of both cell types were still poorly chondrogenic 

in comparison with matched high-GAG pellets. This can also be easily discerned in the 

qualitative analysis of proteoglycan and glycosaminoglycan production through toluidine 

blue staining and quantitative analysis of pellet size; low-GAG pellets of each cell type 

were significantly smaller in pellet diameter with much less metachromasia than high-GAG 

pellets of the same cell type (Figure 3.3).  
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FIGURE 3.1 – BIOCHEMICAL ANALYSIS OF PROGENITOR CELL CHONDROGENESIS.  
(A) Total glycosaminoglycan (GAG) production per pellet for each MSC preparation and 
ACP clone indicated variation among human donors. A threshold (--) defined as two 
standard deviations from the total GAG production during pellet chondrogenesis for 
healthy human chondrocytes was set for each cell type, and low- and high-GAG producing 
groups were categorized. (B) Mean (±SD) fold change GAG production in physioxia 
relative to hyperoxia was significant for all groups other than high-GAG ACPs, and a 
significant difference existed between the fold-change for low- and high-GAG groups of 
each cell type. (C) Mean (±SD) fold change DNA content in physioxia relative to hyperoxia 
was no different between oxygen level, GAG level, nor cell type. Statistical significance 
defined as *p<0.05, ***p<0.001 by a paired or unpaired t-test where appropriate.  
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FIGURE 3.2 – THRESHOLD FOR PROTEOGLYCAN PRODUCTION.  
Total glycosaminoglycan (GAG) production per pellet (mean ± SD) for healthy human 
chondrocytes cultured at densities of 100,000 or 50,000 cells per pellet over 14 days of 
chondrogenic differentiation. Two standard deviations below the mean of each group was 
used to define the threshold for grouping MSC and ACP preparations based on 
proteoglycan production for the matched cell density. 
 
 
 

 
 
FIGURE 3.3 – QUALITATIVE ANALYSIS OF PROTEOGLYCAN PRODUCTION.  
(A) Representative toluidine blue stain for total proteoglycans demonstrates smaller pellets 
with less metachromasia for low-GAG producing MSC preparations and ACP clones in 
both hyperoxia and physioxia relative to paired high-GAG MSC preparations and ACP 
clones at the respective oxygen levels. Images were acquired with bright-field microscopy, 
scale bars = 100 µm. (B) Measurement of pellet diameter (mean ± SD) revealed a 
statistically significant difference in pellet size between both MSCs and ACPs of high or 
low chondrogenicity and between high-GAG MSCs at physioxia or hyperoxia. Statistical 
significance defined as *p<0.05, **p<0.01, ****p<0.0001 by a paired or unpaired t-test 
where appropriate.  
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Effect of physioxia on gene expression corresponds with intrinsic chondrogenic 

capacity. All cell preparations and clones were evaluated for chondrogenic markers 

including those of the articular chondrocyte (COL2A1, ACAN), the fibrochondrocyte 

(COL1A1), and the hypertrophic chondrocyte (COL10A1, MMP13) phenotypes. Physioxic 

culture significantly upregulated COL2A1 and ACAN in low-GAG preps from both cell 

types (Figure 3.4). However, among low-GAG cells, only ACPs demonstrated significant 

downregulation of COL10A1 while MSCs did not downregulate either marker of the 

hypertrophic phenotype, COL10A1 or MMP13. Physioxic culture of the high-GAG cells 

demonstrated significant upregulation of COL2A1 and ACAN for both ACPs and MSCs, 

with a corresponding significant downregulation of COL10A1 and MMP13 relative to 

culture in hyperoxia. Only high-GAG MSCs demonstrated a significant downregulation of 

COL1A1 gene expression.  
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FIGURE 3.4 – DIFFERENTIAL GENE EXPRESSION BASED ON CHONDROGENICITY.  
Gene expression analysis for fold-change of chondrogenic markers of the articular cartilage 
phenotype (COL2A1, ACAN), the fibrocartilaginous phenotype (COL1A1), and the 
hypertrophic phenotype (COL10A1, MMP13) demonstrates varied chondrogenic responses 
by high- and low-GAG groups of each cell type, MSCs and ACPs, during pellet culture in 
physioxic relative to hyperoxic conditions. Data are mean ± standard deviation of fold 
change for each group (n = 6 to 10). Statistical significance defined as #,*p<0.05 by a paired 
or unpaired t-test where appropriate.  
 
 

Oxygen-dependent genes are differentially expressed between groups of low and 

high chondrogenicity. When evaluated with a panel of oxygen-responsive genes, high-

GAG MSCs and ACPs displayed a differential expression pattern to the matched low-GAG 

group for each cell type. Based on cluster analysis, cell groups were more closely related 

based on GAG production and intrinsic chondrogenicity than on cell type; low-GAG MSCs 

and ACPs clustered together, which then clustered with high-GAG ACPs and finally with 

high-GAG MSCs (Figure 3.5A). When evaluated as relative fold change from hyperoxia 

to physioxia (Figure 3.5B), high-GAG MSCs upregulated a majority (80%) of oxygen-

responsive genes, including those of the HIF regulatory and TGF-β signaling pathways, 

both of which modulate chondrogenic differentiation. These cells also either upregulated 
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or did not change oxygen-responsive genes that regulate other biological processes, 

grouped by gene ontology, including cell cycle control, metabolism, and angiogenesis; 

many genes were involved in two or more processes. In contrast, low-GAG MSCs 

downregulated 74% of these same genes across all groupings. Both high- and low-GAG 

ACPs downregulated a majority of these oxygen-dependent genes, and the response 

between groups was similar in magnitude as well as direction for most genes.  

 

 

FIGURE 3.5 – OXYGEN-DEPENDENT GENE EXPRESSION.  
(A) Clustering of oxygen-dependent gene expression based on z-score demonstrates that 
groups of MSCs and ACPs are more similar between GAG-level than within cell type in 
response to culture in physioxia relative to culture in hyperoxia. (B) Fold-change gene 
expression from hyperoxia to physioxia across an array of oxygen-dependent genes 
demonstrates differential expression patterns between high- and low-GAG groups of each 
cell type, MSCs and ACPs. Genes labeled in green were upregulated in physioxia relative 
to hyperoxia, and genes labeled in red were downregulated in physioxia relative to 
hyperoxia. Genes were categorized according to associations of gene ontology for biologic 
processes based on associations and clusters in the STRING database. 



72  

Physioxia promotes the articular chondrocyte phenotype in highly chondrogenic 

cells. High-GAG cells of both MSCs and ACPs demonstrated significant upregulation of 

COL2A1, COL11A2, COL6A1, ACAN, PRG4, and SOX9 and downregulation of COL10A1 

and MMP13 in physioxia relative to hyperoxia (Figure 3.6). High-GAG MSC preps also 

demonstrated significant upregulation of COL9A1, and L-SOX5 and downregulation of 

COL1A1 in physioxia. High-GAG ACP clones further demonstrated significant 

upregulation of SOX6 and LOX. COL9A1 was undetectable in five of eight high-GAG ACP 

clones cultured in hyperoxia but present at detectable levels in all clones cultured in 

physioxia.  

 

 

FIGURE 3.6 – GENE EXPRESSION OF HIGHLY CHONDROGENIC PROGENITOR CELLS.  
Gene expression analysis for fold-change of chondrogenic markers in physioxia relative to 
hyperoxia demonstrates that high-GAG groups of both MSCs and ACPs are highly 
responsive to oxygen level and upregulate a majority of genes representative of the articular 
cartilage phenotype in low oxygen environments. Data are mean ± standard deviation of 
fold change in gene expression for each group (n = 8). Statistical significance defined as 
*p<0.05 by a paired t-test for normal data and a Wilcoxon matched-pairs signed rank test 
for non-normal data. 
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Physioxia promotes collagen protein expression representative of articular 

cartilage. Culture of high-GAG MSCs and ACPs in both physioxic and hyperoxic 

environments generated cartilage pellets with robust type II collagen expression throughout 

(Figure 3.7). MSCs cultured in hyperoxia exhibited highest type I collagen expression in 

the outer region of the pellet, whereas MSCs cultured in physioxia demonstrated less 

staining of extracellular type I collagen, consistent with significant downregulation of 

COL1A1. Similarly, high-GAG ACPs demonstrated a reduction in extracellular type I 

collagen in physioxia compared with hyperoxia. Type X collagen remained consistently 

high in all high-GAG MSC preps evaluated, regardless of oxygen tension. Conversely, 

high-GAG ACPs cultured in hyperoxia demonstrated variable type X collagen protein 

between clones, ranging from abundant to absent. Significantly, type X collagen protein 

expression was undetectable in the extracellular matrix of all clones cultured in physioxia. 

Western blots of pellet extracts with antibodies to type X collagen generated consistent 

results with little to no detectable protein in ACP clones at physioxia (Figure 3.8).  
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FIGURE 3.7 – QUALITATIVE IMMUNOHISTOCHEMICAL ANALYSIS OF COLLAGENS.  
Representative immunohistochemistry demonstrates that cartilage pellets cultured in 
hyperoxia (20% O2) and physioxia (2% O2) exhibit oxygen-dependent expression of 
extracellular collagen protein, including type II collagen (A-D) of the articular cartilage 
phenotype, type I collagen (E-H) of the fibrocartilaginous phenotype, and type X collagen 
(I-N) of the hypertrophic phenotype. Type X collagen expression was variable among ACP 
clones differentiated in hyperoxia (K, M). Nuclei were counterstained blue with DAPI, and 
composite images of collagen staining and nuclei were digitally merged using ImageJ 
software (National Institutes of Health, Bethesda, MD, USA). Negative controls with 
isotype-matched antibodies were used for background correction (images not shown). 
Scale bars = 100 µm.  
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FIGURE 3.8 – TYPE X COLLAGEN WESTERN BLOTS FOR CHONDROPROGENITORS.  
Western blotting to detect type X collagen in total protein lysates from ACP pellets cultured 
for 14 days demonstrates that ACPs either lack type X collagen expression in all conditions 
or reduce expression with culture in physioxia relative to culture in hyperoxia. 
 

 

3.5   DISCUSSION: 

From our results, we can state that physioxia promotes the stable articular cartilage 

phenotype at both the gene and protein level during chondrogenic differentiation of ACPs 

in three-dimensional culture. MSCs demonstrated a similar response with respect to gene 

expression; however, type X collagen expression persisted in the physioxic environment. 

The magnitude of anabolic response to culture in physioxia was inversely related to the 

intrinsic chondrogenic potential in hyperoxia for both cell types. To account for differences 

in the chondrogenic capacity of stem cells at baseline, we divided the cell populations based 

on total GAG production. Those that produced low quantities of GAGs in a hyperoxic 

environment gained significant benefit from culture in physioxia but not enough to 

elaborate matrix to the levels produced by cells with high intrinsic chondrogenic capacity. 

In contrast, cells that produced high quantities of GAGs in hyperoxia did not respond as 
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robustly to lowered oxygen; these cells may be closer to reaching their maximum rate of 

proteoglycan synthesis such that oxygen-related mechanisms are unable to further increase. 

The differences in GAG production between replicates and clones was due to enhanced 

anabolism and not cell proliferation or death, as the DNA content was not different between 

these groups. While we did not directly measure the influence of donor age or gender on 

variation in chondrogenic capacity, the wide range across ACP clones and replicates, which 

were all derived from young males, demonstrates the extent of variation in human cells; 

these cells showed as wide a range in chondrogenicity as MSCs, which were derived from 

older male and female donors.  

For low-GAG MSCs and ACPs, a significant increase in markers of the articular 

cartilage tissue phenotype, including glycosaminoglycan content and COL2A1 and ACAN 

gene expression, was not complemented by significantly decreased expression of both 

hypertrophic genes, COL10A1 and MMP13. Despite a substantial fold change in 

chondrogenic markers from hyperoxia to physioxia, these cells produced consistently 

smaller and more fibrous pellets in comparison with the high-GAG producers of the same 

cell type. In contrast, high-GAG MSC preparations and ACP clones significantly 

downregulated hypertrophic markers with culture in physioxia, demonstrating a distinct 

phenotypic difference between groups of cells of varied chondrogenic differentiation 

potential at baseline. Differences in gene expression between high- and low-GAG 

preparations were not limited to genes of chondrogenic differentiation; at low oxygen 

tension, high-GAG MSCs upregulated canonical hypoxia-responsive genes—including 

those of HIF regulation, constituents of TGF-β and IGF signaling, and cell cycle 

regulators—relative to hyperoxic culture. In contrast, low-GAG MSCs were most similar 
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to ACPs of low chondrogenicity, for both downregulated or did not change a majority of 

these oxygen-responsive genes in response to culture in physioxia. Expression of oxygen-

responsive genes for high-GAG ACPs clustered with high-GAG MSCs and the grouping 

of low-GAG cell populations, indicating a mid-range response to physioxia in comparison 

to high-GAG MSCs, which were most responsive to physioxia. The differences between 

MSCs of high and low chondrogenicity in both direction and magnitude may be due to the 

cellular heterogeneity within a given preparation, which represents the total population of 

plastic adherent mononuclear cells from a bone marrow aspirate.  Poorly chondrogenic 

cells expanded from this material may originate from a different population of cells than 

highly chondrogenic cells, and their dramatically different response across oxygen-

dependent genes indicates they are indeed very different cells, not simply different in their 

ability to express cartilage genes and elaborate matrix. ACPs, on the other hand, are 

selected based on expression of specific integrins from a comparatively homogeneous 

initial pool of cells. These cells correspondingly are overall much more similar in their 

response to changes in oxygen, regardless of their ability to produce matrix-rich tissue. 

Taken together, our findings regarding both chondrogenic and oxygen-dependent gene 

expression indicate that low-GAG MSCs may be intrinsically limited in their overall 

response to altered oxygen levels.  

Discrepancies in the literature regarding MSC hypertrophy during chondrogenic 

differentiation in lower oxygen may be due to inclusion of preparations of low 

chondrogenic capacity, and the present results demonstrate wide variation not previously 

taken into consideration for either cell type when examining their responses to alterations 

in oxygen level. An earlier study of MSC chondrogenesis in lowered oxygen tension 
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reported a significant upregulation of COL10A1 for cells expanded without FGF-2 (194), 

which is known to aid retention of chondrogenic capacity in these cells (126-128). Our 

later studies demonstrated a significant downregulation of hypertrophic genes when 

differentiating MSCs of previously defined high chondrogenic capacity in lowered oxygen 

(186). Other recent studies have also reported downregulation of hypertrophic genes during 

MSC differentiation in lowered oxygen tension (117,188-190). Adesida et al. (2012) 

reported that MSCs expanded and differentiated in pellet culture at low oxygen tension 

significantly downregulate COL10A1 in comparison with hyperoxic cultured MSCs (117); 

however, Bornes et al. (2015) from the same laboratory found no change in COL10A1 

expression for ovine MSCs cultured at low and high oxygen in a scaffold-based culture 

system (193). Studies of a larger set of human MSC preparations found no change in 

COL10A1 expression with culture in physioxia when compared with hyperoxia, but these 

studies did not characterize individual preparations for baseline chondrogenicity (191,192). 

Finally, Duval et al. (2012) showed that COL10A1 expression is downregulated in the 

presence of HIF-1α and upregulated with blockade of this protein (189); however, 

mechanisms underlying HIF activity and COL10A1 expression remain unclear (186,204-

206). Based on our investigation, we suggest that the variation in the reported results for 

the hypertrophic response of MSCs in lowered oxygen tension may be due to the disparity 

of the intrinsic chondrogenic capacity of these cells at baseline: highly chondrogenic cells 

significantly downregulate genes of hypertrophy, and cells of lower chondrogenic potential 

are much less responsive. 

 We reasoned that that cells of low chondrogenic capacity, such as the low-GAG 

MSC preparations and ACP clones, are unsuitable candidates for articular cartilage tissue 
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engineering application and focused on the responses of high-GAG cells to culture in 

physioxia to further characterize the effects of oxygen on the articular chondrocyte 

phenotype. In low oxygen conditions, HIF-1α and HIF-2α are considered pro-

chondrogenic through induction of SOX9, the gene coding for the master transcriptional 

regulator of chondrogenesis, SOX9, that in turn promotes COL2A1 and ACAN gene 

expression to drive extracellular matrix anabolism of type II collagen and aggrecan, 

respectively (207,208). As expected, both MSCs and ACPs significantly upregulated SOX9 

in response to lowered oxygen, and MSCs significantly upregulated L-SOX5, the gene for 

a complementary chondrogenic transcription factor, while ACPs significantly upregulated 

SOX6. HIF-1α has also been reported to activate transcription of LOX: the gene coding for 

lysyl oxidase, which is an enzyme that catalyzes collagen crosslinking in articular cartilage 

through a hypoxia-responsive element (HRE) (209), but only ACPs demonstrated a 

significant upregulation of LOX. Conclusions regarding the regulation of PRG4—the gene 

for lubricin—in response to alterations in oxygen vary in the literature, even though PRG4 

also contains an HRE in the promoter region (206,210,211). We have shown here that 

highly chondrogenic cells upregulated PRG4 gene expression in physioxia. COL9A1, 

COL11A1, and COL6A1, the genes for type IX, XI, and VI collagen respectively, were 

upregulated in both cell types, indicating that the collagen network is extensively 

influenced by lowered oxygen tension toward the articular phenotype. Only MSCs 

demonstrated a significant downregulation of COL1A1; however, both MSCs and ACPs 

demonstrated a reduction of extracellular type I collagen protein with culture in physioxia, 

indicating the influence of oxygen on posttranslational modifications of the collagen 

network formed by these cells. Specifically, proline hydroxylation is a necessary step for 
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successful collagen secretion, and this oxygen-dependent enzymatic reaction may be 

attenuated in low oxygen environments (212). When oxygen is limited, chondrogenic cells 

may preferentially secrete type II over type I collagen, as COL2A1 is upregulated in an 

oxygen-dependent manner through HIF regulation (208). Consistent with this hypothesis, 

our group has shown that articular chondrocytes also downregulate type I collagen at both 

the gene and protein level in response to lowered oxygen tension (178). These findings 

indicate that culture in low oxygen favors the articular chondrocyte phenotype over the 

fibrocartilage phenotype for multiple cell types.  

The findings in this study are in agreement with recent reports on the beneficial 

effect of low oxygen in reducing markers of hypertrophy at the gene level in MSCs 

(117,186,190), at least for our preparations of high chondrogenic capacity. Although highly 

chondrogenic MSC preparations significantly downregulated hypertrophic genes in 

physioxia, these cells still produced a matrix rich in type X collagen protein. Prior studies 

that reported a decrease in COL10A1 for MSCs differentiated in low oxygen did not 

evaluate type X collagen protein expression (117,186,190).  Leijten et al. (2014) recently 

reported that low oxygen culture of MSCs abrogated expression of typical hypertrophic 

markers at the mRNA level and diminished subsequent vascular invasion and ossification 

of implanted constructs (190). While this may indeed be a benefit of low oxygen culture, 

we show that such preconditioning still likely results in tissue rich in type X collagen 

protein and this may have consequences unrelated to endochondral ossification. 

Ultimately, type X collagen establishes a tissue phenotype with increased stiffness that is 

not suited for articular cartilage repair (213). Culture of MSC-derived cartilage at physioxia 
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does not overcome the long noted challenge of controlling MSC differentiation to avoid 

creating the hypertrophic phenotype.  

In the initial characterization of chondrogenic differentiation of ACPs in hyperoxia, 

Williams et al. (2010) did not find clones that produced detectable type X collagen at the 

protein level (19). In contrast, we found that some ACP clones produced abundant type X 

collagen in the hyperoxic environment. This notwithstanding, no clone produced detectable 

type X collagen in the physioxic environment. While both MSCs and ACPs of high 

chondrogenicity express COL10A1, differences in protein expression between physioxia 

and hyperoxia indicate that these two stem cell populations may have different translational 

control over this gene. This will be a subject of future studies. Regardless of the 

mechanism, ACP culture in physioxia consistently promotes a favorable tissue phenotype 

when compared with MSC-derived tissue. 

 

3.6   CONCLUSIONS: 

The variation in chondrogenic capacity among stem/progenitor cell populations 

from adult human tissues is an important consideration in tissue engineering. Our work 

suggests that laboratories ought to perform initial assays to characterize individual 

populations of human-derived stem cells, for variation in intrinsic chondrogenicity will 

influence experimental results, especially for studies with a small sample size. Though the 

impact of intrinsic chondrogenicity was not evaluated in vivo, we further reason that 

individual stem cell populations intended for allogeneic or autologous tissue repair should 

be characterized in vitro to identify highly chondrogenic cells prior to application in tissue-

engineered therapies. We have shown that the chondrogenic capacity of stem cells 
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influences the cell’s response to culture in a physiologic low oxygen environment: in 

physioxia, both MSCs and ACPs of high chondrogenicity demonstrate upregulation of the 

articular chondrocyte phenotype and downregulation of the hypertrophic phenotype. Only 

ACPs, however, demonstrate a consistent attenuation of type X collagen in the physioxic 

environment, and these cells may overcome historical challenges of MSC hypertrophy in 

tissue engineering applications.  
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4.1   ABSTRACT:  

Introduction: The avascular nature and highly organized structure of articular cartilage 

limit the tissue’s intrinsic ability to repair after injury. Biomaterial-based tissue engineering 

has not successfully reproduced the structural architecture or functional mechanical 

properties of native tissue. In scaffold-free tissue engineering systems, cells secrete and 

organize the entire extracellular matrix over time in response to environmental signals, 

such as oxygen level. In this study, we investigated the effect of oxygen on the formation 

of neocartilage from human-derived chondrogenic cells. 

 

Methods: Articular chondrocytes (ACs) and articular cartilage progenitor cells (ACPs) 

derived from healthy human adults were guided toward self-organization and cell 

condensation by centrifugation onto polyester Transwell inserts that were uncoated or 

coated with agarose or fibronectin. Discoid tissue was produced over 28 days from both 

cell sources only when incubated in chondrogenic medium on fibronectin-coated Transwell 

inserts. To evaluate the influence of oxygen tension, neocartilage was cultured at hyperoxic 

(20%) or physioxic (5%) oxygen levels. Biochemical, biomechanical and molecular 

analyses were used to compare cartilage produced by ACs and ACPs. 

 

Results: Fibronectin-coated Transwell inserts proved optimal for growing cartilaginous 

discs from both cell types after 28 days. In comparison with culture in hyperoxia, AC-

derived neocartilage cultured at physioxia exhibited a significant increase in chondrogenic 

gene expression, proteoglycan production, and mechanical properties with a concomitant 

decrease in collagen content. At both oxygen levels, ACP-derived neocartilage produced 
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tissue with significantly enhanced mechanical properties and collagen content relative to 

AC-derived neocartilage but had much lower differential responses between physioxia and 

hyperoxia. Both ACs and ACPs produced substantial type II collagen and reduced levels 

of types I and X collagen in physioxia relative to hyperoxia. Neocartilage from ACPs 

exhibited anisotropic organization characteristic of native cartilage with respect to type VI 

collagen of the pericellular matrix when compared with AC-derived neocartilage; however, 

only ACs produced abundant surface-localized lubricin.  

 

Conclusions: While scaffold-free tissue engineering methods have been well defined for 

non-human-derived cells, few methods utilizing adult human cells have been reported. 

Guiding human-derived cells toward condensation and subsequent culture in physioxia 

promoted the articular cartilage tissue phenotype for ACs and ACPs. Unlike ACs, ACPs 

are clonable and highly expandable while retaining chondrogenicity; however, ACP-

derived tissues may be limited by a lack of lubricin expression in contrast to AC-derived 

tissues. The ability to generate large tissues utilizing a scaffold-free approach from a single 

autologous progenitor cell may represent a promising source of neocartilage destined for 

cartilage repair.  

 

4.2   INTRODUCTION:  

Articular cartilage exhibits complex organization including depth-dependent and 

cell-outward anisotropy. The tissue’s structural heterogeneity and avascular nature 

facilitate its mechanical function but limit its regenerative capacity in pathologic 

conditions. While cartilage pathologies are the most common cause of chronic disability 
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among adults in the United States, early surgical intervention to repair focal defects is key 

to restoring tissue integrity before chronic degeneration (57,64,65). Unfortunately, 

successful arthroscopic repair remains a challenge as the resultant tissues lack organization, 

are fibrocartilaginous, and cannot meet the functional demands of the joint (86). The 

limited long-term success of current focal repair strategies demands a tissue engineering 

approach to recapitulate the structural and biomechanical properties of articular cartilage 

in a biologic therapeutic.  

In cartilage tissue engineering, scaffold- or matrix-based biomaterials are often 

used to guide cell differentiation and provide initial tissue structure; however, the resultant 

tissue phenotype is constrained by biomaterial influences (142). In contrast, three-

dimensional scaffold-free tissue engineering relies on cells to secrete an extracellular 

matrix scaffold. Over the past decade, a number of scaffold-free methods have emerged 

for cartilage tissue engineering. Self-assembled tissues, which form through cell interaction 

and condensation in free-swelling culture in the absence of external stimuli (148,149,152-

155). Self-organizing models rely on external cues to guide the cells toward condensation; 

articular chondrocytes (ACs) and mesenchymal stem cells (MSCs) are typically 

centrifuged and/or cultured on a substrate including porous polymer membranes 

(157,162,214-217) and collagen (I, II, or IV)-coated membranes (31,158-160) to define 

tissue dimensions.  Fibronectin is the earliest extracellular matrix protein produced 

following cell condensation (151,218); however, exogenous fibronectin has not been used 

in a scaffold-free approach to direct or facilitate cell condensation. To date, self-assembling 

and self-organizing models have produced three-dimensional cartilaginous tissues, of 

which the phenotype is dependent on cell source and culture conditions.  
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  Cells drive both tissue formation and maturation in the scaffold-free environment. 

Thus, selection of a cell with high chondrogenic differentiation and anabolic capacity is 

essential to generate articular cartilage. Stem and progenitor cell populations overcome 

challenges of cell availability of primary chondrocytes and phenotypic modulation of 

expanded chondrocytes. Articular cartilage progenitor cells (ACPs) are postulated to reside 

in the upper zone of adult cartilage after forming the tissue through appositional growth of 

clonal populations (16,17,19,20). They can be clonally expanded in vitro after harvest of a 

small amount of tissue from a donor site. In vitro, clonal ACPs maintain chondrogenic 

differentiation potential following extended population doublings, and they demonstrate 

much-reduced terminal differentiation toward hypertrophic chondrocytes compared with 

MSCs (139,197). Although they differentiate toward the stable articular chondrocyte 

phenotype in vitro, ACPs generated a fibrocartilaginous repair tissue in vivo in an equine 

autologous or allogeneic implantation model (140). To date, tissue engineering utilizing 

human ACPs is limited to scaffold-based systems (140,219); ACPs have not been studied 

in the context of scaffold-free tissue engineering to evaluate in vitro tissue development. 

While cells within a scaffold-free tissue will determine tissue phenotype, the culture 

environment will guide tissue development. Without a blood supply, native articular 

cartilage resides at physiologically low oxygen levels (physioxia), ranging from 1 to 5% 

oxygen (8-40 mmHg) (172,174). We have previously shown that lowering oxygen from 

hyperoxia (20% O2) to physioxia significantly enhances chondrogenesis of expanded 

human chondrocytes derived from healthy and osteoarthritic tissue (178). We have more 

recently discovered that the responses to altered oxygen tension for both MSCs and ACPs 

are dependent on the intrinsic chondrogenicity of the cells in the context of wide inter-
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donor and intra-donor clonal variability, but physioxia drives differentiation toward the 

stable chondrocyte phenotype for highly chondrogenic cells (Chapter 3). Previous studies 

have found lowered oxygen to be detrimental to scaffold-free tissue development 

(159,220,221); although, these tissues likely failed due to tissue necrosis under overall 

nutrient restriction with high cell density in low media volume. While native tissue 

develops and functions at low oxygen, we sought to evaluate development of scaffold-free 

neocartilage derived from adult human cells in physioxia with optimization of media 

volume and cell density to maintain tissue viability.  

 The objective of the current study was to define tissue development of adult human-

derived cells in an optimized scaffold-free tissue engineering model that incorporates cues 

from the condensation phase through tissue development and maturation. We hypothesized 

that in comparison with fibrocartilaginous redifferentiation of expanded and heterogeneous 

ACs derived from adult humans, clonal ACPs will retain chondrogenic differentiation 

potential following extensive expansion to generate tissues of the articular cartilage 

phenotype, and that lowered oxygen tension would facilitate cell differentiation and 

extracellular matrix maturation in scaffold-free neocartilage. 

 

4.3   MATERIALS & METHODS:  

Cell Isolation: Human articular chondrocytes (ACs) and articular cartilage progenitors 

(ACPs) were harvested from the femoral condyles of healthy human donors (n = 5 for AC, 

n = 3 for ACP, all male age 21-33) and isolated according to methods in Chapter 2.  
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Tissue Culture: Cells were seeded into neocartilage tissue discs according to general 

methods in Chapter 2. Experiments were conducted to optimize parameters for scaffold-

free tissue culture (Table 4.1). Cell density per tissue was selected based on initial 

experiments with 1, 1.5, 2, 3, or 4 x 106 cells per tissue; whereby, 2 x 106 of each cell type 

reliably produced a tissue of maximum thickness before void tissue cores developed at 

higher cell seeding densities (Table 4.2). Tissues were cultured on an orbital shaker at 1 

Hz frequency and maintained in a low oxygen incubator (Thermo) set at 5% oxygen and 

5% CO2 (physioxia) or in a standard tissue culture incubator at 20% oxygen and 5% CO2 

(hyperoxia). Cultures were maintained in free-swelling culture from day 10 until harvest 

at day 28 according to general methods of Chapter 2. Tissues were also harvested at days 

1, 4, 7, and 10 to characterize protein expression throughout the culture duration.  

 

 

 

TABLE 4.1 PARAMETERS FOR OPTIMIZATION OF THE SCAFFOLD-FREE SYSTEM

Parameter Variables Selection

Cell Density

1M
1.5M
2M
3M
4M

2M cells

Nutrient Considerations
1.2ml medium 
4.8ml medium 

+/- orbital shaker 
+/- HEPES buffer 

4.8 ml medium + orbital shaker

Oxygen Tension 
2%
5%
20%

5% vs. 20% 

Membrane Coating

Fibronectin
Polyester – no coating

Polycarbonate – no coating
2% Agarose 

0.9% Poly-HEMA

Fibronectin

Confinement 28 day Transwell culture 
10 day TW ! Free-swelling Free-swelling at day 10 
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Biochemical and Biomechanical Analysis: Neocartilage discs were sectioned into quarters, 

and triplicate sample replicates from each condition were analyzed for total DNA, GAG, 

and hydroxyproline content according to methods of Chapter 2. Mechanical properties of 

three full size sample replicates from each condition were tested in unconfined 

compression using a custom apparatus (187) and methods described in Chapter 2 to derive 

the equilibrium compressive modulus in stress relaxation tests of increasing percent strain 
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and to derive the dynamic modulus for a dynamic testing regime of 1 Hz and 1% strain on 

top of 10% static strain.  

 

Gene Expression Analysis: RNA was isolated from one quarter of three pooled sample 

replicates in each condition with the RNeasy Mini Kit according to manufacturer’s 

instructions and methods of Chapter 2. Quantitative polymerase chain reaction (qPCR) was 

performed using reverse transcribed cDNA and TaqMan assay primers (Table 2.1) to the 

following gene targets: COL2A1, COL9A1, COL11A2, COL6A1, COL1A1, COL10A1, 

SOX9, L-SOX5, ACAN, VCAN, COMP, MTN3, PRG4, LOX, and MMP13. Results were 

analyzed using the 2-ΔCt method relative to TBP housekeeping gene, which was the most 

stably expressed of three evaluated housekeeping genes across replicates, between groups, 

and between cell types. Gene expression in physioxia was normalized to the paired gene in 

hyperoxia to calculate relative fold change expression. 

 

Live/Dead Assay: A commercial live/dead assay (Life Technologies) was performed to 

characterize cell viability following 28 days of culture in scaffold-free neocartilage discs. 

Discs were cut in half with a straight razor and immediately incubated in 500µl DMEM 

supplemented with 8µM ethidium homodimer and 8µM calcein AM for 30 minutes at 37˚C 

in a tissue culture incubator. Tissues were placed in a glass-bottom petri for imaging in 

cross-section under fluorescence on a Nikon Eclipse Ti confocal microscope with 

automatic stitching.  
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Histology and Immunohistochemistry: Qualitative toluidine blue histology and 

immunohistochemistry was performed on cross-sectional thin sections of neocartilage 

tissues from each condition and each cell type according to the methods and antibody 

parameters described in Chapter 2. Specifically, tissues were probed for n-cadherin, 

tenascin C, fibronectin, types I, II, VI, and X collagen, perlecan, and lubricin according to 

the antibody specifications in Tables 2.2 and 2.3. 

 

Collagen Analysis: Commercial sandwich enzyme-linked immunosorbent assays (ELISA) 

were used to quantify types I and II collagen in neocartilage discs (Chondrex, Redmond, 

WA). Briefly, tissues were flash frozen in liquid nitrogen, pulverized in a custom mortar 

and pestle apparatus, and lyophilized. Weighed tissues were rehydrated before sequential 

digestions in 3M guanidine (Thermo) in 0.05M Tris-HCL buffer, pH 7.5, for 24 hr at 4°C, 

1.33 mg/ml pepsin (Sigma-Aldrich) in 0.2M acetic acid, pH 2, for 6 days at 4°C, and 0.1 

mg/ml pancreatic elastase (Chondrex) in 1X Tris buffered saline for 24 hr at 4°C, all with 

constant agitation. Sandwich ELISAs were carried out according to manufacturer 

instructions (Chondrex catalog #6018, #6021) with dual monoclonal antibodies for 

respective collagen capture and detection. Type I and type II collagen were quantified 

relative to a standard curve derived from purified protein.  

 Total amount of mature collagen crosslinks, hydroxylysyl-pyridinoline (HP) and 

lysyl -pyridinoline (LP), were quantified relative to purified residue standards through high 

performance liquid chromatography (HPLC) according to Avery et al. (2009) with 

modifications (222). Briefly, pooled triplicate discs were flash frozen in liquid nitrogen 

and pulverized with a custom high-throughput mortar and pestle. Pulverized specimens 
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were dissolved in 1 mL 150mM NaCl, 50mM NaPO4, pH 7.5. Sodium borohydride equal 

to 1% the mass of the ground samples was added to 0.1mL 10mM NaOH and the resultant 

solution was added to the sample immediately. The solution was placed in a hood for 1 

hour, and 100µL of 1M Acetic Acid was added to acidify the solution. Samples were 

lyophilized and the dried material was hydrolyzed in 6M HCl under argon at 105°C for 24 

hours. Hydrolyzed samples were reconstituted in 200µL of 5% HFBA (heptafluorobutyric 

acid) in water. Analysis was performed on a Waters 2695 HPLC with a Phenomenex 5µm 

250 x 4mm C 18 column with 5% HFBA in water as the aqueous buffer and 5% HFBA in 

acetonitrile as the organic buffer. Sample peaks were detected with a Gilson Model 121 

Flouometer set to 330nm for excitation and 390nm for emission.  Data were analyzed using 

the Waters MassLynx software. 

 

Statistical Analysis: Statistical analyses were performed using GraphPad Prism v7.0, and 

normality was assessed according to methods in Chapter 2. Comparison of biochemical 

parameters and gene expression between physioxia and hyperoxia within a given group 

was assessed using a paired t-test for normal data and Wilcoxon matched-pairs signed rank 

test for non-normal data, with significance set at p<0.05. Comparison between normally 

distributed data of each cell type was performed with an unpaired t-test, with significance 

set at p<0.05. Mean and standard deviation for fold change gene expression was calculated 

as physioxia relative to hyperoxia for each group.  
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4.4   RESULTS: 

Fibronectin directs tissue geometry in scaffold-free tissue engineered constructs. 

Both ACs and ACPs formed flattened discs of a defined geometry over 28 days of culture 

in a self-organization system that consisted of cell seeding through centrifugation, directed 

cell condensation on a fibronectin-coated membrane, and extracellular matrix elaboration 

(Figure 4.1). In contrast to this system, both cell types contracted from a flattened disc 

morphology into a large pellet within 24 hours of culture in Transwell inserts coated with 

2% agarose (Figure 4.2). In agreement with prior work, ACs retained a flattened disc 

morphology on the uncoated porous polyester membrane of Transwell inserts (31); 

however, ACPs again contracted into a large pellet within 24 hours. When cultured on a 

fibronectin-coated porous polyester membrane, both cell types formed a flat disc with 

proteoglycans distributed throughout the depth (Figure 4.2). Mesenchymal stem cells were 

also cultured in this system, but the resultant tissues underwent hypertrophy and were 

excluded from further experimentation (Appendix D).  
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FIGURE 4.1 – SCHEMATIC OF NEOCARTILAGE SELF-ORGANIZATION.  
(A) Schematic representing stages of self-organization of scaffold-free neocartilage 
beginning with cell seeding via centrifugation onto a protein-coated membrane (red spiral) 
to direct cell condensation into a restricted geometry. Over the course of culture, cells 
produce an extracellular matrix that starts as an immature homogenous matrix and matures 
over time with signals from the culture environment. (B) Gross images of AC and ACP-
derived neocartilage show that each cell type produced a disc of uniform dimensions after 
28 days of culture. 
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FIGURE 4.2 – COMPARISON OF SCAFFOLD-FREE SYSTEMS.  
Toluidine blue histology and gross images demonstrate that human-derived ACs and ACPs 
formed a large pellet when cultured in non-adherent agarose wells after seeding into a 
flattened disc. Only ACs retained a disc morphology when cultured on porous polyester 
membranes, but both cell types retained a disc morphology when cultured on a polyester 
membrane coated with fibronectin. Scale bars = 500 µm. 
 
 

Scaffold-free neocartilage develops and survives over time following initial cell 

condensation. Identified by markers of tissue maturation at various stages of in vitro tissue 

development (Table 4.3), neocartilage undergoes cell condensation (n-cadherin), followed 

by elaboration of an early cartilaginous extracellular matrix, marked by tenascin C and 

fibronectin (Figure 4.3). After 28 days in culture, the extracellular matrix is still immature 

as evidenced by persistence of ECM molecules, and cells survive throughout the depth of 

the tissue (Figure 4.4). There exists a layer of dead cells at the apical surface of the tissue, 

a result that was consistent among all samples subjected to a live/dead assay.  

 



97  

 

 

 

FIGURE 4.3 – DEVELOPMENT OF SCAFFOLD-FREE NEOCARTILAGE OVER TIME.  
Over 28 days of culture, both AC- and ACP-derived neocartilage discs grow in thickness 
with Proteoglycans distributed throughout the depth. The day 1 ACP sample curled off of 
the membrane during tissue processing. When probed for markers of mesenchymal 
condensation, both AC- and ACP-derived neocartilage displayed a progressive increase in 
tenascin C and fibronectin with increased time in culture. N-cadherin, a marker of cell-cell 
interaction, was highly expressed in day 1 ACP-derived neocartilage and minimally 
expressed between interacting cells in the apical surface at other time points. We were 
limited by the inability to repeat staining for n-cadherin on the day 1 AC sample based on 
the minimal amount of tissue, but we reason that it is likely present based on persistence at 
later time-points. Nuclei counterstained blue with DAPI. Scale = 100µm for proteoglycan 
histology, and 10 µm for all immunohistochemistry. 
 

TABLE 4.3 MARKERS OF SCAFFOLD-FREE TISSUE MATURATION

Stage Seeding Condensation Early Matrix Maturation 

Day 0 1 2-10 10-28

Protein X

Fibronectin
Cadherins
Tenascin C

Type I, II, X collagen
Aggrecan

CS6

Type VI Collagen 
COMP

Other PCM 
CS4

Lubricin

Genes ? Same as protein

SOX9
COL2A1

COL10A1
ACAN

LOX
PRG4

Growth DNA assay 
Live/Dead assay 

DNA quant
Proliferation 

DNA
Proliferation 

Live/Dead Assay
DNA quant
Proliferation 
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FIGURE 4.4 – CELL VIABILITY WITHIN SCAFFOLD-FREE NEOCARTILAGE.  
A live/dead assay of a neocartilaginous disc in cross-section after 28 days in culture reveals 
that cells remain alive throughout the depth of the tissue; however, there is a region of dead 
cells at the apical surface. Scale = 500µm.  
 

Physioxia promotes biochemical anabolism of ACs toward that of ACPs. Compared 

with culture in hyperoxia, culture in physioxia significantly increased the total amount of 

glycosaminoglycans (GAGs) produced by ACs; however, this increase was not significant 

when normalized to DNA content (Figure 4.5). In contrast, ACPs did not produce 

significantly more GAGs in physioxia versus hyperoxia. ACPs, however, did produce 

significantly more GAGs than ACs in hyperoxia, a difference retained with normalization 

to DNA. DNA content was not different among cell types at varied oxygen tension or 

between cell types at a given oxygen tension. There was not a statistically significant 

difference in total collagen content for either cell type between oxygen levels, but ACP-

derived neocartilage contained significantly more collagen in physioxia in comparison with 

AC-derived neocartilage. There were no differences in tissue wet weight or thickness 

between cell types or oxygen levels.  
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FIGURE 4.5 – BIOCHEMICAL ANALYSIS OF SCAFFOLD-FREE NEOCARTILAGE.  
(A) Tissue wet weight and (B) thickness were not different between cell type or oxygen 
level. Quantitative measurements for biochemical constituents of the neocartilage discs 
including (C, E) glycosaminoglycans (GAGs) as a readout for total proteoglycan content, 
(D) DNA for relative cell count, and (F) hydroxyproline for total collagen content indicate 
that relative to hyperoxia, culture in physioxia significantly increased total GAG content 
for only ACs. ACPs, however, had a significantly higher total collagen content in than ACs 
culture in physioxia. Results reported as mean + SD, and statistical significance was 
determined as *p<0.05 by a paired or unpaired t-test where appropriate. 

 

Physioxia enhances the bulk mechanical properties of AC neocartilage, and ACP 

neocartilage is mechanically superior. AC-derived neocartilage cultured at physioxia 

demonstrated significantly increased compressive equilibrium modulus for stress 

relaxation tests at 10 and 20% strain than those cultured in hyperoxia (Figure 4.6). Further, 

AC-derived neocartilage exhibited strain stiffening behavior—increasing in stiffness with 
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increasing deformational compressive strain. The compressive equilibrium modulus for 

ACP-derived neocartilage was unresponsive to changes in oxygen but was significantly 

higher than that for AC-derived neocartilage at matched oxygen level for each strain ramp; 

though, ACP-derived neocartilage also demonstrated strain stiffening behavior in 

physioxia. The dynamic modulus for 1% dynamic strain at 1Hz frequency was not different 

between cell types at a given oxygen level or between oxygen levels for a given cell type.  

 

 

FIGURE 4.6 – BIOMECHANICAL ANALYSIS OF SCAFFOLD-FREE NEOCARTILAGE.  
Quantitative analysis of (A) equilibrium compressive modulus reveals that scaffold-free 
neocartilage demonstrated strain stiffening behavior, physioxia significantly increased the 
bulk compressive equilibrium modulus for AC neocartilage, and ACP neocartilage was 
significantly more stiff than AC neocartilage. There were no differences in (B) dynamic 
compressive modulus between cell types or oxygen levels. Results reported as a box plot 
representing mean, the 1st and 3rd quartiles, and SD. Statistical significance was determined 
as *p<0.05, **p<0.01, ****p<0.0001 by a paired t-test within a cell type between oxygen 
levels, an unpaired t-test between cell types within a given oxygen level. Statistical 
significance between consecutive strain ramps for a given group was determined as 
#p<0.05 to characterize strain stiffening.  
 

Physioxia promotes the stable articular chondrocyte phenotype. Relative to culture 

in hyperoxia, culture of ACs in physioxia drove a significant fold-change increase in 

expression of many genes associated with the articular chondrocyte phenotype (COL2A1, 

COL11A2, COL9A1, ACAN, SOX9, PRG4) and a significant decrease in genes for the 
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fibrocartilaginous (COL1A1) and hypertrophic (MMP13) chondrocyte phenotypes (Figure 

4.7). COL10A1 was also consistently decreased among replicates, but not to a significant 

level. Due to wider intra-donor variation for ACPs than for ACs, there was no difference 

between the gene expression profile for ACPs cultured in hyperoxic or physioxic oxygen 

environments, though COL2A1, COL1A1, and COL10A1 were each changed in the same 

direction but to a smaller magnitude as ACs for all ACP biologic replicates. Genes coding 

for the SOX transcription factors—SOX9 and L-SOX5—were decreased in ACPs. 

Regardless of oxygen tension, COL2A1, ACAN and COL1A1 were highly expressed for 

both ACs and ACPs relative to the housekeeping gene; PRG4 was highly expressed for 

ACs, but very low for ACPs.  

 

 

FIGURE 4.7 – CHONDROGENIC GENE EXPRESSION OF SCAFFOLD-FREE NEOCARTILAGE.  
Fold change in chondrogenic gene expression for culture in physioxia relative to hyperoxia 
demonstrates that ACs, but not ACPs, were highly responsive to oxygen level and 
upregulated genes representative of the articular cartilage phenotype in physioxia. Results 
reported as mean ± SD of log2 fold change, and statistical significance was determined as 
*p<0.05 by a paired or unpaired t-test where appropriate. 
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Physioxia promotes production toward the articular cartilage tissue phenotype. 

With culture at hyperoxia or physioxia, AC-derived neocartilage exhibited abundant type 

II collagen throughout the tissue depth (Figure 4.8). ACP-derived neocartilage had a 

similar proteoglycan distribution to AC-derived neocartilage, but type II collagen was 

absent at both edges of each ACP disc in cross-section. Type I collagen was present 

throughout the matrix after 28 days of culture in hyperoxia but localized to the outer edges 

of the disc in physioxia for both cell types. Type X collagen was detectable at low levels 

for AC-derived neocartilage cultured in hyperoxia but undetectable at physioxia. In 

contrast, type X collagen was undetectable for all ACP-derived neocartilage regardless of 

oxygen tension. Quantification of types I and II collagen revealed that ACPs expressed 

more type II than type I collagen and expressed significantly less type I collagen than ACs. 

ACs, however, reduced the amount of type I collagen in physioxia to improve the ratio of 

type II/I toward that of ACPs. AC-derived neocartilage produced lubricin that was 

primarily localized to the side contacting the well in free-swelling culture, and this 

expression was independent of oxygen tension (Figure 4.9). In contrast, lubricin was not 

detectable in any of the ACP-derived neocartilage discs. Investigation of pericellular 

proteins from the native tissue—perlecan and type VI collagen—revealed that perlecan 

was distributed throughout the bulk of extracellular matrix for both cell types while type 

VI collagen was more pericellular in distribution for only ACPs; both protein distributions 

were independent of oxygen level.  
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FIGURE 4.8 – COLLAGEN ANALYSIS OF SCAFFOLD-FREE NEOCARTILAGE.  
(A) Collagen immunohistochemistry demonstrates consistently high type II collagen 
expression in tissues derived from both ACs and ACPs in hyperoxia and physioxia but 
reduced type I collagen for both AC- and ACP-derived tissues in physioxia relative to 
hyperoxia. AC-derived neocartilage had low type X collagen expression in hyperoxia that 
was undetectable in physioxia, but ACP-derived neocartilage lacked type X collagen at 
both oxygen levels. Nuclei counterstained blue with DAPI. Scale bars = 100 µm. (B) 
Quantification of collagen by ELISA indicates that ACP-derived neocartilage contained 
more type II than type I collagen regardless of oxygen level, but AC-derived neocartilage 
increases the ratio of type II to I collagen with culture in physioxia relative to hyperoxia. 
Statistical significance was determined as *p<0.05, **p<0.01 by a paired or unpaired t-test 
where appropriate. 
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FIGURE 4.9 – LOCALIZED MOLECULES OF SCAFFOLD-FREE NEOCARTILAGE.  
Immunohistochemistry of lubricin, perlecan, and type VI collagen revealed that only AC-
derived neocartilage produced lubricin that was localized to the surface regardless of 
oxygen level. Also independent of oxygen level, neocartilage from both cell types 
produced perlecan that was distributed throughout the extracellular matrix, and ACP-
derived neocartilage had type VI collagen localized to the pericellular matrix while type 
VI collagen was distributed throughout the entire extracellular matrix for AC-derived 
neocartilage. Nuclei counterstained blue with DAPI. Scale bars = 100 µm for lubricin and 
perlecan, 20 µm for type VI collagen.  
 

 Mature collagen crosslinks were undetectable in scaffold-free neocartilage. In 

collaboration with the Bächinger Laboratory at the Shriners Hospital for Children, we 

developed methods to quantify both immature and mature collagen crosslinks to 

characterize the maturity of the collagen network in scaffold-free tissues cultured for 28 

days. We were unable to attempt to quantify immature crosslinks because we could not 

purchase or generate standards for comparison with neocartilage in HPLC due to cost 

limitations. We were able to detect mature collagen crosslinks, including hydroxylysyl-



105  

pyridinoline (HP) and lysyl-pyridinoline (LP), in native articular cartilage; however, HP 

and LP were below the limit of detection in scaffold-free tissues derived from ACs and 

ACPs. We do not know if the crosslinks were undetectable because of the relatively scarce 

amount of tissue used for the assay in comparison with native tissue, or if they were 

undetectable because of tissue immaturity.  

 

4.5   DISCUSSION:  

We have developed a reliable method for producing scaffold-free neocartilage discs 

from adult human-derived stem cells toward the eventual goal of focal articular cartilage 

repair. Few studies have extensively investigated scaffold-free tissue engineering from 

adult human-derived cells; the only study to directly compare scaffold-free tissues 

generated from adult human chondrocytes and MSCs used a single biologic donor for each 

(156). In the current study, we obtained all results with a minimum of three biological 

replicates of each cell type. Historically, scaffold-free cartilage tissue engineering emerged 

in the context of coalescing limb bud mesenchymal cells (145), which subsequently 

inspired three-dimensional pellet culture to study in vitro differentiation of human stem 

cells (129,147). Studies of scalable scaffold-free techniques independently by Hu et al. 

(2006), Novotny et al. (2006) and Hayes et al. (2007) showed that neonatal mammalian 

primary chondrocytes build tissues with characteristics of articular cartilage following self-

assembly or self-organization (31,148,149). The scaffold-free systems developed for 

neonatal primary cells in these initial studies, however, are unlikely to be viable strategies 

to generate tissues using adult human-derived chondrocytes, which are limited in 
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metabolism and expansion potential in comparison with neonatal or juvenile mammalian 

cells (103,223). 

We found that expanded adult human chondrocytes maintained a disc-like tissue 

morphology when cultured on a polymer substrate—results consistent with a previous 

report of scaffold-free human cell-based tissue generation (160)—but contracted into 

macro-pellets in non-adherent culture. Unlike ACs, we found that chondroprogenitors 

needed a protein substrate to retain tissue geometry. This is the first report of scaffold-free 

tissue engineering utilizing ACPs. The high binding affinity between fibronectin and 

abundant cell surface integrins on these cells informed our decision to employ fibronectin 

as opposed to types I and II collagen, which have previously been used to guide human 

scaffold-free self-organization (160). Fibronectin is also the earliest expressed and a 

necessary extracellular matrix molecule for cell condensation (151,218). We sought to 

promote self-organization and guide cell condensation utilizing fibronectin as a necessary 

substrate to define tissue geometry into a flattened disc as opposed to a pellet.  

Low oxygen has previously been shown to be detrimental to the development of 

scaffold-free neocartilage (159); though, we posit that the noted central void in scaled-up 

tissue culture was the result of tissue anoxia from nutrient deprivation, which has 

previously been characterized by both diffusion modeling and oxygen delivery 

experiments (221,224). In our system, we generated thick tissues without a central void 

through optimization of cell seeding density and culture media volume. In accordance with 

our previous data from re-differentiation of expanded human chondrocytes in pellet culture 

(178), lowered oxygen promoted the stable articular cartilage phenotype for ACs in the 

scaffold-free disc model, especially at the gene level. Lowering oxygen stabilizes hypoxia-



107  

inducible factors (HIFs), which are otherwise targeted for proteosomal degradation in the 

presence of oxygen. HIFs, in turn, regulate transcription factors and genes with hypoxia 

responsive elements (HRE), drive chondrogenesis toward the articular chondrocyte 

phenotype, and modulate extracellular matrix metabolism (177). In physioxia, ACs 

significantly upregulated genes with HREs, including SOX9 and PRG4, which also led to 

a downstream increase in SOX-9 targets: COL2A1 and ACAN. Although all ACP clones 

upregulated COL2A1 in physioxia, the response was not significant. ACPs did not 

significantly modify any other genes of the articular chondrocyte phenotype. We have 

previously shown that the response of human-derived stem cells to lowered oxygen 

depends on the intrinsic chondrogenic differentiation capacity, and highly chondrogenic 

ACP clones, such as those used in the present work, were less responsive at the gene level 

than poorly chondrogenic clones (Chapter 3). The only significant change in gene 

expression from culture in hyperoxia to physioxia for ACPs was a decrease SOX9, which 

was possibly a consequence of examining gene expression only after 28 days of culture—

a time point much later than the induction of differentiation by TGF-ß or physioxic culture 

when SOX9 is first promoted. Both cell types consistently downregulated COL10A1 of the 

hypertrophic chondrocyte phenotype, but only ACs significantly downregulated COL1A1 

and MMP13; results also consistent with our previous work exploring the role of physioxia 

in regulation of the hypertrophic phenotypes of chondrogenic cells (Chapter 3) (178). 

Compared with culture in hyperoxia, physioxia significantly increased the bulk 

equilibrium modulus for AC-derived neocartilage following a concomitant increase in total 

GAG production. While compressive stiffness directly correlates with proteoglycan 

content in native tissue (25), a greater than 10-fold higher equilibrium modulus of ACP- 
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relative to AC-derived tissue was not attributable only to proteoglycan content based on 

equivalent GAG levels in physioxia. Thus, differences in compressive stiffness are due to 

other constituents of the extracellular matrix: potentially including collagen, which 

primarily contributes to tensile, shear, and dynamic stiffness. In these tissues, there were 

not only differences in the total collagen content but also in the types of collagen between 

AC- and ACP-derived tissues, with more type II collagen in ACP-derived neocartilage. 

Further, increased overall collagen may be complemented by collagen crosslinking in 

physioxia through lysyl oxidase, which has an HRE in its gene promoter region, to drive a 

further increase in compressive modulus similar to mechanisms of post-natal native tissue 

maturation (23). However, we were unable to detect mature collagen crosslinks in these 

tissues. Previous studies have shown that lowered oxygen increases collagen crosslinking 

in maturing scaffold-free tissues generated from primary bovine chondrocytes (153). In 

physioxia, both AC- and ACP-derived neocartilage exhibited strain stiffening behavior—

a property of the collagen network of mature articular cartilage that immature postnatal 

tissues lack (23)—indicating potential evidence for enhanced collagen crosslinking. Unlike 

the compressive equilibrium modulus, the dynamic modulus was no different between 

tissue types nor with change in oxygen level. In native tissue, dynamic modulus is 

traditionally proportional to collagen content (25); though, ACP-derived neocartilage did 

not have a significantly higher dynamic modulus despite increased collagen content in 

physioxia. 

Further investigation of the extracellular matrix revealed that the collagen 

expression profile was improved with culture in physioxia relative to hyperoxia for 

neocartilage from both ACs and ACPs—maintaining global type II collagen expression but 
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decreasing types I and X collagen throughout the tissues. These results are consistent with 

those for pellet culture of each cell type (Chapter 3) (178). Regardless of oxygen tension, 

AC-derived neocartilage did not show evidence of pericellular matrix localization of type 

VI collagen or perlecan, and these proteins were expressed throughout the bulk of the 

matrix. ACP-derived neocartilage displayed similar perlecan expression to AC-derived 

neocartilage; however, ACPs localized type VI collagen to the pericellular matrix after 28 

days in physioxia and hyperoxia. Both perlecan and type VI collagen may serve as 

additional markers of tissue maturity in scaffold-free neocartilage, as these proteins are 

globally expressed in neonatal cartilage and subsequently localized to the pericellular 

matrix with maturation (43,46), potentially suggesting greater matrix maturity for ACP-

derived than AC-derived neocartilage. Independent of oxygen level, ACs produced 

abundant lubricin that was localized primarily to one surface of the neocartilage disc. In 

contrast, ACPs did not produce detectible amounts of lubricin. Chondroprogenitors have 

recently been identified by PRG4 expression (20) or lubricin production (136,225) in vivo, 

but this is the first study to investigate lubricin and PRG4 expression during in vitro 

differentiation or tissue engineering of ACPs. Lack of PRG4 and lubricin expression in 

these tissues is of concern and indicates that these cells may be subject to phenotypic 

modification when isolated, cloned, expanded, and differentiated in vitro, and PRG4 

expression may be attenuated following differentiation toward the articular chondrocyte 

phenotype. Alternatively, the cells isolated from the adult human tissue through differential 

fibronectin adhesion may represent a progenitor population up- or down-stream in the 

chondrocyte lineage from the PRG4-expressing lineage identified in vivo (20,21), or the 

cell populations may be entirely distinct; these remain future topics for investigation in our 
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laboratory to work toward the goal of producing a tissue of biomechanical equivalence to 

native tissue.  

 

4.6   CONCLUSIONS: 

Taken together, our results regarding biochemical and biomechanical properties, 

gene expression, and protein expression indicate that culture in physioxia relative to 

hyperoxia is beneficial for AC neocartilage development toward the articular cartilage 

phenotype. Although they were less responsive to changes in oxygen, highly chondrogenic 

ACPs clones produced a robust tissue that was mechanically superior and more mature 

than tissues derived from ACs, and unlike ACs, these tissues were derived from a single 

cell following clonal isolation and expansion. The ability to produce large-scale scaffold-

free constructs of a defined geometry from adult human cell sources, especially from clonal 

chondroprogenitors, may eventually allow us to offer personalized and autologous 

therapies to a large population suffering from focal articular cartilage injuries. With further 

development, this scaffold-free tissue engineering approach may enable us to generate 

tissues with an extracellular matrix that suits both structural and functional demands 

required of a repair tissue.  
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5.1  ABSTRACT:  

Introduction: Mechanically stimulated reorganization of the extracellular matrix is 

thought to drive both depth-dependent anisotropy and pericellular matrix development in 

native articular cartilage. Scaffold-free neocartilage tissues derived from adult human 

chondrocytes and chondroprogenitors exhibit structural immaturity similar to neonatal 

mammalian cartilage. The objective of this project was not only to define the role of a 

dynamic mechanical environment in driving maturation of biochemical constituents and 

biomechanical properties of scaffold-free neocartilage, but also to investigate the role of 

endogenous fibroblast growth factors (FGF) in modulating the metabolic reorganization of 

the extracellular matrix toward anisotropy in response to dynamic load. 

 

Methods: Human adult chondrocyte- and chondroprogenitor-derived scaffold-free 

neocartilage was grown for 28 days in free-swelling culture. Tissues were subsequently 

subjected to either dynamic compressive load in a custom bioreactor or free-swelling 

culture for an additional 14 days in the presence or absence of an FGF receptor inhibitor.  

 

Results: The custom bioreactor was able to both measure tissue thickness and load tissues 

throughout a defined dynamic compressive regime. Tissues derived from both 

chondrocytes (ACs) and chondroprogenitors (ACPs) did not experience a significant 

change in bulk biochemical properties, including collagen and proteoglycan content, or 

gene expression with perturbation of time, load, or FGF receptor inhibition. Additional 

time in culture, but not load nor FGF receptor inhibition, enhanced the biomechanical 

properties of neocartilage. Endogenous FGF signaling was efficiently blocked with the 
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receptor inhibitor but was ineffective in promoting tissue reorganization with respect to 

extracellular matrix molecule distribution.  

 

Conclusions: This was the first experiment to load scaffold-free tissues derived from 

human cell sources. Unlike cells cultured in a stiff biomaterial substrate, scaffold-free 

tissues cannot bear load until the cells produce a robust extracellular matrix, and a pre-load 

culture period substantially increases overall experimental duration compared with 

biomaterial-based tissue engineering. Relative to free-swelling controls, dynamic 

compression for 14 days following a 28-day pre-load culture period, did not significantly 

enhance the biochemical or biomechanical properties of AC- or ACP-derived neocartilage, 

nor did it influence localization of extracellular matrix molecules. Based on previous work 

with chondrocytes, tissue maturation in the mechanical environment may require a time 

scale longer than that employed in the current loading regime. Ultimately, the ability to 

generate tissues of the mature articular cartilage phenotype utilizing a scaffold-free 

approach from a single human cell origin may improve the functional properties and 

therapeutic potential of neocartilage destined for autologous repair.	  

 

5.2   INTRODUCTION:  

Mature native articular cartilage demonstrates distinct depth-dependent anisotropy 

with respect to cell distribution and morphology, collagen arrangement, and extracellular 

matrix molecule distribution, and the tissue can be histologically divided into superficial, 

middle, and deep zones based on these characteristics. Within all zones, the extracellular 

matrix is organized into distinct regions from the cell outward, creating another anisotropic 
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arrangement of the tissue (32,33) While it is well known that the anisotropic structural 

organization of articular cartilage facilitates tissue function (25,40), the development of 

structural anisotropy largely remains an unknown process. 

Similarly, the mechanisms that drive articular cartilage development in utero 

remain unclear; recent results in a rodent model indicate that the tissue is potentially 

derived from clonal articular cartilage progenitors (ACPs) through appositional growth 

(20). Further evidence from animal models indicates that mechanical signals throughout 

the duration of embryologic development are necessary for cartilage tissue formation. 

Synovial joints fail to develop with early chemically-induced neuromuscular paralysis of 

chick embryos in ovo (7,22). Later induction of neuromuscular paralysis results in articular 

cartilage of decreased extracellular matrix content and reduced biomechanical stiffness in 

comparison with non-paralyzed controls (226). Following tissue development in utero, 

postnatal mammalian tissue is immature and relatively isotropic with more homogeneous 

extracellular matrix distribution than adult articular cartilage as evidenced in histological 

analysis (16,18,23,38,227,228). Mechanically stimulated reorganization is hypothesized to 

drive both depth-dependent zonal organization and pericellular matrix development 

(33,180). Based on analyses of regional variation in cartilage from newborn, juvenile, and 

adult mammals, multiple groups have validated that areas of increased loading within a 

single specimen as well as the same location between specimens of increased age exhibit 

greater tissue stiffness (37,229). An increase in tissue stiffness with age appears to 

correspond with the temporal establishment of anisotropy and maturation of the collagen 

network over the same time scale (23,230).  
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In mature cartilage, each zone throughout the tissue depth has a structure suited for 

the mechanical environment, and the pericellular matrix surrounding each cell translates 

mechanical signals into biological events through mechanotransduction (33,40). The 

spatial relationship of matrix molecules in the pericellular matrix, including type VI 

collagen and perlecan, is thought to govern cellular mechanotransduction events (44). 

These molecules, however, are found throughout the bulk of the matrix in postnatal 

mammalian cartilage and are subsequently localized to the pericellular matrix through 

unknown mechanisms of tissue remodeling (43), revealing potential markers of tissue 

maturity in both native and tissue-engineered cartilage. In mature cartilage, there exists an 

extracellular pool of basic fibroblast growth factor (FGF2) that is bound to the heparan 

sulfate glycosaminoglycan chains of perlecan and that signals through extracellular-

regulated kinase (ERK) pathways in the adjacent cell following release under mechanical 

perturbation (44,231,232). Exogenous application of both FGF2 and TGF-ß1 to immature 

cartilage explants in the absence of a mechanical environment induces precocious 

maturation of native mammalian cartilage with remodeling toward anisotropy (231,232). 

These studies indicate that tissue reorganization into distinct zones and development of the 

pericellular matrix in the mechanical environment is likely not simply a passive process 

driven only by mechanical forces at each zone; rather, these processes, similar to 

development or degeneration, are driven by a balance of anabolic and catabolic mediators 

in response to chemical signals. For example, FGF2 is known to upregulate catabolic 

enzymes including matrix metalloproteinases 1 and 3 (MMP1, MMP3) and anti-catabolic 

factors including tissue inhibitor of metalloproteinases 1 (TIMP1) in response to cartilage 

injury through induction of the mitogen-activated protein kinase (MAPK) pathway 
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(233,234). Another consequence of FGF2-induced MAPK signaling is upregulation of 

INHBA, the gene for activin A, which is a member of the TGF-ß superfamily and inhibits 

proteoglycan degradation through suppression of aggrecanases (ADAMTS) (234,235). 

FGF2 has further been shown to regulate chondrocyte hypertrophy by upregulating 

RUNX2, and subsequently MMP13, through the PKC𝛿 pathway (236,237). The enzyme 

MMP13 degrades type II collagen in articular cartilage during tissue remodeling to 

facilitate endochondral ossification. Taken together, these defined pathways indicate that 

mobilization of FGF2 from the pericellular matrix in the mechanical environment, 

including during both physiologic loading in developing cartilage and supra-physiologic 

loading in injury, drives downstream regulation of catabolic and anti-catabolic mediators 

to remodel the collagen and proteoglycan constituents of the extracellular matrix.  

FGF2 has been investigated as an exogenously added chemical mediator of cell 

proliferation, differentiation, and metabolism in tissue-engineered articular cartilage 

(28,238); however, the role of endogenous FGF2 bound to heparan sulfate in tissue 

engineered cartilage has not been investigated as a potential mediator of tissue-engineered 

neocartilage maturation in a mechanical environment. Scaffold-free neocartilage tissues 

derived from human adult chondrocytes and chondroprogenitors exhibit structural 

immaturity and lack both depth-dependent and cell-outward anisotropy of native mature 

cartilage. The objective of the current study was not only to define the role of a dynamic 

mechanical environment in driving maturation of biochemical constituents and 

biomechanical properties of scaffold-free neocartilage, but also to investigate the role of 

endogenous FGF2 in modulating the metabolic reorganization of the extracellular matrix 

toward anisotropy in response to dynamic load. To test the hypothesis that FGF2 release 
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and signaling drive tissue maturation in the mechanical environment, we compared 

dynamically loaded tissues with free-swelling controls in the presence or absence of a pan-

FGF receptor inhibitor.  

 

5.3   MATERIALS & METHODS: 

Cell & Tissue Culture: Articular cartilage progenitors (ACPs) and articular chondrocytes 

(ACs) (n = 3 each, all male age 16-33) were isolated from healthy human cartilage 

according to methods described in Chapter 2. Briefly, full thickness articular cartilage was 

dissected from the femoral condyles of healthy human donors, and the total chondrocyte 

population was isolated through enzymatic digestion of minced tissue. ACPs were further 

isolated from the total chondrocyte population through differential adhesion to fibronectin 

coated plates, and clonal populations were selected and expanded. Expanded populations 

of ACPs and ACs were plated onto fibronectin-coated Transwell inserts to generate 

scaffold-free neocartilage discs according to methods described in Chapter 2. Neocartilage 

discs from at least 3 biologic replicates of each cell type were differentiated in serum-free 

chondrogenic differentiation medium and cultured in free-swelling conditions for 28 days 

before being separated into treatment groups according to Table 5.1, with at least 5 discs 

per group.  

Cell seeding density was defined for each cell type prior to the loading experiment 

and was scaled to 3 x 106 cells per disc for ACPs and 2 x 106 cells per disc for ACs to 

facilitate growth of the thickest possible construct over a 28-day differentiation pre-culture 

period without development of a central void from poor nutrient diffusion. Groups 

receiving the FGF receptor inhibitor from day 29 to day 42 were cultured with 250 nM of 
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a small molecule inhibitor of FGF receptor types 1 and 3 (FGFRI) (Sigma-Aldrich, 

PD173074) in 7µM DMSO (Sigma-Aldrich), concentrations previously validated for tissue 

culture (44). Tissues not receiving FGFRI treatment were cultured with equivalent 

concentrations of DMSO as a vehicle control over the same period.  

 

 

 

Bioreactor Design and Validation: A custom dynamic compression bioreactor (Figure 5.1) 

was designed according to specifications previously developed by Mauck et al. (182,183), 

with modifications to integrate load monitoring capabilities. Specifically, a stepper motor 

and integrated linear stage (ATS0300-BMS-U, AeroTech, Pittsburgh, PA) were driven by 

a uniaxial controller (Soloist, AeroTech). A through-hole donut load cell (THA-50-P, 

Transducer Technologies, Inc., Temecula, CA) was integrated between a horizontal stage 

extension and a sterile polysulfone loading platen, and it was integrated to a custom 

LabView graphical user interface (GUI) through a low-voltage transmitter (SST-LV, 

Transducer Technologies). The custom LabView GUI (Ashford Solutions, Beaverton, OR) 

integrated position and load to measure tissue thickness through differential load detection 

and to monitor load over a dynamic compression regime (Figure 5.2). These two functions 

were validated with a preliminary experiment to monitor parameters (load and 

displacement) during a loading regime consisting of 1 Hz dynamic compression at 10 % 

Week 1 2 3 4 5 6 7

D28  baseline

D42 unloaded

D42 + Load

D42 + FGFRI

D42 + Load + FGFRI

Load 

Table 5.1 Dynamic Stimulation Experimental Design 

FGFRI

Pre-culture 28 daysExpansion 

Load + FGFRI

Free Swelling
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strain superimposed on a 5% pre-strain for agarose discs (A9414, Sigma-Aldrich) of 

increasing percent weight by volume, testing the hypothesis that substrate stiffness, 

corresponding to % w/v agarose, will correlate to the load required to compress discs to a 

standard percent strain.  

 

 

FIGURE 5.1 – BIOREACTOR FOR DYNAMIC MECHANICAL STIMULATION.  
(A) Schematic and (B) image of custom dynamic compressive bioreactor.  
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FIGURE 5.2 – BIOREACTOR SOFTWARE GRAPHICAL USER INTERFACE.  
Layout of the (A) experimental set-up and (B) load cycle control panels of the custom 
graphical user interface (GUI) for the dynamic compressive bioreactor.  
 

Mechanical Stimulation: Tissues subjected to mechanical stimulation were cultured for a 

28-day differentiation period in free-swelling culture. Starting on day 29, tissues were 

subjected to 14 days of dynamic compression for 4 hours per day. The loading regime 

consisted of a 10% peak-to-peak 1 Hz dynamic strain of a triangle waveform superimposed 

on a 5% pre-strain to engage tissues and to maintain contact over the loading period. When 

not under stimulation, tissues were removed from the bioreactor and cultured on an orbital 

shaker at 1 Hz, which represents the conditions used for free-swelling controls over the 

same 14-day culture period. The platen was rinsed with 100% ethanol and sterile 1X PBS 

before and after loading each group.  
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Biochemical and Biomechanical Analyses: Biochemical assays including 

glycosaminoglycan, DNA, and hydroxyproline quantification and biomechanical tests to 

derive the bulk tissue compressive equilibrium and dynamic moduli were conducted using 

triplicate sample replicates according to methods described in Chapter 2.  

 

Gene Expression Analyses: RNA was isolated from one quarter of two or three pooled 

sample replicates in each condition with the RNeasy Mini Kit according to manufacturer’s 

instructions and methods of Chapter 2. Quantitative polymerase chain reaction (qPCR) was 

performed using reverse transcribed cDNA and TaqMan assay primers (Table 2.1) to the 

following gene targets: COL1A1, COL2A1, COL6A1, COL9A1, COL10A1, COL11A2, 

ACAN, VCAN, MTN3, PRG4, SOX9, LOX, MMP1, MMP13, TIMP1, INHBA, TRPV4, and 

PIEZO1. RNA was collected from loaded tissues within 2 hours of the final loading regime 

based on previously published work to define the temporal regulation of genes following 

loading of human chondrocytes (239). Gene expression was calculated using the 2-ΔCt 

method relative to the most stably expressed housekeeping gene for each cell type—TBP 

for ACPs and 18S for ACs—from 3 evaluated candidates. Thus, comparisons of gene 

expression were not made between cell types. Gene expression for each group was 

normalized to the baseline condition at day 28. Fold change (Log 2) from baseline was 

calculated for each gene of each experimental group for each cell type, and both unscaled 

and clustered heatmaps were generated using a R Studio.  
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Protein Analyses: Qualitative immunohistochemistry was performed on cross-sectional 

thin sections of neocartilage tissues from each condition and each cell type according to 

the methods and antibody parameters described in Chapter 2. Specifically, tissues were 

probed for types I, II, VI, and X collagen, perlecan, FGF2, and lubricin according to the 

antibody specifications in Table 2.2 Tissue lysates were collected by flash freezing 

neocartilage in liquid nitrogen, crushing the tissue with a pestle, and immediately lysing 

with RIPA buffer with 1% Triton X-100, 1% Tween 20, protease inhibitor, and 

phosphatase inhibitor. Total protein concentration was quantified through a BCA Assay, 

and equal quantities were loaded onto 10 or 15% polyacrylamide gels. Gels were run and 

transferred to PVDF membranes, blocked with 5% BSA to avoid phospho-protein cross-

reactivity of casein, and probed for ERK1/2, phospho-ERK1/2, and FGF2 according to the 

antibody specifications in Table 2.2.  

 

Statistical Analyses: All statistical analyses were performed using GraphPad Prism v7.0 

(GraphPad, La Jolla, CA, USA). For each biochemical assay or biomechanical test, the five 

experimental groups within a given cell type were compared in a one-way analysis of 

variance (ANOVA) with multiple comparisons corrected with a Tukey’s post-hoc analysis 

for significant tests. Each experimental condition was compared between cell types using 

an unpaired t-test. For all statistical analyses, significance was determined at p<0.05. 

Values are reported as mean ± standard deviation.  
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5.4   RESULTS: 

The custom bioreactor loads tissues. To more accurately measure tissue thickness 

at the start of each loading period and to monitor stresses generated on tissues throughout 

a loading regime, a load cell was integrated into the dynamic compressive bioreactor 

through a custom LabView program. The bioreactor reliably measured tissue thickness 

within 10% error based on comparison between the measured thickness of agarose discs 

with digital calipers and the average of at least 3 thickness readings from the bioreactor. 

To validate tissue loading, the average load (N) was recorded from the mean of the first 50 

cycles of agarose discs loaded in dynamic compression at 10% peak-to-peak strain on top 

of 5% static strain. The resultant stress was calculated by normalizing load by disc surface 

area. For agarose discs of increasing percent weight, substrate stiffness—measured as the 

compressive equilibrium modulus—was highly correlated to stresses generated within the 

bioreactor within a given loading regime (Figure 5.3). When the same measurements for 

tissue stiffness and bioreactor stress were calculated for all replicates of scaffold-free 

neocartilage subjected to the same dynamic loading regime, the majority of tissues 

exhibited a biomechanical response close to that of the agarose discs.  
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FIGURE 5.3 – BIOREACTOR VALIDATION WITH AGAROSE HYDROGELS.  
Validation of the bioreactor through loading agarose discs of increasing % w/v demonstrate 
a relationship between substrate stiffness and stresses generated by each hydrogel in the 
defined dynamic loading regime.  

 

Biochemical composition of scaffold-free neocartilage is unchanged with time, 

mechanical stimulation, or FGF receptor inhibition. Qualitative histologic analysis of 

tissues for total proteoglycan content revealed that loaded tissues are slightly thinner with 

higher metachromasia (Figure 5.4). Decreased metachromasia for AC-derived tissues 

cultured in FGFRI relative to other groups was inconsistent with quantitative measures for 

GAG content. Following 14 days of free-swelling culture, dynamic loading, FGF receptor 

inhibition (FGFRI), or a combination of loading and FGFRI, there were no statistically 

significant changes to the total GAG, DNA, or hydroxyproline content of the extracellular 

matrix when compared with either the baseline tissues from day 28 or with one another, 

except for an increase in total GAG content for AC-derived neocartilage cultured with 

FGFRI relative to baseline (Figure 5.5). There was wide variation in quantitative 

biochemistry across the three replicates of ACP-derived neocartilage, driving a lack of 

R²#=#0.90278

0

10

20

30

40

50

60

70

10 12 14 16 18 20 22 24

Eq
ui
lib
riu

m
)M

od
ul
us
)(
kP
a)
)@

)1
0%

)S
tr
ai
n

Bioreactor)Stress)(kPa))
Avg)first)50)cycles)(n=3E5))

2%

3%

4%

5%

6%



125  

significance for comparisons between AC- and ACP-derived tissues for GAG/DNA and 

hydroxyproline content, which were higher in ACP-derived tissues.  

 

 
FIGURE 5.4 – PROTEOGLYCAN DISTRIBUTION IN STIMULATED NEOCARTILAGE.  
Qualitative assessment of proteoglycan distribution by toluidine blue staining of paraffin-
embedded tissue cross-sections demonstrates tissue compaction and increased 
metachromasia with load, and decreased metachromasia with FGF receptor inhibition. 
Scale = 100µm. 
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FIGURE 5.5 – BIOCHEMICAL ANALYSIS OF STIMULATED NEOCARTILAGE.  
Composition of scaffold-free neocartilage derived from ACPs and ACs—including: (A) 
total GAG content, (B) total DNA content, (C) GAG/DNA, and (D) total collagen 
content—was unchanged with time, load, or FGF receptor inhibition. Statistical 
significance defined as *p<0.05.  
 
 
 

Time has the greatest impact on the bulk mechanical properties of scaffold-free 

neocartilage. Although not statistically significant because of wide variation in adult 

human-derived tissues, the additional 14 days of culture enhanced both the equilibrium 

modulus and dynamic modulus of ACP- and AC-derived neocartilage at consecutive 10% 

strain ramps in stress relaxation (Figure 5.6A, B). These tissues demonstrated strain 

stiffening behavior consistent with results from studies in physioxia (Chapter 4). The 

addition of dynamic compressive loading did not enhance the biomechanical properties 

any more than time. The addition of the FGFRI decreased the equilibrium modulus of ACP-

derived tissues, but adding dynamic load with the inhibitor reversed this reduction. There 
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were no differences in the peak stress—generated by each tissue in stress relaxation tests 

at 10% strain—across all conditions of either cell type; though, day 28 ACP-derived tissues 

had a significantly higher peak stress than day 28 AC-derived tissues (Figure 5.6C).  

 

 

FIGURE 5.6 – BIOMECHANICAL ANALYSIS OF STIMULATED NEOCARTILAGE.  
Bulk mechanical properties including (A) equilibrium compressive modulus and (B) 
dynamic compressive modulus at 1 Hz and 1% strain are increased with additional time in 
culture, but unchanged with load or FGF receptor inhibition. (C) Peak stress generated by 
the tissue at 10% strain is unchanged with time, load, or FGF receptor inhibition.  

 

 



128  

Gene expression was stable with respect to time, loading, and FGF2 signaling 

(Figure 5.7). When assessed relative to the baseline tissues harvested after a 28-day pre-

experimental culture period, all ACP replicates upregulated genes of the chondrogenic 

phenotype including COL2A1, ACAN and MTN3 with time, load, and inhibition of FGF2 

signaling. ACs replicates similarly upregulated MTN3 under all conditions, COL2A1 with 

load, and ACAN with a combination of load and FGF2 inhibition. Time and loading caused 

an increase in PRG4 expression for ACPs, though the expression relative to housekeeping 

genes was low. Across ACP replicates, FGF receptor inhibition decreased expression of 

COL1A1 and COL10A1—genes representative of the fibro- and hypertrophic chondrocyte 

phenotypes, respectively—but increased COL1A1 expression with load. ACs 

downregulated COL1A1 with both time and FGF receptor inhibition but upregulated 

COL1A1 with load; COL10A1 was undetectable in all AC-derived tissues. Similarly, both 

MMP1 and MMP13, genes coding for matrix metalloproteinases downstream of FGF 

receptor signaling, were undetectable across replicates of ACPs and ACs. For both cell 

types, TIMP1 was downregulated with inhibition of FGF receptors. There were no trends 

in gene expression across replicates or experimental groups for other genes including 

COL6A1, COL11A2, VCAN, SOX9, LOX, or INHBA. Similarly, genes coding for mechano-

sensitive ion channels, PIEZO1 and TRPV4, were unchanged with loading across replicates 

of either cell type. When experimental groups were clustered based on relative changes in 

gene expression from baseline, each cell type clustered based on the presence or absence 

of the FGF receptor inhibitor (Figure 5.8).  
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FIGURE 5.7 – CHONDROGENIC GENE EXPRESSION OF STIMULATED NEOCARTILAGE.  
(A) ACPs and (B) ACs show similar fold-change in gene expression relative to 28 days in 
culture in response to load and FGF receptor inhibition.  
 
 

 
 
FIGURE 5.8 – CHONDROGENIC GENE EXPRESSION CLUSTERING.  
Clustering of experimental groups for (A) ACPs and (B) ACs based on relative fold-change 
gene expression from baseline indicated that groups were most closely related based on the 
presence or absence of the FGF receptor inhibitor.  
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FGF receptor inhibition blocked signaling at the protein level. To verify that the 

small molecule FGF receptor inhibitor was active, western blots were performed to probe 

for phosphorylation of ERK proteins relative to the total unphosphorylated protein level 

across all experimental groups for both cell types (Figure 5.9). Addition of the FGF 

receptor inhibitor blocked ERK phosphorylation regardless of loading conditions. Unlike 

native tissue (44), both ACP- and AC-derived neocartilage had high phospho-ERK levels 

at baseline in unloaded conditions, and load did not further increase ERK phosphorylation. 

Total FGF2 protein levels were consistent across all experimental groups for both cell 

types.  

 

FIGURE 5.9 – PROTEIN ANALYSIS FOR FGF SIGNALING.  
Representative western blots performed on total tissue lysates showed that inhibition of 
FGF receptors abrogated ERK1/2 phosphorylation when loaded for consistent total 
ERK1/2 levels across all groups for each cell type. Total FGF2 content was not different 
between groups for either cell type.  
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Collagens of the extracellular matrix matured toward the stable articular cartilage 

tissue phenotype with time but were unresponsive to load or FGF2 signaling. Both ACP- 

and AC-derived neocartilage increased type II collagen protein expression from day 28 to 

day 42 in free-swelling culture. Type II collagen was unresponsive to additional changes, 

neither increased nor decreased, with loading or FGF receptor inhibition. AC-derived 

neocartilage decreased types I and X collagen with an additional 14 days of free-swelling 

culture, but were again unresponsive to additional changes with other experimental 

conditions. ACP-derived neocartilage had minimal to no type X collagen expression that 

varied among biologic replicates and was unchanged across all conditions. ACPs-derived 

tissues similarly did not change type I collagen expression with load or FGF receptor 

inhibition, but these tissue showed a wide range of expression between replicates from 

minimal extracellular protein to type I collagen throughout the bulk of the tissue (Figure 

5.10).  
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FIGURE 5.10 – COLLAGEN ANALYSIS OF STIMULATED NEOCARTILAGE.  
Representative immunohistochemistry revealed that an additional 14 days in culture 
increased type II collagen and decreased type I collagen; though, there was not an 
appreciable difference for either collagen with application of load or an FGF receptor 
inhibitor. Type X collagen was undetectable in ACP-derived neocartilage and was 
decreased with time in AC-derived neocartilage. Nuclei were counterstained blue with 
DAPI. Scale = 100µm for all panels except type II collagen inserts where scale = 10µm. 
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Markers of tissue anisotropy demonstrated subtle changes with time, load, and FGF2 

signaling. Neither loading nor FGF receptor inhibition changed the distribution of perlecan 

or FGF2 in the extracellular matrix; these molecules were expressed throughout the bulk 

of the tissue. Type VI collagen, however, stained with higher intensity in the pericellular 

region of tissues derived from both ACPs and ACs and was decreased in the presence of 

the FGF receptor inhibitor. Lubricin was absent from ACP-derived tissues, but was 

increased with load in AC-derived neocartilage in comparison with very low expression at 

baseline (Figure 5.11).  
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FIGURE 5.11 – EXTRACELLULAR MATRIX MOLECULES OF STIMULATED NEOCARTILAGE.  
Representative immunohistochemistry revealed that type VI collagen was decreased with 
FGF receptor inhibition for both cell types, lubricin was absent in ACP-derived 
neocartilage and increased with load for AC-derived neocartilage, and perlecan and FGF2 
distribution were abundant throughout the extracellular matrix for neocartilage derived 
from both cell types regardless of time, load, or FGF receptor inhibition. Nuclei were 
counterstained blue with DAPI. Scale = 100µm for lubricin and type VI collagen, and scale 
= 10µm for type VI collagen inserts and perlecan/FGF2.  
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5.5   DISCUSSION: 

Little is known about the processes that govern both articular cartilage development 

in utero and postnatal tissue maturation toward anisotropy. As scaffold-free tissues derived 

from adult human cell sources, including expanded chondrocytes and clonally-derived and 

expanded articular cartilage progenitor cells, are structurally immature following 28 days 

of development in vitro, we sought to characterize tissue maturation in a dynamic 

mechanical environment such as that experienced by chondrocytes in the postnatal period. 

In collaboration with Dr. Mauck at University of Pennsylvania, we designed and built a 

custom unconfined dynamic compression bioreactor, which was based on a bioreactor he 

and his laboratory previously validated for use on cell-laden hydrogels (182,183). Unlike 

hydrogels of defined thickness, scaffold-free tissue thickness was governed by cellular 

matrix production and varied between biologic donors. Thus, we modified the bioreactor 

to include load monitoring capabilities to measure tissue thickness for accurate loading 

based on percent strain and to monitor load over the entire loading duration to ensure 

constant contact between the tissue and the loading platen. We validated the load 

monitoring function of the modified bioreactor by loading agarose discs of known 

dimensions and mechanical properties and generating a standard curve for tissue stiffness 

versus stresses generated by the bioreactor. In addition to defining the role of dynamic 

mechanical stimulation in driving tissue reorganization, we further sought to define the role 

of endogenous growth factors in mediating catabolic and anti-catabolic tissue 

reorganization through the use of an FGF receptor inhibitor to block the FGF2 signaling 

following mobilization in the mechanical environment.  
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To date, dynamic mechanical stimulation has been employed in two other scaffold-

free tissue models: one for articular cartilage and one for fibrocartilaginous meniscus 

(240,241). For scaffold-free engineering of articular cartilage, neonatal porcine primary 

chondrocytes were driven toward self-organization and cultured in a combined perfusion 

and dynamic compression system following a 10-day consolidation period (240). Perfusion 

of the tissue greatly enhanced the biochemical and biomechanical properties in comparison 

with static culture; however, dynamic loading did not have any additive benefit to 

perfusion. For scaffold-free fibrocartilage tissues generated from neonatal bovine primary 

chondrocytes (articular cartilage-derived) and fibrochondrocytes (meniscus-derived) in a 

self-assembly model and pre-cultured for either 10 or 17 days, a combined tensile and 

compressive dynamic loading regime did not promote biochemical anabolism or enhance 

bulk biomechanical properties (241). The addition of a chemical cocktail of anabolic TGF-

ß1 and catabolic chondroitinase ABC, however, ultimately enhanced biochemical and 

biomechanical tissue properties upon mechanical stimulation. A follow-up study utilizing 

the same chemical cocktail sought to define the development of tissue anisotropy in 

scaffold-free fibrocartilage generated for the temporomandibular disc (242); although, this 

study employed passive axial compression, not a dynamic mechanical regime. Passive 

strain confined tissue morphology and was sufficient to drive changes in the properties of 

the collagen network, but the addition of chemical stimuli was necessary to cause 

significant changes to bulk tissue properties, including collagen alignment, under this 

loading regime. In contrast to these studies that all used primary cells harvested from 

neonatal tissues, we utilized expanded cell populations derived from adult human donors, 

which are known to be comparatively metabolically limited (103). Despite major 
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differences in scaffold-free system, we too did not find significant changes to the bulk 

biochemical composition or biomechanical properties of scaffold-free neocartilage tissues 

following application of a dynamic loading regime, especially with intra-donor variability. 

Additional time in culture from 28 to 42 days, however, increased tissue stiffness with 

maintenance of strain stiffening properties, and time further promoted an increase in type 

II collagen and a decrease of type I collagen of the extracellular matrix.   

Native articular cartilage resides in a complex biomechanical environment with 

contributions not only from dynamic compression and passive strain, but also from shear, 

hydrostatic pressure, and fluid flow. Multiple groups have shown benefit of hydrostatic 

loading on the bulk biochemical and biomechanical properties of scaffold-free tissues in 

comparison with free-swelling controls; although, time had a significant influence on these 

responses (154,243). Increases in GAG and hydroxyproline content, along with aggregate 

modulus, under hydrostatic loading were most prominent over short-term culture duration, 

but these differences were diminished with longer-term culture; Young’s modulus 

gradually improved over long-term culture (243). At the gene level, hydrostatic loading 

significantly increased COL2 and ACAN gene expression relative to unloaded controls only 

after 3 weeks of culture, but these changes were not matched with significant differences 

in the bulk composition of the extracellular matrix; gene expression for molecules within 

the pericellular matrix, including perlecan and CD44, were unchanged with hydrostatic 

loading at all time points (154). The variation in response to hydrostatic loading, 

specifically with time, indicate that loading duration is potentially the most influential 

parameter for a given loading regime.  
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The influence of mechanical loading on neocartilage generated within scaffold-free 

systems is limited to experiments described here; however, loading of chondrocytes seeded 

within scaffold- and matrix-based biomaterials has been extensively studied. We have 

identified over 80 independent studies that loaded chondrocytes in dynamic compression. 

Results from these experiments, when considered together, do not provide conclusive 

evidence for the influence of mechanical loading on neocartilage tissue growth and 

maturation. This may be related to the wide variation in both tissue engineering and 

bioreactor systems as well as loading regimes. In studies that used a similar loading regime 

to ours, longer-term mechanical stimulation significantly enhanced biochemical and 

biomechanical properties of chondrocyte-laden agarose hydrogels relative to free-swelling 

controls (244,245). These studies did not require a pre-loading culture period because 

agarose hydrogels exhibit stiffness necessary to support load, and the total culture duration 

was equivalent to the loading duration. Scaffold-free systems require a pre-loading culture 

duration sufficient to allow for extracellular matrix elaboration and tissue formation. We 

defined a loading duration of 14 days, which was much shorter than the total loading 

duration of 28 or 42 days used previously within the similar regime. Similarly, the only 

other study to dynamically load ACPs, which were seeded in a fibrin-polyurethane 

composite scaffold, noted a significant increase in GAG content and ACAN expression 

following 28 days of loading (246). In the context of these long-duration studies, we 

speculate that tissue remodeling in response to dynamic compression is a time-intensive 

process and longer loading regimes are necessary to allow for tissue maturation.  

While bulk changes to the extracellular matrix in response to dynamic mechanical 

loading were of interest in the present system, we further sought to characterize a potential 
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mechanism of neocartilage maturation and reorganization in response to dynamic load. We 

hypothesized that the mechanical environment would mobilize FGF2 from the extracellular 

matrix, and FGF2 would signal to neighboring cells to mediate tissue reorganization. To 

validate that the FGF receptor inhibitor was active within the system and that loading 

promoted FGF2 signaling, we probed tissue lysates for ERK phosphorylation. Unlike 

unloaded native tissue explants or chondrocytes seeded within a stiff hydrogel (44,45), 

scaffold-free neocartilage exhibited high ERK phosphorylation in free-swelling culture, 

and retained this activity with loading; FGF receptor inhibition efficiently blocked ERK 

phosphorylation. The tissues had abundant FGF2, which was co-localized with perlecan 

throughout the extracellular matrix, and the relative amount of FGF2 did not change 

between experimental groups, regardless of loading or receptor inhibition. When probed 

for downstream gene targets of MAPK signaling, cells cultured with FGF receptor inhibitor 

decreased TIMP1, did not change INHBA expression, and MMP1 and MMP13—matrix 

metalloproteinase targets—were undetectable. Based on the necessary addition of a 

metabolic cocktail to cause significant changes in previous studies (241,247), we 

anticipated FGF2 signaling to promote catabolic and anti-catabolic control of tissue 

reorganization in the mechanical environment, but our results do not support that this 

occurred within the stimulatory time-frame based on quantification of extracellular matrix 

constituents and gene expression analyses. We did not anticipate that these tissues would 

not express genes coding for catabolic enzymes; as a result, a primary metric of potential 

FGF2-mediated catabolic control was lost in this system. Further, we did not anticipate that 

scaffold-free tissues would exhibit high MAPK pathway activity in the unloaded 

environment, and the ability to differentiate the specific role of FGF2 signaling from 
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loading in comparison with free-swelling controls was diminished. A final limitation of 

FGF receptor inhibition for endogenous FGF signaling is the inability to isolate the effect 

of just FGF2, as other FGF molecules, most notably FGF18, may also be bound to heparan 

sulfate, direct chondrocyte differentiation and cartilage tissue development, and signal in 

response to mechanical loading in this system (248-250). Evaluation of tissues at the gross 

level indicated that neither loading nor FGF receptor inhibition detectably affected 

extracellular matrix molecule distribution or tissue isotropy over the 14-day stimulation 

period.  

 

5.6   CONCLUSIONS:  

The overall objective of this study was to define the role of dynamic mechanical 

stimulation in the maturation of scaffold-free neocartilage derived from adult human 

donors and to establish the role of endogenous FGF2 signaling in tissue reorganization. 

Overall, additional time in free-swelling culture was of benefit to scaffold-free tissues, but 

neither dynamic compressive load nor FGF receptor inhibition significantly influenced 

tissue maturation within the bulk of the extracellular matrix. Since time was the most 

influential variable for scaffold-free tissue growth in free-swelling culture and for 

chondrocyte-laden biomaterials in long-term loading studies, we reason that these tissues 

may exhibit significant structural reorganization with increased loading time. Ultimately, 

we hope to identify conditions to direct structural maturation of scaffold-free neocartilage 

toward anisotropy of native tissue in order to grow autologous tissues that can properly 

function in the complex biomechanical environment of the joint when used for repair of 

focal articular cartilage defects.  
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CHAPTER 6: CONCLUSIONS & FUTURE DIRECTIONS 

 

The overall objective of the research detailed in this dissertation was to develop a 

novel scaffold-free approach to generate mature neocartilage from a single human cell 

toward the eventual goal of autologous focal articular cartilage repair. The recent success 

of osteochondral allograft (OCA) transplantation for restoration of focal articular cartilage 

defects has informed us that an autologous approach to tissue regeneration will require an 

implant of comparable biomechanical function and structural organization to native tissue 

(251). However, OCA is limited by tissue availability and poor cartilage integration with 

adjacent native tissue. The chapters presented in this dissertation represent work carried 

out in development of the three aspects of tissue engineering including: characterization 

and selection of highly chondrogenic cells; generation of large-scale scaffold-free 

neocartilage tissues composed of an endogenously produced extracellular matrix scaffold; 

and determination of the role of stimulating factors, specifically physioxia and dynamic 

mechanical compression, in driving structural and functional tissue maturation in vitro. Just 

as this project advanced our ability to generate large-scale neocartilage tissues from adult 

human-derived cell sources, so too did the research generate many more questions 

regarding cells, scaffold, and signals. These three elements of the tissue engineering triad 

are highly interconnected, and eventual in vivo application of a scaffold-free tissue for the 

repair of focal articular cartilage defects will depend on successful development of the 

entire system. Clinical application will further depend on meeting specifications including 

scalability, manufacturability, cost, regulatory approval, and clinical efficacy; none of 

which were explored in this research. 
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6.1  CELL CHONDROGENICITY 

Among the variety of candidate cells with which to generate neocartilage in a tissue 

engineering system, we focused on a novel cell candidate, articular cartilage progenitor 

cells (ACPs), comparing them with expanded articular chondrocytes (ACs) and 

mesenchymal stem cells (MSCs). We derived all three cell types from healthy adult human 

donors. Employing standard chondrogenic assays, we sought to define the intrinsic 

chondrogenic differentiation capacity of each of the two progenitor cells types, ACPs and 

MSCs, with reference to the redifferentiation capacity of articular chondrocytes, which we 

had previously characterized (178). Compared with the relatively consistent chondrogenic 

redifferentiation of ACs between human donors, we found that there was a wide range of 

chondrogenicity for progenitor cells between both individual human donors and clonal 

populations derived from a single donor (Figure 3.1). We further found that this variation 

predicted the response of cells to variations in oxygen level and likely explains wide 

discrepancies in the literature regarding the modulation of the hypertrophic phenotype of 

MSCs with culture in physioxia (reviewed in Chapter 3). Importantly, this was the first 

study to investigate the response of ACPs to culture in physioxia and to report the wide 

variation in chondrogenicity across ACP replicates and clones. Advantages of ACPs over 

MSCs include the ability to generate clonal populations from a single cell without loss of 

phenotypic plasticity, favored chondrogenic differentiation among potential connective 

tissue lineages, and lack of chondrocyte hypertrophy (19,138). ACPs are advantageous in 

comparison with ACs because of the potential to generate large autologous cell populations 

through in vitro expansion of clonal cells isolated from a limited tissue harvest site, such 

as a biopsy. Our results, however, indicate that not all ACP clones are suitable candidates 
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for tissue engineering application: we identified some clones that expanded poorly in vitro 

following clonal isolation and some clones that produced hypertrophic neocartilage 

containing type X collagen. Since we are the first to report ACP hypertrophy, we are 

following up these results to investigate the phenotype of a larger number of clones from 

additional biologic replicates in future studies. We further discovered, and report for the 

first time, that all ACP clones lacked lubricin expression at the gene and protein level once 

expanded in vitro. As ACPs were most recently identified in situ by lineage tracing studies 

using the PRG4 gene locus, the lack of PRG4 and lubricin expression in vitro generates 

new questions for investigation in future research.    

 

6.1.1   ARTICULAR CARTILAGE PROGENITOR CELLS   

ACPs used in the present work were isolated from fresh cadaveric donor tissue, 

which is a relatively sparse resource. ACs were derived from more readily available 

allograft tissue that had been preserved for at least 14 days following harvest from the 

donor. We have most recently successfully isolated clonal cell populations from preserved 

allograft donor tissue, and we are presently working to characterize the morphology, 

expansion, and chondrogenic differentiation of these cells relative to ACPs derived from 

fresh cadaveric tissues. This new cell source will allow our laboratory to conduct future 

experiments with ACPs and to continue to define intra- and inter-donor variation in ACPs 

derived from healthy human articular cartilage, especially with regard to type X collagen 

expression.  

In both pellet and disc culture systems, we found that all ACP clones lacked PRG4 

gene expression and lubricin protein expression. These results have recently been 



144  

corroborated by another group (Qian Laboratory, Brown University, unpublished results), 

who attributed the result to potential variability between cells derived from osteoarthritic 

tissue from a single adult human donor. No other groups, to our knowledge, have reported 

PRG4 or lubricin expression during in vitro analysis of ACPs. For ACs, we found that the 

relative level of lubricin expression in immunohistochemical analysis corresponded to 

PRG4 gene expression levels, and we are confident that all ACP clones we used throughout 

this dissertation research lacked expression. Lack of PRG4/lubricin in ACPs is a curious 

result, for the most recent study to identify ACPs in situ used a reporter at the PRG4 gene 

locus to trace appositional growth of articular cartilage during in utero and post-natal 

mouse limb development and maturation (20). Based on these disparate results, we have 

generated two hypotheses about ACP PRG4/lubricin expression: [1] in vitro expansion 

conditions drive phenotypic modulation and loss of PRG4/lubricin in ACPs prior to 

chondrogenesis, or [2] the cells identified as tissue progenitors using a PRG4 reporter are 

different (either up- or down-stream in a progenitor cell lineage or entirely distinct) from 

those isolated in vitro through the fibronectin adhesion method that we used.  

In the initial characterization of ACPs derived from healthy adult human cartilage, 

our collaborators found that these cells required exogenous FGF2 and TGF-ß, fetal bovine 

serum, and conditioned medium all be added to the medium to maintain proliferation and 

chondrogenic differentiation potential during expansion (19). It is well known that FGF2 

and TGF-ß induce downstream stabilization of ß-catenin through interactions and 

stimulation of canonical Wnt signaling pathways (252-255). Within the context of 

chondrogenesis, activation of ß-catenin is required during both joint specification and 

chondrogenic differentiation for the production of lubricin (256,257). However, excessive 
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ß-catenin activity in osteoarthritic articular cartilage causes loss of lubricin in vivo 

(258,259), and high levels of exogenously added Wnt3a causes a dose-dependent loss of 

lubricin in vitro (260). Wnt16 is a weak activator of canonical ß-catenin activity, but it 

functions to regulate excessive ß-catenin levels in osteoarthritis and can independently 

rescue lubricin expression in human articular chondrocytes in vitro (259). Taken together, 

these studies indicate that homeostatic regulation of canonical Wnt signaling, and 

downstream ß-catenin activity, likely controls PRG4/lubricin expression during in vitro 

chondrogenesis, and we hypothesize that excessive ß-catenin activation from the addition 

of exogenous FGF2 and TGF-ß during expansion is responsible for the modulation of ACP 

phenotype toward loss of PRG4/lubricin expression (Figure 6.1). To test this hypothesis, 

we intend to expand both ACs and ACPs—derived from the same human—in the presence 

or absence of exogenous growth factors and evaluate COL2A1, ACAN, PRG4 and Wnt3a 

gene expression before and after pellet chondrogenesis. Preliminary results reveal that 

expansion in the presence of exogenous growth factors decreases chondrocyte PRG4 

expression relative to expansion without growth factors.  Following pellet chondrogenesis, 

ACs significantly increased COL2A1 and ACAN expression but decreased PRG4 

expression when expanded with FGF2 and TGF-ß (Figure 6.2). Based on these preliminary 

results, we are conducting a larger study with multiple biologic replicates to compare 

expansion of both ACs and ACPs in the presence or absence of FGF2 and TGF-ß. 
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FIGURE 6.1 – WNT HOMEOSTASIS.  
Cartilage injury causes activation of WNT signaling through downregulation of antagonists 
and upregulation of several agonists such as WNT16 and WNT8. WNT16 buffers the 
canonical WNT activation to homeostatic levels through its capacity to directly support a 
weak activation and preventing excessive activation induced by other ligands. Excessive 
canonical WNT activation causes cartilage breakdown by driving inappropriate maturation 
particularly within the superficial zone progenitor cells, whereas homeostatic levels of 
activation are necessary for supporting the superficial progenitor population and lubricin 
expression. Reproduced with permission from Nalesso et al. © 2016, BMJ Publishing 
Group (259).  
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FIGURE 6.2 – EFFECT OF ADDING GROWTH FACTORS DURING EXPANSION.  
ACP expansion medium (ACPM) includes the addition of exogenous FGF2 and TGF-ß to 
the traditional chondrocyte expansion medium (CM). Preliminary data (n = 1) from 
culture of ACs in ACPM increased subsequent gene expression of COL2A1 and ACAN 
during pellet chondrogenesis but decreased PRG4. This result potentially indicates that 
adding growth factors during expansion may cause phenotypic modulation during 
chondrogenesis and may explain lack of PRG4 expression by ACPs.  

 

Based on the alternative hypothesis, lack of ACP PRG4/lubricin expression in vitro 

despite in situ lineage tracing through the PRG4 gene locus calls into question the identity 

and congruence of the in situ cell population identified in lineage tracing with the ACPs 

that are isolated in vitro by differential adhesion to fibronectin. Specifically, 

Kozhemyakina et al. (2015) showed that cells expressing the PRG4 gene locus are fetal 

progenitors that give rise to articular chondrocytes, but this study does not test whether 



148  

PRG4-expressing cells of the superficial zone are the same as stable progenitors that reside 

in adult cartilage (21). Thus, the PRG4 gene locus may have been turned on during the 

sequence of chondrocyte differentiation, which would fail to identify the true progenitors 

upstream of PRG4-producing cells. Alternatively, PRG4 expression may be a marker of 

the stem cells in the superficial zone, and the gene is subsequently downregulated later in 

the chondrocyte lineage. Co-localization of progenitor cells and lubricin-producing cells, 

however, does not clearly indicate a common cell nor does it specify whether superficial 

zone chondrocytes arise in the same appositional pattern, or in a separate pattern, from cells 

that do not produce lubricin in deeper zones. To validate that chondroprogenitors selected 

through fibronectin adhesion in vitro are the same as those identified through PRG4 lineage 

tracing in vivo, the total chondrocyte population could be harvested from the PRG4-

reporter mouse femoral condyle, subjected to fibronectin adhesion, and recombined in 

vitro. However, if loss of PRG4 expression results from in vitro expansion in the presence 

of high dose growth factors (according to the first hypothesis), a negative result may mask 

evaluation needed for comparison of proposed in vivo and in vitro cell populations. Further, 

this experiment must be preceded by a feasibility study to establish whether progenitor 

cells can even be isolated from mouse cartilage, which is of limited volume in comparison 

with larger mammals for which the method has been validated.  Ultimately, the mechanism 

for ACP loss of PRG4 expression in vitro needs to reconciled within the context of PRG4-

based lineage tracing to elucidate the true identity of these cells in vivo and to generate 

ACP-derived tissues that produce lubricin.  
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6.2  SCAFFOLD-FREE TISSUE ENGINEERING 

To overcome historical challenges in biomaterial-based tissue engineering for 

articular cartilage repair, we sought to develop a scaffold-free tissue engineering system 

with which to generate large-scale neocartilage tissues from adult human-derived cells. We 

were particularly interested in applying clonally-derived ACPs in a scaffold-free system 

for the first time; the ability to build large-scale tissues from a single cell origin would 

overcome significant challenges associated with cell availability. To date, scaffold-free 

tissue engineering systems have been well characterized using neonatal primary 

chondrocytes (31,148,149,161,240), but fewer studies have reported similar methods for 

adult human-derived cells (156,157,160), which differ in metabolic capacity (103). Unlike 

ACs and MSCs, we discovered that ACPs required a substrate on which to bind in order to 

define tissue geometry; thus, we facilitated cellular self-organization on a fibronectin-

coated membrane. Control over tissue geometry was a primary specification in 

development of our methodology in order to generate a tissue that can not only be subjected 

to compressive loading in vitro but also fill a focal cartilage defect in vivo. Over 28 days 

of culture, we found that all three cell types—ACs, ACPs, and MSCs—formed large-scale 

tissues composed of a dense cartilaginous extracellular matrix (Chapter 4, Appendix D). 

Preliminary work to grow AC- and ACP-derived tissues over a longer time scale in vitro 

demonstrated that tissues continue to grow in thickness, and future studies to characterize 

tissue growth will better inform us of limitations to construct size intended for clinical 

application. Ultimately, the scaffold-free technique presented in this dissertation has 

enabled our laboratory to reliably produce large three-dimensional tissues from a variety 

of adult human-derived cells; moreover, we envision using this platform to build more 
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complex osteochondral tissues to facilitate translation to clinical practice. There may be a 

tradeoff, however, between neocartilage complexity and maturity with integration into 

neighboring native tissue following implantation, and this relationship must be investigated 

prior to clinical application. Toward the eventual goal of clinical translation, we intend to 

conduct studies to determine if these tissues maintain a cartilaginous phenotype in vivo 

following subcutaneous implantation and to determine the performance of scaffold-free 

neocartilage in articular cartilage repair following in situ implantation.  

 

6.2.1   CULTURE DURATION  

As a preliminary study, we cultured ACP-derive neocartilage discs over an 

extended duration (150 days) to evaluate tissue maturation with time. The tissues continued 

to grow in thickness while maintaining a constant diameter. Upon harvest, the tissues did 

not show evidence of central necrosis, which is a common limitation in generating thick 

tissues through high cell seeding density because of impaired nutrient diffusion (159,261-

263). Consistent with the literature, we found that increasing cell seeding density from 2 x 

106 to 4 x 106 ACPs generated tissues with central necrosis, yet culture of neocartilage 

containing 2 x 106 ACPs for extended duration facilitated an increase in tissue thickness 

without central necrosis (Figure 6.3). These results indicate that time, not cell number, is 

likely an important variable in generating tissues of a clinically relevant thickness [1.7-

2.5cm for knee (264)] for repair of focal lesions in adult human cartilage. Longer range 

studies will inform our understanding of size limitations in the scaffold-free system.  
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FIGURE 6.3 – EFFECT OF EXTENDED CULTURE DURATION.  
Preliminary experiments showed that with increased time in culture from day 28 to day 48 
to day 150, ACP neocartilage continued to grow in thickness with maintenance of the 
proteoglycans throughout the depth of the tissue. Scale = 500µm. 

 

6.2.1   OSTEOCHONDRAL INTEGRATION 

While the primary overall objective of this research is to grow autologous tissues 

for the repair of focal cartilage defects, we recognize that success of a chondral implant 

will ultimately depend on its integration with and functional performance within the native 

joint, specifically, at the adjacent articular cartilage and the underlying subchondral bone. 

We have shown that cells within scaffold-free neocartilage build a robust extracellular 

matrix (Chapter 4), which will likely limit cell migration at the tissue margins and, thus, 

limit integration capacity with neighboring tissues following implantation. To facilitate 

integration with the subchondral bone, we could culture bilaminar neocartilage discs by 

seeding bone marrow-derived MSCs on the basal surface and articular cartilage-derived 

ACPs on the apical surface. We hypothesize that each cell type would produce a distinct, 

yet integrated, tissue throughout the total depth; wherein, MSCs generate a tissue of the 

hypertrophic cartilage phenotype and ACPs generate a tissue of the articular cartilage 

phenotype during chondrogenic differentiation. Upon implantation to the subchondral bone 

within a full thickness cartilage defect, we further hypothesize that the hypertrophic MSC-
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derived tissue would ossify, integrate, and anchor into the subchondral bone based on 

recent data that indicate MSC-derived cartilage pellets facilitate in vivo fracture repair 

through sequential ossification and integration into the host tissue (265).  

Just as integration into the subchondral bone is necessary to anchor a transplanted 

tissue into a full-thickness cartilage defect, so too is integration into the adjacent articular 

cartilage necessary to facilitate biomechanical function of the implant in the native joint 

environment. We have shown that increased time in culture drives an overall increase in 

scaffold-free tissue stiffness, thickness, and extracellular matrix content (Chapter 5), thus 

tissue maturity; however, the literature suggests that there may be a trade-off between in 

vitro tissue maturity and in vivo integration capacity (Figure 6.4) (266). Extensive review 

of the outcomes following osteochondral allograft transplantation, which necessarily 

includes implantation of mature adult tissues, showed that cartilage integration is 

universally minimal, if not absent; although, underlying osseous integration anchors the 

cartilage to provide a functional fill and to improve clinical outcomes (251). Without 

integration into adjacent cartilage, stresses become concentrated at the tissue boundaries 

and lead to not only implant failure but also to adjacent native tissue degeneration. As 

reviewed by Khan et al. (2008), factors known to contribute to integration at the cartilage 

interface include: cell viability in the neocartilage and native tissue; initial cell origin and 

cell phenotype following differentiation; maturity and extent of the collagenous and 

proteoglycan networks of the ECM; and properties of the scaffold employed in the tissue 

engineering system (267). Functional integration of neocartilage into adjacent native tissue 

is best evaluated following implantation into a defect in situ, which encompasses the 

complex biomechanical environment; however, structural integration can be evaluated in 
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vitro through implantation of neocartilage into a native tissue explant. To our knowledge, 

neocartilaginous scaffold-free tissues have not been implanted to fill a cartilage defect in 

situ, but a single study to characterize integration of a scaffold-free tissue into a cartilage 

explant found structural integration of proteoglycans and type II collagen across the tissue 

interface and functional integration that generated substantial peak stress (400kPa) at 

mechanical failure (162). To investigate integration of scaffold-free tissues generated from 

adult human cells, we could design a similar explant study. Specifically, we would harvest 

osteochondral tissue explants from allogeneic human donor tissue and create a full 

thickness cartilage defect using a biopsy punch of the same diameter as the scaffold-free 

tissues (7mm). We would suture the upper edge of the neocartilage to the rim of the explant 

defect in order to maintain tissue congruence in free-swelling culture. After four weeks of 

implantation, the tissues would be harvested to investigate cell viability with a live/dead 

assay, structural integration with histology and immunohistochemistry, and functional 

integration with a mechanical push-out test to measure peak stress at failure.  
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FIGURE 6.4 – TRADEOFF BETWEEN MATURITY AND INTEGRATION.  
Schematic illustration of the question of construct state versus trajectory. (A) Current 
practice in cartilage tissue engineering allows for the formation of constructs with some 
properties matching native tissue. (B) While there is a general negative correlation between 
construct maturity and its ability to integrate with native tissue, (C) individual studies are 
less clear regarding this trend and are limited by few data points. (D) One important factor 
in correlating construct maturity and integration potential might be its “trajectory” or time-
dependent properties, however, the shape of maturation for these constructs has yet to be 
elucidated, which could influence the ideal time for implantation. Reproduced with 
permission from Fisher et al. © 2013, Elsevier (266).  

 

6.2.2   IN VIVO IMPLANTATION 

Prior to clinical application, the performance of scaffold-free neocartilage tissues 

derived from adult cell sources needs to be evaluated in vivo to determine: [1] tissue 

phenotype following subcutaneous implantation of a xenograft, [2] tissue immunogenicity 

following in situ implantation of an allograft, and [3] functional performance and structural 

integration following in situ implantation of either an autograft or an allograft, dependent 

on results of immune characterization. Following experimental design of and prior to 
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starting animal experiments, we would seek approval from the Institutional Animal Care 

and Use Committee (IACUC) to conduct all animal studies. To investigate tissue 

phenotype in vivo, we could implant adult human-derived tissues subcutaneously onto the 

dorsal side of athymic nude mice for a minimum of 28 days according to methods outlines 

by Nemoto et al. (2015) (268). Following animal sacrifice, we would harvest tissues and 

perform standard assays described in Chapter 2 to assess tissue properties including 

measurement of cell viability, quantification of proteoglycan and collagen content, and 

further characterization of the extracellular matrix through histology and 

immunohistochemistry. Translation of potential cartilage therapies from animal models 

into clinical practice is primarily limited by the difficulty of finding an animal with 

comparable tissue thickness and joint morphology to humans. Yucatan miniature pigs, 

which have thick cartilage and large stifle joints, have recently been employed as a large 

animal model to investigate cartilage repair (269). In the next in vivo study, we could 

investigate structural and functional outcomes following transplantation of scaffold-free 

neocartilaginous allografts into full-thickness cartilage defects in comparison with 

untreated defects, microfracture-treated defects, and native tissue, all in the mini pig model. 

We would characterize the local immune environment for all conditions, with emphasis on 

determining the immunogenicity of allogeneic tissues. Should allogeneic tissues elicit 

acute rejection in the host animal, we would revise the study to generate autologous 

scaffold-free tissues through a two-stage procedure, similar to ACI, for implantation into a 

cartilage defect. These future studies represent the classic progression from the laboratory 

to clinical practice; however, a large number of in vitro studies to fully understand scaffold-

free tissue maturation must precede in vivo application.  
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6.3   STIMULATING FACTORS FOR TISSUE MATURATION 

After characterizing the cells and extracellular matrix in the novel scaffold-free 

tissue engineering system, we sought to establish the role of stimulating factors 

representative of those within the native joint environment, including physioxia and 

dynamic compression, in driving maturation of neocartilage in vitro. Physioxia promoted 

biochemical anabolism and biomechanical stiffening of AC-derived neocartilage in the 

scaffold-free system. ACPs of high chondrogenicity were less responsive than ACs to 

changes in oxygen level, but we anticipated this result based on the investigation of these 

cells in pellet culture. Ultimately, highly chondrogenic ACPs produced a tissue of superior 

biochemical content and biomechanical stiffness to ACs regardless of oxygen level; 

however, these tissues lacked lubricin expression: a result we intend to investigate in future 

experiments described earlier in this chapter. In addition to residing in a low oxygen 

environment, native articular cartilage develops, matures and functions in a dynamic 

biomechanical environment. We hypothesized that dynamic compressive stimulation 

would induce structural reorganization of scaffold-free neocartilage, specifically through 

endogenous FGF2 control of enzymes that remodel the native extracellular matrix. The 

loading regime was designed based on commonly used parameters for dynamic 

compression of tissue engineered neocartilage; however, this was the first study to employ 

the loading regime to scaffold-free tissues derived from human- and adult-derived cells. 

With our readouts, we did not see clear responses with loading nor with inhibition of FGF 

signaling; thus, we have designed future experiments to extend the loading duration and to 

develop and to employ novel microscopy techniques to investigate tissue maturation across 

various length scales.  
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6.3.1   MECHANICAL STIMULATION 

This was the first study to evaluate the response of adult human cell-derived 

scaffold-free neocartilage to dynamic loading, and our results indicated that time, not 

necessarily dynamic load nor inhibition of FGF2 signaling influenced tissue maturation. 

Maturation of native tissue is a time intensive process that occurs over months, if not years, 

in the post-natal period (23) and requires reorganization of relatively stable biomolecules 

of the extracellular matrix through catabolic and anabolic matrix remodeling. Our 

collaborators, and others, have found that chondrocytes cultured in various tissue 

engineering systems enhance biochemical and biomechanical measures in dynamic 

compression relative to free swelling controls, but the magnitude of response is 

significantly increased with increased duration of dynamic stimulation, with significance 

arising within a range of 21-39 days (244,245,270-272). Other tunable variables in a 

dynamic compression loading regime include percent strain (if the motor is displacement-

driven or load if the motor is load-driven), frequency, and intermittent loading duration. 

Alterations to peak-to-peak strain and frequency for a dynamic loading cycle are limited 

by the time needed for tissue rebound between loading cycles, and 10% strain and 1Hz 

frequency have been well defined as parameters to maintain tissue-platen contact 

throughout loading duration and elicit cellular responses (245,273). Since ours was among 

the first studies to investigate maturation of scaffold-free tissues in the mechanical 

environment, we designed our initial experiment to include a mid-range dynamic 

stimulation period from the literature (14 days) following a 28-day cell differentiation and 

tissue formation period, which was necessary for the neocartilage tissues to build a matrix 

that could bear load. Based on inconclusive results from this first experiment, we now 
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hypothesize that chondrocytes within the scaffold-free tissues are relatively stable, and 

biochemical and biomechanical measures will increase proportionally with long-term 

dynamic stimulation. We intend to employ the same experimental protocol as those defined 

in Chapter 5, but we will increase the total duration of loading to 20 and 30 days for 

comparison with free-swelling controls according to the experimental design in Table 6.1.  

 

 

 

6.3.2   ADVANCED MICROSCOPY  

Native articular cartilage is composed of a highly structured extracellular matrix 

that demonstrates both depth-dependent and cell-outward anisotropy. In the final aim of 

this research, we sought to drive structural maturation of scaffold-free neocartilage toward 

the organization of native tissue using dynamic mechanical stimulation. Based on the post-

natal maturation of native articular cartilage in the mechanical environment (23,43), we 

specifically hypothesized that the mechanical environment would induce development of 

the pericellular matrix and macromolecular reorganization of the collagen network. A 

secondary aim of this project was to develop advanced microscopy techniques with which 

to evaluate extracellular matrix reorganization including: [1] super-resolution microscopy 

(SRM) to measure the development of the pericellular matrix and [2] second harmonic 

generation (SHG) microscopy to quantify collagen fiber size, distribution, and alignment.  
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Our current understanding of the organization of the pericellular matrix stems from 

localization of proteins through immunohistochemistry with confocal imaging and 

identification of protein interactions through analytical biochemistry. To date, matrix 

biologists have generated vast libraries of reliable antibodies and immunohistochemical 

methods to identify antigens within the complex and organized extracellular matrix, yet the 

field has been limited by the relatively slow adoption of novel microscopy techniques with 

which to visualize and characterize spatial relationships of molecules, such as those of the 

PCM. Within the past decade, the advent of super-resolution microscopy techniques has 

enabled investigation of spatial relationships of intracellular molecules at the nanoscale 

(274,275), yet, to our knowledge, these techniques have only been applied to the 

extracellular matrix to evaluate the nanoscale organization of the glomerular basement 

membrane of the kidney (276) and, very recently, the molecular architecture of fibronectin 

fibril formation (277). To elucidate spatial relationships of molecules within the 

pericellular matrix of native human cartilage, we have been working in collaboration with 

Dr. Xiaolin Nan’s laboratory at OHSU to develop a workflow to apply stochastic optical 

reconstruction microscopy (STORM) to probe for molecules with antibodies that we have 

optimized for use on native human articular cartilage in the Johnstone Laboratory. STORM 

is a technique that enables single molecule localization by targeting a molecule of interest 

with an antibody-based photoswitchable fluorophore that can be detected in the activated 

state and temporospatially resolved from neighboring fluorophores (275).  Capture of 

individual fluorophores that are separated in time and space allows resolution of individual 

molecules that reside within the diffraction limit of light that limits resolution during 

traditional immunofluorescence imaging of cells and tissues (Figure 6.5). To achieve 
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characterization of native cartilage with STORM, we have optimized tissue processing and 

sectioning, antigen retrieval, antibody conditions, and imaging parameters to probe for a 

host of targets in the PCM, including type VI collagen, perlecan, fibronectin, laminin, and 

FGF2. We are now employing multi-stochastic STORM to image multiple targets 

simultaneously with photoswitchable fluorophores of differing excitation and emission 

wavelengths (Figure 6.6). We plan to build a map of the pericellular matrix in a 

combinatorial approach using dual-color STORM to infer relationships according to target 

pairs specified in Figure 6.7. Our eventual goal is to characterize the development of the 

PCM in scaffold-free neocartilage with reference to that of native tissue as a readout for in 

vitro maturation.  

 

 

FIGURE 6.5 – PRINCIPLES OF SUPER-RESOLUTION MICROSCOPY.  
The principle of stochastic optical reconstruction microscopy (STORM), photoactivated 
localization microscopy (PALM), and fluorescence photoactivation localization 
microscopy (FPALM). Different fluorescent probes marking the sample structure are 
activated at different time points, allowing subsets of fluorophores to be imaged without 
spatial overlap and to be localized to high precision. Iterating the activation and imaging 
process allows the position of many fluorescent probes to be determined and a super-
resolution image is then reconstructed from the positions of a large number of localized 
probe molecules. The lower left inset of the second panel shows an experimental image of 
a single fluorescent dye (blue) and the high-precision localization of the molecule (red 
cross). Reproduced with permission from Huang et al. © 2009, Annual Reviews (275).  
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FIGURE 6.6 – SUPER-RESOLUTION MICROSCOPY OF THE PERICELLULAR MATRIX.  
SRM allows for resolution of individual antigens, including type VI collagen and perlecan, 
which can be spatially resolved in the pericellular matrix of native articular cartilage. 
Images compliments of Jing Wang and Dr. Xiaolin Nan, OHSU. Scale = 5µm.  

 

 

FIGURE 6.7 – SUPER-RESOLUTION MICROSCOPY EXPERIMENTAL DESIGN.  
Using multi-spectral super-resolution microscopy to resolve multiple antigens 
simultaneously, we intend to build a map of the pericellular matrix based on a 
combinatorial approach with paired targets. Target pairs were identified in fluorescent 
microscopy based on lack of cross-reactivity between primary antibodies for targets in 
native articular cartilage. Diagram compliments of Constance Pritchard, OHSU. 
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Just as the PCM is established during post-natal tissue maturation, so too is the 

collagen network organized into distinct zonal regions in response to the biomechanical 

environment. We seek to characterize collagen maturation of scaffold-free neocartilage 

during in vitro dynamic mechanical stimulation. Specifically, we intend to apply second 

harmonic generation (SHG) microscopy to quantify changes in collagen size, orientation, 

and distribution following mechanical stimulation. SHG is a non-linear optical process that 

can resolve the second-order symmetry and polarization of collagen (278). The ordered 

structure of collagen generates an emission pattern composed of forward and backward 

scattering photons, and photon detection allows for quantitation of fiber size and 

orientation based on the ratio of directional scattering (279). Integration of a confocal 

reflectance microscope into an SHG system allows for simultaneous detection of cells by 

collecting light that is reflected from cells within the dense extracellular matrix (280). In 

collaboration with Dr. Steven Jacques’ laboratory at OHSU, we are developing methods to 

image both formalin-fixed paraffin-embedded (FFPE) sections and formalin-fixed whole 

tissue cross-sections of scaffold-free neocartilage for comparison with native cartilage. Our 

preliminary data suggest that the collagen matrix in native tissue may be too dense and 

mature to quantify collagen properties; however, we can resolve individual collagen fibers 

in scaffold-free neocartilage (Figure 6.8). Numerical methods for quantification of collagen 

properties are presently being developed by the Jacques Laboratory to afford a novel, yet 

important, metric to characterize maturation of scaffold-free neocartilage in vitro.  
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FIGURE 6.8 – SECOND HARMONIC GENERATION MICROSCOPY OF CARTILAGE.  
Resolution and quantification of individual collagen structures in native articular cartilage 
with SHG microscopy is limited based on the signal from the mature and dense collagen 
network. Quantification of properties of the collagen network in scaffold-free neocartilage 
may be possible based on preliminary images acquired with SHG microscopy. Images 
compliments of Drs. Ravi Samatham and Steven Jacques, OHSU. Scale = 10µm. 

 

6.4   FINAL REMARKS  

Articular cartilage has limited capacity for intrinsic repair, and focal damage to the 

tissue in injury causes significant disability and leads to osteoarthritis when left unrepaired. 

Failures of both current surgical methods and biomaterial-based tissue engineering systems 

to generate a tissue of the correct structure and function to restore articular cartilage 

demands novel techniques to develop cell-based therapeutics. Scaffold-free neocartilage 

tissues generated from a single chondroprogenitor cell show promising characteristics of 

the articular cartilage tissue phenotype, but we still have a large amount of in vitro and in 

vivo work to optimize the system and to characterize the tissues prior to potential 

translation to clinical therapy. I am hopeful that, within my career, we will successfully 

apply decades of tissue engineering research to build neocartilage tissues that exhibit 

structure and function comparable to native tissue in order to surgically restore focal 

defects and to treat a large population suffering from articular cartilage pathology.  
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APPENDIX A:  

ARTHROSCOPIC MECHANICAL CHONDROPLASTY  

OF THE KNEE IS BENEFICIAL FOR TREATMENT OF FOCAL CARTILAGE LESIONS  

IN THE ABSENCE OF CONCURRENT PATHOLOGY 

 

Devon E. Anderson1
, Michael Rose1, Aaron J. Wille1, Jack Wiedrick2, and Dennis C. 

Crawford1 

 

1Oregon Health & Science University, Department of Orthopaedics & Rehabilitation 

2Oregon Health & Science University, Biostatistics and Design Program  

 

 
 
 
The objective of this study was to define the clinical efficacy of arthroscopic mechanical 
chondroplasty, which is the most commonly performed surgery to repair focal cartilage 
defects. We specifically sought to characterize outcomes following this surgery performed 
on a general population and in isolation, as it has only been studied as a primary treatment 
for osteoarthritis or in subjects who underwent concurrent procedures at the time of 
chondroplasty. This study has been presented in the following venues: 
 

•   Anderson, DE, M Rose, AJ Wille, J Wiedrick, and DC Crawford. Arthroscopic 
Mechanical Chondroplasty of the Knee is Beneficial for Treatment of Focal 
Cartilage Lesions in the Absence of Concurrent Pathology. Manuscript submitted 
to Journal of Bone and Joint Surgery. June 2016.  

 
•   Anderson, DE, M Rose, AJ Wille, J Wiedrick, and DC Crawford. Mechanical 

Chondroplasty of the Knee is Beneficial for Treatment of Focal Cartilage Lesions 
in the Absence of Concurrent Pathology. Abstract presented at the International 
Cartilage Repair Society (ICRS) World Congress, Sorrento, Italy. September 2016. 
Poster Presentation. 

 
Devon executed all aspects of this project including study design, IRB approval, data 
collection, data analysis, and manuscript preparation.  
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Introduction: The high prevalence of focal articular cartilage lesions necessitates effective 

therapies to treat acute injuries before chronic degeneration. Arthroscopic mechanical 

debridement (chondroplasty) represents the majority of cartilage procedures; however, 

limited data exist regarding outcomes following chondroplasty performed in isolation of 

concurrent procedures or not as a primary treatment for osteoarthritis.  

 

Methods: Subjects who met inclusion criteria were identified by billing data over a 3-year 

period in a single surgeon practice. Osteoarthritis was quantified through Kellgren-

Lawrence (KL) scoring. Subjective patient reported outcomes (PROs), including IKDC, 

KOOS, WOMAC, Tegner, Lysholm, and VR-12, were collected pre-operatively and at 

follow-up intervals. International Cartilage Repair Society (ICRS) grade and lesion size 

were determined at arthroscopy. Linear regression was used to determine the effect of 

baseline score on final follow-up score. Correlated regression equations were used to assess 

the relationship of covariates and change in PRO scores. 

 

Results: Sixty-two percent of subjects completed post-operative questionnaires at an 

average of 31.5 months (range 11.5-57). Average age was 37.3 ± 9.7, average BMI was 

27.7 ± 5.6, and 62% were women. The average treated lesion size was 3.3 ± 1.9 cm2, 68% 

were ICRS grade 2 or 3, and 79% had a KL score of 0-2. On average, the cohort 

demonstrated significant improvement from baseline for almost all PRO scores. 

Regression analysis of change in score versus baseline indicated subjects with lower pre-

operative scores gained more benefit from chondroplasty. Correlated regression equations 

showed high KL score and male sex had the most consistent positive effect on change in 
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PRO scores, high ICRS grade had the most consistent negative effect, and lesion size, age, 

and obesity did not have an effect. Eight subjects (15%) required further surgical 

intervention within the follow-up period. 

 

Conclusions: The clinical efficacy of chondroplasty in isolation has not been studied. Our 

data show that on average, arthroscopic mechanical chondroplasty is beneficial to subjects. 

Additionally, response to surgical intervention is correlated to baseline PRO scores, sex, 

ICRS grade, and KL score.  

 

Study Design: Case series; level of evidence, 4.  
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APPENDIX B:  

NEOCART SURGICAL THERAPY AS A PRIMARY REPARATIVE 

 TREATMENT FOR KNEE CARTILAGE INJURY 

 

Devon E. Anderson1 Riley J. Williams III,2 Thomas M. DeBerardino,3 Dean C. Taylor,4 C. 

Benjamin Ma,5 Marie S. Kane,1 Dennis C. Crawford1 
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2Hospital for Special Surgery, Sports Medicine Service / Institute for Cartilage Repair 

3University of Connecticut, Department of Orthopaedic Surgery 

4Duke University, Department of Orthopaedic Surgery 

5University of California San Francisco, Department of Orthopaedic Surgery  

 

 
The objective of this study was to define the clinical efficacy of a novel next-generation 
matrix-associated chondrocyte implantation (MACI) therapeutic in Phase II FDA clinical 
trials through objective clinical, subjective patient-reported, and magnetic resonance 
imaging outcomes. This work has been presented in the following venues: 
 

•   Anderson, DE, RJ Williams III, TM DeBerardino, DC Taylor, CB Ma, MS Kane, 
and DC Crawford. Magnetic Resonance Imaging (MRI) Characterization and 
Clinical Outcomes following NeoCart Surgical Therapy as a Primary Reparative 
Treatment for Knee Cartilage Injury. Manuscript accepted to American Journal of 
Sports Medicine. August 2016.  
 

•   Kane, MS, RJ Williams III, TM DeBerardino, DC Taylor, CB Ma, DE Anderson, 
and DC Crawford. NeoCart in Comparison to Microfracture after Five Years: A 
Report of Primary Outcome Measures at Study Conclusion from the “Exploratory” 
Phase II FDA Regulated Randomized Clinical Trial. Manuscript submitted to 
Journal of Bone and Joint Surgery. July 2016.  

 
Devon executed data analysis, data interpretation, and manuscript preparation for these 
projects. 
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Study 1: Magnetic Resonance Imaging (MRI) Characterization and Clinical 

Outcomes following NeoCart Surgical Therapy as a Primary Reparative Treatment 

for Knee Cartilage Injury. 

 

Introduction: Autologous cartilage tissue implants (ACTI), including the NeoCart 

implant, are intended to repair focal articular cartilage lesions. We report five-year follow-

up clinical and MRI data for patients treated with NeoCart and identify the implant as an 

efficacious primary treatment for cartilage injury and a safe surgically applied cell-based 

therapeutic. We hypothesized that quantitative magnetic resonance imaging (MRI) analysis 

would reveal NeoCart tissue maturation through 5-year follow-up.  

 

Methods: Patients with symptomatic full thickness cartilage lesions of the distal femoral 

condyle were treated with NeoCart in FDA clinical trials. Safety and efficacy were 

evaluated prospectively by MRI and clinical patient reported outcomes (PROs) through 

60-month follow-up. Qualitative MRI metrics were quantified according to modified 

MOCART (magnetic resonance observation of cartilage repair tissue) criteria, with 

independent evaluation of repair tissue signal intensity. Subjective PROs and objective 

range of motion (ROM) were obtained at baseline and through 60 months. 

 

Results: Twenty-nine patients treated with NeoCart were followed over 52 ± 15.5 

(median=60) months. MOCART analyses indicated significant improvement (p<0.001) in 

the cartilage quality from 3 to 24 months, with stabilization from 24 to 60 months. Signal 

intensity of the repair tissue evolved from hyperintense at early follow-up to isointense 
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after 6 months and to hypointense after 24 months. All PROs, including International Knee 

Documentation Committee (IKDC), Short Form (SF-36) Health Survey, and all 5 domains 

of the Knee Injury and Osteoarthritis Outcome Score (KOOS) significantly improved 

(p<0.001) at all time points from 24 to 60 months and at final follow-up, when compared 

with baseline values. Significant decreases from baseline in VAS pain scores by 6 months 

were sustained through 5 years (p < 0.0001). ROM improved by 9 ± 10 degrees at final 

follow-up (p < 0.0001).  

 

Conclusion:  Longitudinal MRI analysis demonstrated NeoCart based repair tissue is 

durable and evolves over time, with corresponding improvement in clinical measures. 

Results from safety and exploratory clinical trials indicate that NeoCart is a safe and 

effective treatment for articular cartilage lesions through 5-year follow-up. 

 

Study Design: Case series; level of evidence, 4.  
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Study 2: NeoCart in Comparison to Microfracture after Five Years: A Report of 

Primary Outcome Measures at Study Conclusion from the “Exploratory” Phase II 

FDA Regulated Randomized Clinical Trial. 

 

Introduction: NeoCart, an autologous cartilage tissue-engineered implant, reduced pain 

and increased function compared with microfracture at 3-24 months following primary 

treatment of grade III ICRS cartilaginous knee lesions. We report the continued evaluation 

of the safety and efficacy of NeoCart in comparison to Microfracture through 5 years.  

 

Methods: Patients with full thickness cartilage injury were randomized to NeoCart (n=21) 

or microfracture (n=9) treatment. Patient outcome surveys were assessed annually 

throughout the 5-year study. 

 

Results: Average follow-up time was 51 ± 14 months. Adverse event rates did not differ 

between treatment arms. Mean age, injury acuity and lesion size were similar at baseline, 

although BMI and VAS pain scores were higher in the NeoCart cohort, and KOOS Sports 

& Recreation was higher in the microfracture cohort (p<0.05). Outcome score change from 

baseline for the NeoCart cohort was greater than microfracture for the two study primary 

end points; IKDC at 1 and 2 years and KOOS Pain at 1, 3 and 4 years, as well as QOL, 

Symptoms, and Sports & Recreation until 2-4 years. At 5 years, IKDC score, KOOS Pain, 

ADL, and QOL, and SF-36 Physical scores for both treatment arms had improved 

significantly (p<0.05) from baseline. These improvements for NeoCart were significant 

throughout the study period, while improvements for microfracture began later. The 
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NeoCart but not microfracture group also improved significantly in KOOS Symptoms, 

Sports & Recreation, and VAS scores. At final follow-up, the difference in change from 

baseline scores between the NeoCart and microfracture groups was only significant for 

VAS Average scores. Responder analysis identified significantly more NeoCart patients 

with clinical improvement at 1 year (p=0.046). All non-responders in the microfracture 

group dropped out prior to 5 years. 

 

Conclusion: NeoCart implantation has a safety and efficacy profile over 5 years supporting 

further consideration of this therapy as a primary cartilage treatment.  

 

Study Design: Randomized clinical trial; level of evidence, level 1.  
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APPENDIX C:  

EFFECTS OF CELL DENSITY AND MEDIA VOLUME ON  

CHONDROGENIC DIFFERENTIATION IN PHYSIOXIA 

 

Introduction: Our laboratory has previously shown that chondrogenic differentiation of 

adult human-derived cells in a three-dimensional pellet culture largely depends on the 

oxygen tension within the in vitro culture system (178), likely because articular cartilage 

resides in a physiologically low oxygen environment (physioxia). The results in the 

literature, however, vary substantially with respect to the effect of lowered oxygen on 

chondrogenesis, and the variability becomes increasingly large when culture systems are 

scaled up (reviewed in chapters 3 & 4). Along with variability in results, we have identified 

that studies to evaluate pellet chondrogenesis in low oxygen also substantially vary in both 

cell seeding density and volume of chondrogenic medium, which provides nutrients for a 

chondrogenic fate. Thus, we hypothesized that variations in the ratio of cell density to 

media volume leads to significantly different anabolic capacity of cells during 

chondrogenic differentiation in pellet culture.  

 

Methods: Human articular chondrocytes (n=4) were isolated from adult human donors and 

redifferentiated in pellet culture according to methods in Chapter 2. Cells were seeded at a 

density of 100K cells per pellet and maintained in increasing amounts of defined 

chondrogenic induction medium (60, 120, and 240 µl) at either 20% (hyperoxic) or 2% 

(physioxic) oxygen over a 14-day differentiation period prior to harvest for biochemical 

analyses detailed in Chapter 2. Statistical analyses were performed with a one-way 
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ANOVA using Tukey’s post-hoc analysis for multiple comparisons between different 

media volumes at a given oxygen level and with an unpaired t-test for comparison between 

oxygen levels at a given media volume.   

  

Results: Relative to culture in hyperoxia for all media volumes, culture in physioxia 

significantly increased the total amount of glycosaminoglycans (GAG) produced by each 

pellet, an increase that was retained when normalized to DNA content (Figure C.1A, B) 

Lowering oxygen did not change total collagen content, measured by hydroxyproline 

residues per pellet, or DNA content (Figure C.1C, D, E). Only in physioxia, increasing the 

media volume significantly increased both the total GAG content and the total collagen 

content (Figure C.1A, C), but significance was not retained when these measures were 

normalized to DNA content (Figure C.1B, D). 

 

Discussion: Consistent with our laboratory’s previous study (178), we found that relative 

to culture in hyperoxia, culture in physioxia significantly enhanced the biochemical 

anabolism of GAGs, thus proteoglycans, but had no effect on collagen content. Adding to 

this previous finding, we found that increasing the media volume caused a significant 

increase in both GAGs and hydroxyproline. Taken together, we now know that the 

biochemical anabolism of chondrocytes during chondrogenic redifferentiation in 3D pellet 

culture is influenced not only by oxygen tension but also by overall nutrient availability. 

These findings indicate that cell seeding density and media volume are not trivial variables, 

and they may influence cellular response to other experimental variables, such as oxygen 

level. Consequently, I used this knowledge to employ the maximum possible media volume 
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(240µl) for all pellet culture studies (Chapter 3) and scaled the cell density to media volume 

ratio in development of the disc culture system (Chapter 4 & 5) used throughout this 

dissertation.  

 

 

FIGURE C.1 – EFFECT OF CELL NUMBER PER MEDIA VOLUME ON CHONDROGENESIS. 
Quantitative measures of (A) total glycosaminoglycan (GAG) content, (B) GAG/DNA, (C) 
total hydroxyproline content per pellet as a readout for total collagen content, (D) 
hydroxyproline/DNA, and (E) DNA content of neocartilage pellets derived from healthy 
human articular chondrocytes demonstrate that both oxygen level and media volume 
influence extracellular matrix anabolism during chondrogenesis. Statistical significance 
was defined as *p<0.05, **p<0.01, ***p<0.001, and bars with matching letters (A, B, C) 
are significantly different from one another with p<0.05.  
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APPENDIX D:  

MESENCHYMAL STEM CELL-BASED SCAFFOLD-FREE NEOCARTILAGE 

 

Introduction: Mesenchymal stem cells (MSCs) represent a widely available and easily 

harvested adult human cell source with which to potentially generate autologous tissues for 

connective tissue therapies. Since our laboratory first identified the conditions that drive 

MSCs chondrogenic differentiation in vitro (129,130), we have consistently seen that 

MSCs continue differentiation toward a hypertrophic chondrocyte lineage, marked by the 

production of type X collagen and matrix metalloproteinase 13 (MMP13). In contrast to 

these results, the original work to culture large-scale scaffold-free neocartilage tissues 

derived from MSCs in a Transwell-based system reported that the resultant tissue 

expressed minimal type X collagen (157). We sought to reproduce these methods in our 

scaffold-free system, with the primary aim to investigate the hypertrophic phenotype of 

adult human MSC-derived tissues following 28 days of scaffold-free tissue culture.  

 

Methods: Bone marrow-derived MSCs were isolated from adult human donors, 

differentiated in scaffold-free disc culture, and assessed by qualitative histology and 

immunohistochemistry according to methods in Chapter 2.  

 

Results: When cultured on a fibronectin-coated Transwell membrane, MSCs produced a 

thick discoid tissue that had proteoglycans distributed throughout the depth (Figure D.1). 

When probed for collagens by immunohistochemistry, MSC neocartilage exhibited even 

distribution of both type II and type X collagen throughout the depth. An acellular layer of 
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extracellular matrix at the basal surface of the tissues contained abundant fibronectin that 

the cells produced in response to extended culture on a fibronectin-coated membrane.  

 

Discussion: When cultured in the scaffold-free system developed and utilized throughout 

this dissertation research, adult human bone marrow-derived MSCs formed a robust 

extracellular matrix with abundant proteoglycans and type II collagen; however, in contrast 

to prior studies that seeded human MSCs into scaffold-free tissue culture (156,157,162), 

we found that MSCs produce substantial type X collagen representative of the hypertrophic 

cartilage tissue phenotype. In the interest of producing a tissue representative of the 

articular cartilage tissue phenotype, we focused our subsequent studies on articular 

chondrocytes and tissue-derived chondroprogenitors that produce minimal, if any, type X 

collagen. Employing MSCs in the scaffold-free system, however, helped us to identify that 

the acellular matrix produced by all three cell types, when cultured for a 28 days in the 

Transwell insert, was composed of fibronectin. Based on this finding, we modified our 

methods to release the discs at day 10 of culture, prior to the secretion of a fibronectin-rich 

matrix between the tissues and the fibronectin-coated membrane; this change resulted in 

tissues that lacked the acellular layer upon harvest at 28 days. Ultimately, while MSCs may 

represent a cell source for tissue engineering human articular cartilage, our inability to 

control their progression toward hypertrophy limits the current utility of the cells for 

regeneration of stable articular cartilage. 
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FIGURE D.1 – MESENCHYMAL STEM CELL-BASED SCAFFOLD-FREE NEOCARTILAGE.  
Representative histology and DAB immunohistochemistry to demonstrate the distribution 
of extracellular matrix molecules in scaffold-free neocartilage derived from adult human 
bone marrow-derived MSCs. Proteoglycans represented by toluidine blue staining of 
glycosaminoglycan side chains. Scale = 100µm.  
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