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Chapter I. Introduction

A defining characteristics of biological signaling is that it is both robust and versatile:
the system can respond to a wide variety of inputs and consistently generate outputs
specific to each input. This gives the ability for biological systems to adapt to complex
environments for optimal fitness. How such robustness and versatility are achieved at once,
however, has not been well understood. One effective strategy would be to spatially contain
specific signaling modules in specific structures. As such, signaling specificity is ensured
by putting specific upstream and downstream components in the same space, and versatility

is achieved with the large number of component and structure combinations.

The cell isrich in structures that vary in spatial and time scales, shape and composition,
and chemical and physical properties, giving rise to limitless scenarios where spatial
regulation of signaling or other processes could be implemented. It has long been
appreciated that most processes take place at distinct subcellular compartments such as the
membrane, cytoplasm, nucleus, or other specialized organelles. With ever more common
use of high resolution imaging approaches, it has also become clear that spatial regulation
can take place at the nanometer or molecular scales. The plasma membrane, for example,
has been increasingly recognized as a heterogeneous system comprising of nano to
microscale domains, each of which comprising distinct subsets of lipids and proteins

participating in different biological processes.

Among the numerous molecules that function at the cell membrane, the Ras small
GTPases are prototypical examples of spatial regulation. The Ras family of GTPases is of

central importance for their roles in human health and disease. As will be discussed in



detail in this chapter, formation of nanoscale domains comprising of specific Ras isoforms,
lipids, cytoskeletal and other protein components is both a requirement and a primary
means to organize and coordinate signaling of the tens of Ras isoforms. In this chapter, we
begin with the basic biology of Ras and its best characterized effector, Raf, followed by
discussions on current knowledge on the spatial mechanisms that regulate Ras signaling in

cells, and will close the chapter with an outline of the thesis.

1.1. Fundamentals of Ras biology

1.1.1. Ras family of GTPase

The Ras (Rat sarcoma) proteins are small GTPase involved in cellular signal
transduction. The Ras family is one of the five major families of GTPases in a larger Ras
superfamily, with each family distinguished by their protein structure, sequence and
function. The five main families are Ras, Rho, Arf, Ran and Rab. Physiological and
pathological processes controlled by Ras superfamily proteins range from cell growth,

proliferation and transformation to transport, cell motility, and adhesion [1].

The Ras family of proteins can be further classified into 7 subgroups, Ras, Rap, Ral,
R-Ras, Rit/Rin, Rheb, and ARRHI/Di-Ras, according to sequence homology and protein
function [2]. Discovery of the RAS genes dates back to the 1960s when cancer research
focused on tumorigenic viruses, then thought to be the main cause of cancer. The RAS
genes were initially identified as retroviral oncogenes from the genome of Harvey and
Kirsten rat sarcoma viruses [3,4], which were later recognized as parts of the human HRAS

and KRAS2 oncogenes, respectively, by Scolnick and colleagues in the late 1970s to early



1980s [5,6]. Thereafter, these genes were found to encode 21kDa membrane-associated
proteins [7] that bind GDP and GTP [8], establishing Ras as a family of membrane

associated GTP-binding proteins.

As GTPases, Ras can switch between an active GTP-bound state and an inactive
GDP-bound state (Fig 1.1). GDP-bound Ras interacts with guanine exchange factors
(GEFs), which induce the release of GDP to facilitate GTP binding. Binding of GTP leads
to conformational changes in Ras, priming the protein for effectors to bind [9]. In normal
and resting cells, Ras-GTP is quickly deactivated by GTPase-activating proteins (GAPS),
which accelerate the slow intrinsic GTP hydrolysis by several orders of magnitude. This
allows Ras to act as a molecular switch that responds to extracellular stimuli. For example,
Ras proteins can become GTP-loaded in response to growth factor stimulation and
subsequently recruit its downstream effectors, leading to the activation of signaling

cascades involved in diverse cellular processes.

In mammalian cells, three RAS genes — HRAS, NRAS, and KRAS2 — are ubiquitously
expressed to give rise to four Ras protein isoforms, H-Ras, N-Ras, K-Ras 4A and K-Ras
4B, with the latter two resulting from alternative splicing of exon 4 in KRAS2 RNA [10].
Conventionally, the K-Ras 4B isoform is simply referred to as K-Ras. The RAS genes are
highly conserved across different species, with common functional roles in important
signaling pathways that regulate cell growth, proliferation, differentiation and survival,
among others [11]. In the animal kingdom, while the different Ras isoforms (such as H-
Ras, N-Ras, and K-Ras) are highly homologous in sequence and structure, they are each
expressed at varying levels in a tissue-dependent manner, perform overlapping but

nonredundant biological functions, and exhibit drastically different mutation frequencies



in human cancers [12]. In pursuit of attacking the activated mutants of the different Ras
isoforms for cancer therapy, much insight has been obtained through the search for

molecular mechanisms that cause the isoform-specific Ras biology, which will be touched

upon in the next few sections.

Ras-GDP
Pi Inactive
GTP

Y

Downstream signaling

Figure 1.1 Activation cycle of Ras GTPases

1.1.2. Ras protein structure

Ras is approximately 21 kDa in size with 189 (H-Ras, N-Ras and K-Ras 4A) or 188
(K-Ras 4B) amino acids. Ras proteins consist of two domains, a globular (G-) domain of
165/166 amino acids and a C-terminal membrane targeting domain of ~20 amino acids.
The G-domain is where nucleotides and effectors bind, which is nearly identical among the
Ras isoforms. The C-terminal domain, including the last four residues (CAAX-COOH,
where C=Cys, A=aliphatic, and X=any; also known as the CAAX motif), is distinct for

each Ras isoform and hence named the hypervariable region (HVR) [13].

Due to the small size of the molecule, structural analysis of Ras has been
challenging; it has been particularly difficult to express and crystalize full length Ras.
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Therefore, the vast majority of structural studies on Ras were done using only the G-

domain.

G-domain

The Ras G-domain is responsible for guanine nucleotide binding and hydrolysis. The
domain consists of 6 a-helices and 5 B-sheets interconnected with loops (Fig 1.2A),
including a phosphate binding loop (p-loop) and regions for effector interactions known as
switch I, I, and 111 [14]. The phosphate binding loop is the pocket where the nucleotides
bind to Ras and is comprised of conserved amino acid residues among the members of the
Ras superfamily. This rigid region is important for nucleotide binding and GTP hydrolysis
[14]. Nucleotide binding is made by the interaction of the nucleotide base with the
N/TKXD motif [where X is any amino acid] and of the B, y-phosphates with the conserved
P loop, the GXXXXGKS/T motif [15]. The residue T35 (G2 box) and the DXXGQ/H/T
motif (G3 box) make contacts with the phosphates and Mg?*, which is required for
nucleotide binding and GTP hydrolysis. The motifs N/TKXD (G4 box) and SAK (G5 box)

contribute as contacts with nucleotide base [15,16].

Major conformational rearrangement of the G-domain occurs at Switch | (residues
32-38) and Switch Il (residues 59-67) during the recycling of Ras between active (loaded)
and inactive (resting) states [17,18]. The mechanism of this conformational change is
described as the loaded-spring model (Fig 1.2B). In the GTP-bound state, Switch I and 11
are bound to the y-phosphate via residues Thr35 and Gly60. This keeps the conformation
as a ‘loaded spring’. GTP hydrolysis leads to the release of the y-phosphate, and this loss

of mass causes the relaxation of switch motifs into a GDP-bound conformation [15].

Hypervariable Region of Ras



The C-terminal HVR of Ras encodes signals required for Ras targeting to the
membrane. The HVRs of all Ras isoforms undergo post-translational lipid modifications
[19], with the CAAX motif at the C-terminus considered the ‘first signal’ and residues
upstream of the CAAX motif the ‘second signal’ for plasma membrane targeting (Fig 1.2C)

[20,21].

(Switch I1)

G2
(Switch )

C G-domain C-terminal

Switch 1 Switch 2
Gl G2 G3 G4 G5 HVR

N-Ras YRMKKLNSSDDGTQ
H-Ras HKLRKLNPPDESGP C
K-Ras4A YRLKKISKEEKTPGCV 1 (C
K-Ras4aB HKEK-MSKDG SKTKC

'Second signal' ’l:“irst sigmlll'

C Palmitoylated Cysteine
C Farnesylated Cysteine

Figure 1.2 Structure of Ras protein. (a) Ras protein structure illustrated by the structure
of H-Ras in complex with GTP [22]. (b) Schematic diagram of the universal switch
mechanism called a loaded spring mechanism [15]. (c) C-terminal membrane targeting
domains of Ras isoforms [23].

After synthesis in the cytoplasm, Ras is first modified at the CAAX motif by three
enzymes that work sequentially: farnesyltransferase (FTase), Ras-converting enzyme 1
(RCEL1) and isoprenylcysteine carboxylmethyltransferase (ICMT). First, a farnesyl moiety

is attached to the cysteine by a thioether bond catalyzed by the FTase. Then the AAX piece
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is cleaved by RCEL1 at the endoplasmic reticulum (ER). This renders the farnesylcysteine
the new carboxyl terminus, which is then further methylated (-OMe) by ICMT. Through
these modifications, the C-terminus of Ras proteins are converted from a hydrophilic
domain to a lipidated hydrophobic domain in which the charge of the C-terminal

carboxylate is negated by methylation [20].

The ‘second signal’ for membrane targeting of Ras, which is immediately upstream
of the CAAX motif, contains different membrane targeting information for each Ras
isoform. H-Ras is dual-palmitoylated on residues Cys181 and Cys184. N-Ras and K-Ras
4A are mono-palmitoylated on residue Cys181 and Cys180, respectively. K-Ras 4B,
however, is not palmitoylated at all. The secondary signal is provided through a hexalysine
polybasic region which interacts with negatively charged head groups of membrane

phospholipids to yield a tight binding between K-Ras and the membrane [20].

1.1.3. Ras signaling pathways

The Ras signaling pathways are typically downstream of membrane receptors,
including the canonical receptor tyrosine kinases (RTKSs) that respond to growth factors
(Fig 1.3). Phosphorylation and activation of RTKSs lead to formation of receptor complexes
that comprise adaptor proteins such as SH2-containing protein (SHC), growth factor
receptor-bound protein 2 (GRB2) and GRB2-associated binding proteins (Gab). These
proteins recruit SHP2 and son of sevenless homolog 1 (SOSL1); the latter catalyzes
nucleotide exchange of Ras to yield elevated levels of Ras-GTP [20,24]. Activated Ras
initiates downstream signaling cascades via binding to its effectors, usually mediated
through the Ras binding domain (RBD). There are at least 10 distinct Ras-regulated

signaling pathways involved in various cellular processes.
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One of the best characterized Ras effector pathways is the Ras-Raf-extracellular
signal-regulated kinases (ERK), also known as the mitogen-activated protein kinases
(MAPK) pathway [25]. Active Ras-GTP recruits Raf kinases (A-RAF, B-RAF and C-RAF)
to the cell membrane and releases them from sequestration by 14-3-3 proteins and from
autoinhibition. Raf is then activated through homo- and heterodimer formation [26], which
ultimately leads to ERK activation via another kinase, MEK. Activated ERK then enters
the cell nucleus and activates many transcription factors to induce gene transcription
programs that promote cell survival, division and motility [27]. This signaling cascade is
terminated by GAPs, which promote hydrolysis of GTP to GDP at the Ras G-domain.
Deregulated Ras-MAPK signaling is frequently implicated in cancer as, for example, a
result of abnormal activation of RTKSs or activating mutations in the RAS or RAF genes.

These targets are therefore highly pursued for cancer treatment [26].

Another major Ras effector pathway is PI3K-Akt-mTOR, which is also typically
initiated by activated RTKs. Class 1a PI3K is a subgroup of the PI3K family. The regulatory
subunit of 1, p85, attaches to phosphotyrosine residues or other adaptors found on the
RTKs. 1a will then convert phosphatidylinositol 4,5-bisphosphate (PIP2) to
phosphatidylinositol 3,4,5-trisphosphate (PIP3). Once PIP3 is formed, it recruits PDK1 and
Akt kinases and brings them in close proximity. PDK1 phosphorylates Akt and
consequently, Akt is activated and regulates many cellular processes, including cell

survival, proliferation, and growth [28-30].
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Figure 1.3 Ras signaling cascades

Ras can also activate RALGDS, a GEF for the Ral GTPase [31]. Ral GEFs including
RALGDS, RALGDS-like gene (RGL) and RGL2 are able to activate Ral, which in turn
stimulates phospholipase D (PLD). The Ral GEFs have been documented in the late 1990s
as the third class of Ras-GTPase effectors, which were later established as key components

in Ras-dependent tumorigenesis in vivo [32].

Other Ras activated signaling molecules include the tumor invasion and metastasis

inducing protein 1 (TIAM1), Rac, phospholipase Ce and protein kinase C. Rac is important



for actin reorganization [33]. Phospholipase Ce directly binds to Ras—GTP to become
activated, and its activation leads to hydrolysis of PIP3 to diacylglycerol and inositol-1,4,5-
triphosphate, where both products serve as second messengers to cause intracellular release

of calcium and activation of protein kinase C, respectively [34].

1.1.4. Raf kinases

Ras signaling requires binding to effectors, which are defined as proteins with strong
affinity to Ras-GTP. Effectors of Ras have been studied extensively, in part through the
searches for strategies to interfere with aberrant Ras signaling in human cancers. To date,
more than 10 Ras effectors have been identified; these include RalGDS, PI3K, p120GAP,
Raf and TIAM [35], some of which were discussed earlier. Below we discuss in detail a

major class of Ras effectors, the Raf kinases.

The Raf (Rapidly Accelerated Fibrosarcoma) kinases were first identified in the early
1980s, also as retroviral oncogenes. Three Raf isoforms, namely A-, B- and C-Raf were
subsequently discovered as Ras effectors and upstream activators of the MAPK kinases
[36]. Raf proteins are 55-57 kDa in size and all Raf isoforms have three conserved regions
(CR1, 2 and 3). CR1 contains a Ras binding domain (RBD) and a cysteine-rich domain
(CRD), which are essential for binding to Ras-GTP and additional membrane interactions,
respectively. CR2 contains inhibitory phosphorylation sites required for negative
regulation of Ras binding and Raf activation [37]. CR3 contains the activation segment and
the kinase domain [38]. Functionally, Raf proteins can be divided into the N-terminal
regulatory domain and the C-terminal kinase domain. Under resting conditions, Raf resides

in the cytoplasm with the regulatory domain restraining its kinase activity. This auto-
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inhibitory state is stabilized by binding of 14-3-3 dimers to phosphorylated S259 and S621

located in the regulatory and C-terminal domains [37].

Activation of Raf begins with recruitment to the plasma membrane by Ras-GTP. Raf
RBD and CRD are essential for this step. The RBD of Raf interacts with effector loops of
Ras-GTP, while CRD contacts the C-terminal farnesyl moiety of Ras and the membrane.
For the importance of the RBD to Ras-MAPK signal transmission, mutation in a single
amino acid (Arg89) disrupts binding of C-Raf to Ras and abolishes membrane recruitment
and activation of Raf [39]. CRD interacts with membrane phospholipids including
phosphatidylserine (PS), which seems to be also required for Raf membrane recruitment
[40]. Binding of Raf to Ras promotes dephosphorylation of S259, which leads to the release
of 14-3-3 from the N-terminus to promote membrane anchoring of Raf. Thus, both RBD

and CRD interacts with Ras and are essential for Raf membrane recruitment [37].

Recently it has been realized that Raf also needs to be dimerized for MAPK activation
in multiple cellular contexts [41,42]. Raf isoforms form homo- or heterodimers with
different potencies in promoting MAPK signaling, among which the C-Raf/B-Raf
heterodimer is the strongest MAPK activator [42]. Among the three isoforms, B-Raf is the
most frequently mutated, and mutations in A- or C-Raf are rare. More than 30 different
mutations of the BRAF gene were identified in human cancers, the majority of which are
located within the kinase domain. B-Raf mutants promote MAPK signaling by activating
endogenous C-Raf via an allosteric or transphosphorylation mechanism [43]. Inhibitors
targeting B-Raf, such as vemurafenib, have been developed. A subset of B-Raf inhibitors
work by competing for the ATP binding pocket, thereby inhibiting its kinase activity;

others work through allosteric mechanisms. Intriguingly, while many Raf kinase inhibitors
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potently inhibit growth of tumors bearing activating BRAF mutations (e.g. B-Raf V600E,
which accounts for >1/2 of melanoma tumors), they paradoxically stimulate growth of cells
and tumors with wild type BRAF [44]. This was found to be mediated by inhibitor induced
Raf dimerization, in the form of either B-/C-Raf heterodimers or C-/C-Raf homodimers.
Importantly, kinase inhibitor induced paradoxical activation of Raf is dependent on Ras-
GTP. This is either because Ras binding causes exposure of 14-3-3 binding sites in the
COOH-terminus of C-Raf [45] or because Ras itself forms dimers [46] or multimers [47],

which facilitates Raf dimer formation at the cell membrane.

1.1.5. Ras in cancer

Ras mutations in human cancer

Tumorigenesis is a long process during which somatic mutations in DNA lead to
unbalanced proliferation and cell death by disrupting the program regulating the processes.
Ras is an essential molecular switch in this program, of which mutations are prevalent in
human cancers. Mutations in the Ras family of proto-oncogenes were found in 20% to 30%
of all human tumors. Although the three Ras isoforms share almost identical G-domains,
incidence rates of activating mutations vary considerably among the isoforms and with
tumor type (Table 1.1). Out of all detected Ras mutations, K-Ras is the predominantly
mutated isoform (85%), followed by N-Ras (11%) and H-Ras (4%). Data available at the
cBioPortal database showed that mutated K-Ras has been found with high occurrence in
pancreatic, colon, lung and endometrial carcinoma. N-Ras mutations have been reported
in colon cancer, melanoma, bone marrow and thyroid carcinoma. Finally, H-Ras is
primarily mutated in melanoma, bladder cancer, thyroid cancer, and adrenal gland

carcinoma (Table 1.1).
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More than 99% of Ras mutations are substitutions at residues G12, G13 and Q61.
Quantitative analysis revealed distinctive codon mutation signature of each isoform. 80%
of K-Ras mutations occur at codon 12, with very few mutations observed at codon 61. For
N-Ras, 61% of tumors mutated at codon 61, and 35% at codon 12. In the case of H-Ras, it
has about equal mutations at codon 12 (50%) and codon 61 (40%) [12]. As discussed
previously, Ras activation is regulated by GEFs and GAPs. GEFs promotes Ras binding to
GTP for activation, while GAPs inactivate Ras by accelerating GTP hydrolysis. Structural
analysis revealed that mutations of G12 or G13 present a steric block that prevents the
arginine finger of GAPs from entering the GTP site. Q61 is also part of the GTP hydrolysis
mechanism and similarly affected. Therefore, mutations at residues G12, G13 and Q61
make Ras-GTP insensitive to GAP-mediated GTP hydrolysis, such that the cell is no longer

able to switch off the transmitted signal [48].
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Tissue KRAS (%) |NRAS (%) |HRAS (%)
Pancreas 91 0 <1
Colon 42 9 0
Lung 33 <1 <1
Skin (melanoma) 2 27 1
Endometrium 21 E) =]
Testicular germ cell |13 5 <]
Bone marrow 4 8 0
Thyroid 1 8 3
Thymus =] 2 5
Stomach 9 | <]
Adrenal glands 0 0 10
Bladder 0 1 5
Brain 1 l 0
Cervix f <1 <1
Bile duct il 0 0

Table 1.1 Frequency of Ras mutations in human cancers. Data were compiled from the
TCGA datasets present in the cBioPortal database for cancer genomics [49].

Cancer therapies targeting Ras

With some of the mechanisms that regulate Ras activity revealed, extensive efforts
were made to develop anti-cancer therapies targeting mutant Ras with both direct and
indirect strategies. These strategies include i) disrupting Ras association with the
membrane, i) inhibiting binding of Ras to GTP or effectors and iii) blocking Ras

downstream signaling pathways.
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Association with the membrane and trafficking to specific cellular locations is
essential for the oncogenic activities of Ras, which makes this association a logical target
for anti-Ras cancer therapeutics. Phosphodiesterase 6-subunit (PDEJ) is a small molecule
that binds to K-Ras and facilitates its trafficking to the plasma membrane. Recently,
Zimmermann et al. developed a small molecule inhibitor that selectively binds to the
prenyl-binding pocket of PDES [49] where farnesylated K-Ras interacts, thereby disrupting
K-Ras trafficking to the membrane. Disruption of K-Ras and PDES$ interaction reduced K-
Ras signaling in cells, but this approach has not been proven effective in vivo. In the early
1990s, farnesyltransferase (FTase), an enzyme responsible for prenylation of the Ras
CAAX motif, was targeted as an anti-Ras strategy. Several FTase inhibitors including
lonafarnib and tipifarnib exhibited highly specific inhibition of FTase in cells and
proceeded to clinical trials. The outcome, however, was disappointing, which was a major
setback for targeted cancer therapy. It turns out that Ras proteins are still able to associate
with the plasma membrane through alternative post-translational modification mechanisms

such as geranylgeranylation [23].

A more direct strategy is to inhibit GTP binding of Ras or to prevent it from
interacting with its effectors. Ostrem et al. reported an inhibitor targeting Ras mutant G12C
which is present in a substantial proportion of lung tumors. This inhibitor containing a thiol
(SH) group will bind to the side chain of cysteine residues by forming a disulphide (S-S)
bond [50]. Structural analysis indicated that K-Ras G12C binding to the inhibitor increases
the relative affinity of K-Ras G12C for GDP over GTP, leading to trapping of inactive K-
Ras. However, this compound targets only K-Ras G12C. It did not affect cells expressing

other, more common K-Ras mutations such as G12V or G12D [50]. Other small molecule
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inhibitors blocking Ras interaction with SOS1 [51] or Ras effectors [52] were also
identified, but it is still unclear whether further optimization will improve the affinity

enough to develop compounds that are clinically effective.

An alternative approach to inhibit Ras is to block its downstream signaling pathways.
MAPK and PI3K are the most prominent pathways of Ras that are often deregulated in
cancer. Inhibitors targeting either pathway alone, however, has only been effective in the
short term against Ras-driven cell lines. Negative feedback and reflexive activation of other
Ras or RTK pathways were commonly observed, and tumor cells eventually gained
resistance [53]. In the case of blocking the MAPK pathway, approaches have been focused
on developing Raf or MEK inhibitors. Sorafenib is the first Raf inhibitor tested in clinical
trials and was approved by the U.S. Food and Drug Administration (FDA) in December
2005 for the treatment of advanced renal cancer. It showed inhibiting capacity not only
against Raf but also against several other receptor tyrosine kinases such as VEGFR,
PDGFR and FGFR-1. Sorafenib disables the B-Raf kinase domain by trapping the enzyme
in its inactive form and blocks the ATP binding pocket via high-affinity binding [43].
However, sorafenib is much lesss effective for V600E mutant B-Raf than wild type B-Raf,
which led to the second generation of Raf inhibitor, vemurafenib (compound PLX4032).
Vemurafenib potently suppressed Raf-MEK-ERK signaling and showed improved clinical
benefit in BRAF V600E melanoma, but it unexpectedly activated MAPK in BRAF-wild
type cells, as discussed earlier. This paradoxical effect led to growth of hyper-proliferative

skin lesions and squamous-cell carcinomas in some patients [54].

Small-molecule compounds that selectively inhibit MEK have also been developed.

Early trials with those inhibitors demonstrated tumor growth inhibition, but their
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effectiveness was mostly limited by toxicity. Side effects including skin rash and visual
disturbances were observed with MEK inhibitors [55]. Later, several compounds with
improved pharmaceutical properties were developed. One of those compounds, trametinib,
became the first MEK inhibitor approved by FDA in May 2013 for the treatment of patients
with metastatic melanoma. A Phase Il1 clinical trial demonstrated benefits for metastatic
melanoma carrying B-Raf V600E mutations, but the resistance to single agent trametinib
often occurs within 6-7 months. To overcome this, in a Phase Il trial, trametinib was
combined with a Raf inhibitor, dabrafenib, and the combination showed better efficacy
than the single agents alone and was approved by the FDA in 2014 for the treatment of

patients with BRAF-V600E/K melanoma [55].

In summary, efforts to date to inhibit mutant Ras activity in human cancer have met
limited success, which urged the search for new mechanisms regulating Ras activities and

development of novel therapeutic approaches to target mutant Ras.

1.2. Spatial mechanisms regulate Ras signaling at the membrane

1.2.1. Membrane heterogeneity

Membrane rafts

The cell membrane surrounds the cytoplasm of a cell, separating the intracellular
components from the extracellular environment. Biological membranes typically consist
of a lipid bilayer with embedded proteins and is selectively permeable to ions and organic
molecules, which helps the membrane to protect the integrity of the cell interior [56]. The

model of cell membrane structure was proposed as a fluid mosaic model by Singer and
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Nicolson in 1972 [57]. In this model, the plasma membrane was described as a mosaic of
phospholipids, cholesterol, protein and carbohydrates. The fluid mosaic model is a major
advance in understanding the membrane structure and function. However, it has now
become clear that simply picturing the membrane as a lipid sea where all molecules float

freely is not enough to explain how the cell membrane functions.

The presence of distinct membrane sub-compartments was observed by Yu et al.
using nonionic detergents to separate the membrane into detergent-labile and detergent-
resistant fractions [58-63]. A number of follow-up studies using biochemical and
biophysical tools suggested that the cell membrane is laterally heterogeneous [64]. Lipid
rafts were then defined as liquid ordered (Lo) domains enriched in cholesterol and
sphingolipids. The initial concept of lipid rafts, however, was controversial in part due to
the lack of tools for direct observation of these domains. The biochemical methods used in
the early studies, including cholesterol depletion [59] and detergent resistant membrane
isolation [65], were considered too harsh to authentically preserve or reflect the
compositions of physiological membranes or membrane domains. Lipid rafts were also
considered small structures, sub-micrometer to nanometer scale, highly dynamic, and
lacking a distinct morphology, thus posing a serious challenge to any existing techniques

during the infancy of membrane domain research.

More recently, the concept of lipid rafts has been influenced by development of
imaging techniques such as super-resolution fluorescent microscopy (SRM), single particle
tracking (SPT) and Forster resonance energy transfer (FRET). These techniques allow
visualization of protein-protein interaction and their behavior on the cell membrane in real

time at nanometer scale. The term ‘lipid rafts’ is applied to many distinct types of
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membrane assemblies [66]. It is defined as transient, relatively ordered membrane domains,
which are enriched in saturated phospholipids, glycolipids, cholesterol, lipidated proteins
and glycosylphosphatidylinositol (GPI) - anchored proteins (Fig 1.4). The formation of
such membrane domains is essential for the recruitment and interaction of certain proteins
and lipids [67-69]. The asymmetric property of the cell membrane and lipids distributed
in the inner and outer leaflet of the membrane further affect the membrane heterogeneity.
Increase of lipid packaging and order leads to decreased fluidity of the domain, further
affecting diffusion of certain membrane molecules. It has been shown that the lipid
domains serve as functional platforms for various cellular processes including signal

transduction and virus entry [70,71].
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Figure 1.4 Lateral heterogeneity in the plasma membrane

Picket-fence model (Cortical actin cytoskeleton)
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The cortical actin cytoskeleton, which consists of elaborate and complicated filament
networks, is directly situated on the cytoplasmic surface of the plasma membrane. The
picket-fence model suggests that the mobility of membrane-bound molecules is hindered
by actin-based membrane-skeleton ‘fences’ and anchored transmembrane protein ‘pickets’
(Fig 1.5). This model was proposed based on single particle tracking of membrane
molecules in living cells [71]. For example, a G-protein coupled receptor, u-opioid
receptor (uOR), was observed undergoing short-term (~45 ms on average) confined
diffusion within the membrane compartments (~210 nm on average) and long-term hop
diffusion over these compartments [72]. This observation suggests that the diffusion of
proteins are confined within individual corral and proteins are occasionally able to escape
into an adjacent corrals due to the motion of cortical filaments. This result is consistent
with a recent report that resolved the cortical actin using super-resolution fluorescence
imaging while simultaneously tracking individual membrane proteins in live mammalian
cells [53]. They found that cortical actin transiently confines Kv channels and the

molecules are able to hop between compartments.

The cortical actin cytoskeleton as an integrated component of the plasma membrane
is different from bulk actin cytoskeleton both structurally and functionally. It interacts
dynamically with membrane molecules and regulates their anchoring to membrane
compartments. The effectiveness of a membrane molecule hopping between corrals is
dependent on the size of its cytoplasmic domain and on its association with other
membrane proteins [73]. A protein with a larger cytoplasmic domain will make it harder
to hop across corrals. If a protein binds to other membrane molecules, the larger protein

complex will also make it more difficult to escape from corrals. It has been suggested that
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the confinement created by the cortical cytoskeleton assists receptor signaling processes

by increasing the concentration of activated receptors [12,74,75].

Membrane 'skeleton' and
associated proteins

[ I
Plasma membrane Membrane domains

Figure 1.5 Corralling of membrane proteins by cortical cytoskeletal filaments [71].

1.2.2. Spatial organization of Ras on the membrane

Nanoclustering of Ras at the membrane

Recently it has been realized that many membrane proteins are clustered at the cell
membrane at the nanoscale. There is clear evidence for membrane proteins such as
glycosylphosphatidyl (GPI)-anchored proteins and immune receptors organizing into
nanoclusters [76]. This nanoclustering activity of Ras has also been directly observed with
quantitative imaging with immuno electron microscopy (immuno-EM) [74] and super-
resolution microscopy (SRM) [46], and it is supported by other measurements such as
single molecule tracking (SMT) [77], fluorescence resonance energy transfer (FRET) [77],

and fluorescence recovery after photobleaching (FRAP) [78]. A highly dynamic spatial
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organization of Ras proteins at the cell membrane has been revealed. Early investigations
by Plowman et al. and Prior et al. used antibody-gold nanoparticles to label GFP-Ras on
prepared membrane sheets. This approach involves overexpression of GFP-Ras to
compensate for the low labeling efficiency of antibody-gold nanoparticle conjugates.
Individual Ras molecules tagged with a gold nanoparticle were directly visualized under
electron microscopy and thus a distribution map was achieved. With this technique, about
40% of Ras proteins were estimated to form nanoclusters at the cell membrane with the
remaining molecules as monomers [75]. The size of Ras nanoclusters are about 20 nm in
diameter, and each nanocluster contains 5-8 Ras molecules. Judging from the durations of
Ras molecules in immobile states in live cell SPT experiments, the lifetime of the Ras
nanoclusters was likely short, typically around 0.1-1 second [77]; if this were true, the Ras
nanoclusters should be considered highly dynamic entities constantly assembling and
disassembling. Interestingly, C-terminal HVR of Ras exhibited similar clustering
properties and membrane localization as full length Ras, which will be further investigated
in Chapter 3.

Moreover, Ras nanoclusters have been hypothesized as an essential platform for Ras
signaling based on immuno-EM data showing Raf recruited to Ras nanostructures [79].
Experimental and computational analyses by Tian et al. observed that signal transduction
to activate ERK is completely dependent on Ras spatial organization and that it fails if
nanoclustering is abrogated [79]. Nanoclusters also establish an analog-digital-analog
circuit, enabling a high precision signal transmission across the cell membrane [80]. Tian

et al. also showed that epidermal growth factor (EGF) stimulates Ras-GTP loading and
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leads to nanocluster formation, and that the number of resulting Ras nanoclusters is
proportional to EGF concentration [80].
Dependency of Ras nanoclustering on membrane nanodomains

The connection between Ras and the plasma membrane is mediated via the Ras HVR.
As described earlier, different Ras isoforms undergo different post-translational
modifications on their HVR. For example, K-Ras is tethered to the membrane by a farnesyl
group and a polybasic region, whereas H-Ras is anchored by two palmitoyl chains and a
farnesyl group. Therefore Ras isoforms possess distinct interactions with the cell
membrane. Mechanisms regulating these interactions are complicated by their dependency
on the HVR structure of Ras isoforms, the organization of Ras nanoclusters and the
heterogeneous compositions of the cell membrane, which is just beginning to be

understood.

Cholesterol is a basic component of the cell membrane, and early studies
demonstrated the preference of tH (H-Ras HVR) and H-Ras-GDP to cholesterol enriched
membrane domains (Fig 1.6) [47,78]. Upon activation, H-Ras is loaded with GTP and
segregates into cholesterol independent nanoclusters. In contrast, K-Ras was shown to
localize to cholesterol independent nanodomains regardless of its activation states. In the
case of N-Ras, nanoclusters of tN (N-Ras HVR) and N-Ras-GDP appear to be cholesterol

independent, and nanoclusters of N-Ras-GTP are cholesterol dependent [47].
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Figure 1.6 Ras isoforms segregate into distinct membrane compartments [81].

Recent studies have also shown that Ras nanoclusters interact with membrane anionic
lipids. Phosphatidylserine (PS) is a common membrane constituent that interacts with all
Ras nanoclusters, but is only an obligate component for organization of K-Ras nanoclusters.
Redistribution of phosphatidylserine by membrane depolarizations disrupts nanoclustering
of K-Ras and inhibits MAPK signaling. This dependency of K-Ras nanoclusters, but not
H-Ras or N-Ras nanoclusters, on membrane phosphatidylserine can be explained by the

electrostatic interactions between anionic PS and positively charged K-Ras HVRs [82].

The advancement of imaging techniques, together with biochemistry methods,
revealed the interplay between Ras function and its spatial localization. Based on recent
data, it has now been clear that aside from the biochemical mechanism using the GTP/GDP

switch, Ras signaling is also regulated via nanoscopic spatial organization. To better
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understand how Ras functions in a cell, it is therefore imperative to understand how the
membrane is organized.
Ras dimerization

Because Raf activation by Ras is known to involve Raf dimerization yet Raf binds to
Ras as a monomer, it has been proposed that Ras may act as a dimer [49]. The existence of
Ras dimers, however, has been observed in only a few studies [46,83,84] and remains
controversial. In 2012, Guldenhaupt et al. demonstrated dimerization of full length N-Ras
on an artificial POPC membrane [83]. In their study, orientation of N-Ras attached to
POPC bilayers was probed via attenuated total reflectance Fourier transform infrared
(ATR-FTIR). They found that the stable orientation of N-Ras has a tilt angle of 23°.
Simulations of Ras orientation on the membrane indicated that this unusual tilt angle likely
resulted from Ras dimers. It was proposed that the dimerization interface is established
through the helix 04, helix a5 and B2-B3-loop [83]. Later in 2014, another study showed
H-Ras dimers when tethered to artificial membranes [84], which was subsequently found

to be an artifact due to photo oxidation [85].

The existence of K-Ras dimers in live cells was also observed by Nan et al. [46] using
quantitative SRM. In this study, each K-Ras was tagged with PAmCherryl, a
photoactivable fluorescent protein. Cells expressing this construct were imaged through
photoactivated localization microscopy (PALM) that allows single molecule counting.
Using this technique, the presence of Ras dimers in live cells was visualized. This work
also showed activation of the MAPK pathway at minimal Ras expression levels that
resulted in dimers. They also observed that forced Ras dimerization results in activation of

the pathway [46].
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More recently, Spencer-Smith et al. developed a synthetic binding protein (monobody)
with high affinity to both GTP- and GDP-bound states of H-Ras and K-Ras [86]. This
monobody binds to the 04-f6-a5 region of Ras and disrupts Ras dimerization and
nanoclustering. As a result of this, formation B-Raf/C-Raf heterodimerization and

activation of downstream signals were blocked [86].

While the pharmacological inhibition of Ras in human cancer has been challenging
over decades, the Ras dimer has become a new potential therapeutic target [87]. The
importance of helices 4 and 5 as a potential dimer interface have been exploited in two
recent studies [83,86]. The possibility that Ras may function as dimers adds both exciting
new insights and complexity into how Ras signaling may be regulated in cells. At present,
it is unclear how Ras dimers and nanoclusters are related to each other. For simplicity, we

collectively call these structures Ras multimers in the remainder of this thesis.

1.3. Tools for studying membrane domains and spatial regulation

1.3.1. Previous tools for studying membrane domains

Detergent-resistant Membranes

Initial evidence for the lateral heterogeneity of the cell membrane was based on the
observation of detergent-resistant membranes (DRMs). This method utilizes the relative
insolubility of Lo membrane fractions in cold, non-ionic detergents to help separate Lo
membranes from whole cells or membranes [64]. Membrane proteins including
sphingolipids and GPI-anchored proteins were found in fractions insoluble in Triton X-100

at 4 °C, floating to a characteristic density after density gradient centrifugation [62]. DRM
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isolation was then widely adopted as the method to characterize protein compositions of
lipid rafts. However, it is now clear that DRMs are not equal to lipid rafts. Treatment with
strong detergents does not confer convincing characterization of native membrane
composition and lipid raft organization in cells. Moreover, the results were heavily
influenced by experimental variations such as the choice of detergent, detergent
concentration, and temperature. Subtle changes in these conditions could yield different
results, accounting at least in part for the contradictory reports on lipid raft composition
[64]. Therefore, although DRM was instrumental to initial understanding of membrane
heterogeneity and lipid rafts, additional methods are required to validate and in some cases,
rectify the observations.
Artificial Model Membranes

Along with DRMs, artificial model membrane systems were also developed to
investigate the biophysical and chemical origins of lipid rafts. Two artificial membrane
systems, namely supported lipid bilayers [88] and giant unilamellar vesicles (GUVs) [89],
have been widely used for such purposes. These membrane systems are relatively robust
to prepare in the lab, enabling high-resolution imaging of synthetically attached or natively
inserted membrane proteins and lipids. These model systems also permit modifications to
their biochemical composition and physical properties such as fluidity, curvature and
rigidity. Using proper chemical compositions, phase segregation between lipid species
were readily demonstrated. In general, two distinct liquid phases were defined: a highly
packed, ordered phase enriched in saturated lipids and cholesterol (liquid ordered, L), and
a relatively more fluid, disordered phase mainly comprising unsaturated lipids (liquid

disordered Lg) [89]. Because the Lo phase is tightly packed and enriched in cholesterol, it
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has been considered to represent lipid rafts. Physical properties and dynamics of L, have
been analyzed through conventional microscopy and fluorescence correlation spectroscopy
[90]. However, there are still some major gaps between the model membranes and lipid
rafts in biological membranes. Given the highly complex composition and structure of
biological membranes, one of the biggest concerns is whether findings obtained from
artificial model membranes faithfully reflect those from the living system. For example,
most of the experiments were performed in a liquid-only system and failed to generate high
protein/lipid ratio, which is in contrast to biological membranes [64]. Although more
natural systems such as cell-derived giant plasma membrane vesicles (GPMVs) [91] have
been developed, other important cellular structures such as the cortical cytoskeleton and
extracellular matrix are still missing in this model. Therefore, while model membranes
were useful for recapitulating specific aspects of membrane organization and dynamics,
much of the biology related to membrane domains (including lipid rafts) may only be
learned by studying actual biological membranes.
Electron Microscopy

For the foreseeable difficulties in purifying the numerous, heterogeneous membrane
domains from cells, various high-resolution imaging techniques capable of ‘in situ’
analysis of membrane ultrastructures have come to the rescue. Among these, electron
microscopy (EM) offers the best spatial details and has been one of the most commonly
used tools. Many specialized membrane structures such as clathrin coated pits, caveolae,
or cortical cytoskeleton have distinct morphologies or high EM contrast, and they have
been readily characterized with EM in nanometer resolutions [92,93]. As most cells are too

thick for EM, membrane sheets peeled off from intact cells or thin sections from resin-
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embedded samples are routinely used to expose the membrane. For mapping the spatial
distribution of certain proteins or lipids, conjugation of antibody and gold nanoparticles
(immuno-gold) are commonly used as label agents. A distribution pattern of gold
nanoparticles is obtained through EM and then analyzed statistically to determine their
association.

This approach, widely known as immuno-EM, was used by Prior et al. to investigate
Ras nanoclustering on the membrane in 2002 [75]. This method enabled direct
visualization of Ras localization on the membrane with nanometer spatial resolution, a new
precedent in Ras research. In the following decade, a series of studies by the Hancock lab
used this method to further investigate the nanoclustering of multiple Ras isoforms
[47,82,94]. However, the limitations of this method are also obvious: no dynamic
information of lipid raft and low labeling efficiency with immuno-gold. To overcome this
labeling issue, Ras proteins had to be highly overexpressed [75], which may affect Ras
nanocluster formation. The number of molecular species to be imaged at once was also
limited to ~2 due to this labeling scheme.
Fluorescence Microscopy

Fluorescence microscopy (FM) is a versatile imaging tool that has been widely used
in biomedical research for decades. Its pros and cons are somewhat opposite to those of the
EM: high labeling efficiency, live cell compatibility, multi-color capability, but diffraction-
limited resolution. Through special imaging schemes, however, the limitation in resolution
could be circumvented and information at the nanoscale could be retrieved using

conventional FM. In this section, we will discuss two of such schemes, single molecule
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tracking (SMT) and Forster resonance energy transfer (FRET), both of which have been
used to study the dynamics and/or interactions of membrane molecules [77].

SMT involves tagging proteins of interest with either an organic dye or a fluorescent
protein and continuously observing the motion of individual molecules in living cells. The
trajectories of individual molecules are then measured to determine their types of motion.
For membrane-bound molecules, different motion types such as directed motion, confined
motion or anomalous diffusion, and free diffusion have all been observed [95]. FRET
utilizes the energy transfer between two spectrally overlapped fluorescent molecules, one
emitting at a shorter wavelength and designated the donor and the other the acceptor, when
they are within a few nanometers. Since FRET efficiency is very sensitive to the distance
between the donor and the acceptor, it has been used to measure small changes in distance
for example in the case of protein-protein interactions. Work by Murakoshi et al. combined
SMT and FRET to observe Ras diffusion and interaction with effectors on the membrane
at the single molecule level [77]. In their experimental design, Ras and GTP were tagged
with yellow fluorescent protein (YFP, donor) and BodipyTR (acceptor), respectively.
Trajectories of YFP molecules, representing inactive Ras-GDP, were first recorded. After
EGF stimulation, BodipyTR-GTP binding to YFP-Ras generated FRET signal due to the
proximity between BodipyTR and YFP. Using this approach, Murakoshi et al.

demonstrated that Ras exhibits transient immobile states when activated [77].

Atomic Force Microscopy
Atomic force microscopy (AFM) has been a traditional method for material science

and has not been widely used for biological specimens until recent years. In a typical AFM
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setup, a cantilever with a sharp tip is used to scan over a sample surface. When the tip is
brought into proximity of a sample surface, forces between the tip and the sample surface
lead to a deflection of the cantilever [96]. The deflection is detected by reflecting an

incident laser beam off the cantilever onto a position-sensitive photo diode (PSPD).

A nice example for applying AFM to probe the cytoplasmic surface of the membrane
was illustrated by Usukura et al. [97]. In their paper, the upper cell membrane was removed
by a custom-made sonicator. This ‘unroofing” method allowed the accessibility of AFM
tips to the cytoplasmic surface. Visualization of membrane structures including cortical
actin filaments, clathrin coats, and caveolae was achieved at nanometer resolution
comparable to EM. Short periodicity on actin filaments and the terminal domain of clathrin
molecules were resolved. The biggest advantage of AFM is that the imaging can take place
in a liquid environment without dehydration and drying, which are always concerns for
causing artifacts during EM sample preparation. In addition to resolving ultastructures,
AFM is also able to measure forces such as cell-adhesion forces. As a novel imaging
technique in cell biology, AFM is expected to provide new perspectives to explore cellular

dynamics.

1.3.2. Correlative super-resolution and electron microscopy

Super-resolution microscopy

Super-resolution microscopy (SRM) refers to a class of light microscopy techniques
that overcome the diffraction limited resolution of conventional light microcopy. Based on
their principles, current SRM can be categorized into three types: stimulated emission
depletion (STED) [98], structured illumination microscopy (SIM) [99,100], and single-

molecule localization microscopy (SMLM) [101,102]. In this thesis, we will focus on
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SMLM, which again has three main variations: Photoactivated localization microscopy
(PALM) [102], stochastic optical reconstruction microscopy (STORM) [101], and DNA-
PAINT [103]. These SMLM variations are all based on the same two concepts, 1)
nanometer localization of single point emitters, and 2) stochastic switching of densely

packed emitters to achieve single-emitter localization (Fig 1.7).
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Figure 1.7 Principles of single-molecule localization microscopy (SMLM)

The resolution of conventional light microscopy is limited by the fact that each single
fluorophore (a point emitter) appears much larger in the far field due to the diffraction of
light. The image of each fluorophore will be a spot with a finite size (~250 nm at least).
However, the intensity profile of this spot, also known as the point spread function (PSF),
describes the probability density of photons falling within a certain distance from the ‘true’
position of the emitter (centroid) with standard deviation . Therefore, the centroid
localization of a single fluorophore can be calculated by averaging N measurements of the
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same PSF, with the localization precision given by o = A/+/N; here 4 is the size of the
PSF [104]. That is to say, if 1000 photons can be collected, the localization of a single

fluorophore achieved can be as precise as ~13 nm.

Nanometer localization requires isolated PSFs, but biological samples are almost
always densely labeled for typical targets. Therefore, the second concept of SMLM is to
temporally isolate spatially overlapping emitters. One idea was to use switchable
fluorophores that can be turned ‘on’ stochastically, for example by illuminating with violet
light or through other means. In one switching cycle, only a small fraction of fluorophores
is turned ‘on’ to emit fluorescence, and the emitters are sufficiently sparse for each emitter
to be detected and localized unambiguously. Their PSFs are recorded before the emitters
are turned ‘off’, either due to photobleaching or transient residence in a nonfluorescent
state. By repeating this cycle thousands of times, isolated PSFs of most fluorophores are
recorded to allow their precise centroid locations to be calculated. A final, super-resolved

image can then be reconstructed by putting all the localization coordinates together [102].

As a major breakthrough in biological imaging, SMLM allows various biological
applications such structural analysis [105], single-molecule counting [46] and high-
throughput single molecule tracking [106]. For example, with quantitative PALM, Nan et
al. were able to directly visualize K-Ras-GTP dimers and multimers in cells. PALM
imaging of PAmCherryl tagged K-Ras allows localization of Ras molecules at nanometer

resolution while expressed at a physiological level [46].

Correlative super-resolution and electron microscopy
Correlative light and electron microscopy (CLEM) combines fluorescence

microscopy (FM) with electron microscopy to leverage the advantages of both modalities.
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Fluorescent labels attached to specific species can be visualized with FM to determine the
distribution of the species within a cell, and a corresponding EM image can provide a
detailed view of the cellular ultrastructure, which assigns a biological context to the targets
imaged with FM. An outstanding problem with CLEM is the large resolution gap between
the two modalities. While EM offers an impressive resolution on the Angstrom scale,
diffraction-limited FM only provides ~200 nm resolution. Thus, the spatial distributions
revealed through FM can only be coarsely related to the ultrastructures revealed through
EM. To bridge this resolution gap, recent work has attempted to combine SRM with EM,
because the resolution afforded by SRM is much closer to that of EM, which would greatly

enhance the accuracy in relating the FM and EM features.

Correlative SRM and EM has been reported in many different settings, for example
on unembedded SEM samples [107], plastic-embedded TEM samples [108-110], and
cryo-TEM samples without staining or embedding [111]. Yet correlative SRM and EM
imaging remains sub-optimal since the imaging quality of one technique is generally
compromised by improvements in the other. For example, EM fixation and staining
reagents, which are important for preserving cellular ultrastructures and providing good
EM image contrast, are detrimental to organic dyes and fluorescent proteins in terms of
fluorescence intensity and switching properties. Several studies [108-110,112] were
carried out to optimize the TEM sample preparation process for correlative imaging. These
studies included variations in fluorescent molecules, embedding resins, and the fixation
and staining protocol. Paez-Segalaet et al. [110] have engineered two mEos4 variants,
mEos4a and mEos4b, and demonstrated that they retained their fluorescence and

photoswitching properties after 0.5-1% OsOs fixation in the hydrophilic resin glycol
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methacrylate (GMA). It was noted that these mEos4 variants did not survive in the EPON
resin, which typically provides better ultrastructure preservation compared to GMA.
Chemical tags such as the SNAP-tag have also been used successfully for correlative SRM
and EM [113]. A comprehensive work by Watanabe et al. optimized each step of the
sample preparation [108]. They used 0.001% osmium tetroxide supplemented with 0.1%
potassium permanganate, and the combination showed better preservation of cellular
morphology of neurons than using a low concentration of osmium tetroxide (0.1%) as the
fixative. As for resins, GMA embedded samples were reported to generate the brightest
fluorescence signals for Citrine and tdEos as compared to other choices of hydrophilic
resins such as Lowicryl K4M, LR Gold, and LR White. As pointed out earlier, however,
these hydrophilic resins yield lower sectioning and imaging qualities due to poor

polymerization despite the better preservation of fluorescence.

There have also been useful attempts to combine SRM with cryo-TEM to image
samples at cryogenic temperatures. Fast freezing techniques allow vitrification of
biological samples in amorphous ice without disrupting the cellular structure. Samples
prepared in this way are free of chemical fixatives and the associated artifacts, and are
immobilized in their native state. A correlated cryo-PALM and cryo-electron tomography
(CET) method was introduced recently to resolve structures of type VI secretion system
(T6SS) in V. cholera at macromolecular resolution [111]. Due to their dynamic nature and
random localization within the cell, T6SS structures are hard to identify in cryo-tomograms.
To overcome this difficulty, cryo-PALM was developed to localize the sheath protein VipA
tagged with PA-GFP in frozen-hydrated cells on EM grids. However, to date, cryo-PALM

has achieved limited spatial resolution for a number of reasons: the photon yield from PA-
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GFP is low at a temperature of 80 K, a long-working distance objective with a moderate
NA of 0.7 had to be used for imaging samples placed in the cryo chamber, and the
excitation laser power must remain low to avoid devitrification of the sample. Within these
limitations, on average only ~200 photons were collected for each PA-GFP molecule.
Nevertheless, SRM and CET offer the best spatial resolution in FM and EM, respectively,
and further improvements to correlative SEM and CET would potentially enable high-
resolution structural analysis of proteins and protein complexes in their native environment

without fixation artifacts.

1.4. Layout of the thesis

The remainder of the thesis is organized as follows. Chapter 2 focuses on developing
a correlative SRM and SEM imaging workflow and optimizing EM sample preparation to
better preserve biological samples. In Chapter 3, the correlative imaging workflow
developed was applied to visualize and identify membrane nanodomains that organize Ras
multimers and regulate isoform specific signaling. Chapters 4 introduces DNA-PAINT as
the future work for multiplexed imaging in an effort to further identify compositions of

membrane components regulate Ras activity.
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Abstract

Sample preparation is critical to biological electron microscopy (EM), and there
have been continuous efforts on optimizing the procedures to best preserve structures
of interest in the sample. However, a quantitative characterization of the
morphological changes associated with each step in EM sample preparation is
currently lacking. Using correlative EM and super-resolution microscopy (SRM), we
have examined the effects of different drying methods as well as osmium tetroxide
(OsOg4) post-fixation on cell morphology during scanning electron microscopy (SEM)
sample preparation. Here, SRM images of the sample acquired under hydrated
conditions were used as a baseline for evaluating morphological changes as the
sample went through SEM sample processing. We found that both chemical drying
and critical point drying lead to a mild cellular boundary retraction of ~60 nm. Post-
fixation by OsO4 causes at least 40 nm additional boundary retraction. We also found
that coating coverslips with adhesion molecules such as fibronectin prior to cell
plating helps reduce cell distortion from OsOs post-fixation. These quantitative
measurements offer useful information for identifying causes of cell distortions in

SEM sample preparation and improving current procedures.
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Introduction

Scanning electron microscopy (SEM) is extensively used to study structural details
on the surface of biological samples. The conventional sample preparation process for SEM
includes fixation, dehydration, drying, and optionally, conductive coating. Fixation is
typically performed in aldehyde buffer; in certain cases, this is followed by a post-fixation
step in osmium tetroxide (OsO4) or uranyl acetate (UA). After fixation, the sample is first
dehydrated with organic solvents to replace water and then dried to remove the organic
solvents. Each of these steps, i.e., fixation, dehydration, and drying, can introduce artifacts
into delicate biological samples such as change in protein localization [115].
Morphological changes were also reported during fixation and drying steps [116]. Much
effort has been put into optimizing these procedures to reduce sample preparation artifacts
and preserve cell structures and morphology as closely to the native state as possible [117—
121]. Such efforts, however, are often based on empirical assessment of the sample quality
after preparation, and a quantitative characterization of the morphological changes caused

by each step is currently lacking.

It is commonly believed the majority of morphological changes occur in the drying
step. Critical point drying (CPD) and chemical drying are most commonly used in SEM
sample preparation. In CPD, liquid CO> is added to the sample to replace the organic
solvent and then brought to the critical point with increased temperature and pressure, when
the liquid and gaseous phases coexist without a boundary. Next, all the liquid is driven to
the gas phase by decreasing pressure; this allows removal of liquid from cells without
surface tension effects [122]. In chemical drying, an organic solvent is gradually replaced

with a volatile chemical with low surface tension, such as hexamethyldisilazane (HMDS),
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which is then air-dried to completion [123]. HMDS is typically used as a time-saving and
cheaper alternative to CPD. In terms of sample preservation, CPD usually is better
although some have reported that CPD and HMDS vyield similar results [124]. While CPD
and HMDS seem to suffice for most biological specimens, drying artifacts such as lines
and ridges on the cell surface due to cell shrinkage and even cellular collapse have been

documented for both methods [125].

Post-fixation with OsOg is reported to help preserve cellular structure by reacting with
lipids, which are the main components of the cell membrane and intracellular organelles
but are not fixed by aldehydes. However, OsO4 treatment has also been shown to alter cell
morphology. For example, Nordestgaard and Rostgaard [126,127] quantitatively traced
volume changes by Nomarski differential interference contrast microscopy in isolated
hepatocytes during EM specimen preparation. Swelling ranged from 9 to 19% during
secondary fixation in 2% OsO4. Additionally, OsOg is a strong oxidizing reagent and may
cause undesired destruction of membrane components [128], which may be a concern in

certain applications such as immuno SEM.

Continued improvement of SEM sample preparation requires a clear understanding
of the changes to the specimen during each step, which necessitates the use of light
microscopy. Several methods had been used for tracing the volume changes of tissues or
cells during each stage of sample preparation. Time-lapse cinematography with light
microscopy was used by Boyde [120] and Arborgh [121] to record continuous dimensional
changes in cultured cells. Other optical methods including Nomarski [129,130] or phase-
contrast optics [118] were also used. Sample shrinkage was also estimated by measuring

the gross dimensions of tissue sample [131] or measuring the gross weight loss [132].
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However, these methods fall short in distinguishing the influence of each sample
preparation step on individual cells. Often times evaluation of sample quality at fine scales
has to be based on SEM imaging results when all steps have already been completed,

making it difficult to account for the contributions of individual steps.

Recently, the resolution gap between light and electron microscopy has been filled by
super-resolution microscopy (SRM) techniques such as photoactivated localization
microscopy (PALM) and stochastic optical reconstruction microscopy (STORM). Based
on stochastic switching and subdiffractive localization of individual fluorescent molecules,
both PALM and STORM offer spatial resolutions on the order of 10 nm. For their high
resolving power and compatibility with existing fluorescence labeling approaches, PALM
and STORM have been widely used for imaging biological samples to reveal otherwise
hidden details [102,133]. More recently, correlative SRM and EM have combined their
complementary capabilities in biological imaging, where SRM provides the target specific

contrast and EM the morphological features.

In this chapter, we used SRM to examine morphological changes to the sample during
SEM sample preparation. Using SRM images of fully hydrated samples as a standard, we
were able to quantitate differences in the cell morphology as the sample goes through
different SEM processing steps and imaged with the SEM, after which the two images were
precisely registered and compared. We introduced a distortion index as a quantitative
indicator for the extent of distortions in cellular shape. Using this approach, we found that
the dehydration and drying steps caused a mild boundary retraction at an average of 60 nm
to cells cultured on glass, and the effect was similar between CPD and chemical drying

using HMDS. Post-fixation by OsOs causes at least an additional 40 nm boundary
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retraction; this result contrasts current beliefs that OsO4 helps to preserve cell morphology.
Lastly, we showed that fibronectin coating of coverslips prior to cell plating helps to
significantly reduce cell distortion from OsOs post-fixation. These findings offer
quantitative insight into factors that affect SEM sample quality, which will be helpful to

improve the current procedures for better SEM sample preservation.

2.1. Materials and Methods

2.1.1. Molecular cloning and establishment of stable cell lines

We used two genetically encoded photoactivatable fluorescent proteins, mEos4 and
PAmCherryl, to label tubulin and the C-terminal tail of H-Ras (tH) respectively. The
mEos4 plasmid was a gift from Dr. Loren Looger (Janelia Farm)[110]. To generate
expression plasmids for mEos4-tubulin and PAmCherryl-tH, PCR fragments used for In-
Fusion reactions were generated using Phusion High-Fidelity DNA Polymerase (M0530,
New England Biolabs). We used the In-Fusion PCR HD Cloning kit (Catalog humber
639649, Clontech) to generate genetic fusions in the pENTR (Life Technologies)
backbones, and the Gateway LR Clonase Il kit (11791, Life Technologies) to shuttle the
resulting fusion constructs from the entry clones to expression clones. Lentiviral backbone
(pLenti-puro-CMV/TetOn, 17293, Addgene) was used for expressing these clones. Viral
particles containing the pLenti-puro-CMV/Teton-mEos4-tubulin  or pLenti-puro-
CMV/Teton-PAmCherryl-tH were generated using the ViraPower lentiviral packaging
system (K497500, Life Technologies), which were then used to infect U20S cells (HTB-

96, ATCC) to make stable cell lines expressing mEos4-tubulin or PAMCherryl-tH under
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tetracycline or doxycline regulation. Single clones were isolated, grown out and assayed
for repression of Dox-induced gene expression; good clones were used for subsequent

studies.

2.1.2. Sample preparation for correlative microscopy

Cells were cultured at 37°C and 5% CO in DMEM supplemented with 10% FBS
(11995 and 10082 respectively, Life Technologies) and were plated on #1.5 indium-tin-
oxide (ITO) coated coverslips (SPI supplies 06486-AB). To grow cells on fibronectin
coated coverslips, a 5 or 10 pg/mL fibronectin solution was added to the ITO coated
coverslips and incubated at room temperature for 3 hours. Excess fibronectin was removed
by aspiration before plating cells. Primary fixation of cells was performed with freshly
made 3.0% glutaraldehyde or 3.7% PFA and 0.1% glutaraldehyde in PBS for 20 min at
room temperature. For PALM imaging of microtubules, cells were first extracted for 60

seconds with 0.1% Triton X-100 before fixation.

After PALM imaging, the PAmCherryl-tH samples were post-fixed at room
temperature with 1%, 2% (v/v) or without OsO4. The samples were then dehydrated by a
graded series of ethanol (50%, 60%, 70%, 80%, 90%, 95% and three times 100%) at 20
minute intervals. Following dehydration, solvent was removed by either CPD using a
critical point dryer (CPD300, Leica) or air drying with HMDS (440191, Sigma-Aldrich).
For HMDS drying, the dehydrated specimens were immersed with HMDS for 20 minutes.
Then HMDS was decanted, and the samples were left under a hood to air-dry at room
temperature. Samples were then coated with 5 nm carbon using a Leica ACE600 Coater

before SEM imaging.
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To label U20S cells with wheat germ agglutinin (WGA) for STORM imaging, the
cells were first fixed with 3.7% PFA and 0.1% glutaraldehyde. After washing with PBS,
the cells were blocked with 3% (w/v) bovine serum albumin (BSA, 9048-46-8, OmniPur)
in PBS for 30 minutes. The cells were then incubated with Alexa Fluor 647 conjugated
WGA (W32466, Thermo Fisher Scientific) at 1 pg/mL for 30 min before and after OsO4
post-fixation. The cells were thoroughly washed with PBS and stored in the same buffer

until STORM imaging.
2.1.3. SRM and SEM imaging and image registration

For imaging mEos4-tubulin and PAmCherryl-tH with PALM, PBS with Ca?*/Mg?*
(14040133, Life Technologies) was used as the imaging buffer. For imaging WGA-Alexa
Fluor 647 with STORM, we used a standard STORM imaging buffer containing 10 mM
mercaptoethylamine (MEA, M9768, Sigma-Aldrich) and an oxygen scavenger system [0.5
mg/mL glucose oxidase (G2133, Sigma-Aldrich), 40 pg/mL catalase (C100-50MG,
Sigma-Aldrich), and 10% w/v glucose] in a Tris buffer (50 mM Tris supplemented with 20
mM MgCl. and 10 mM NaCl, pH 8). The STORM imaging buffer was made fresh prior to

each imaging session.

SRM (i.e., PALM and STORM) imaging was performed on a Nikon Ti-U inverted
microscope equipped with a Nikon 60x APO TIRF objective (NA = 1.49). Total internal
reflection (TIR) illumination was used in all SRM imaging experiments. Gold particles
(~100 nm in size, Cytodiagnotics, G-100-20) were added to the imaging buffer about 20-
30 min prior to imaging so they could adhere to the coverslip and be used as fiduciaries.
Unlike PALM and STORM fluorophores (e.g. mEos4, PAmCherryl, and Alexa Fluo 647)

that undergo photoswitching between frames, these gold nanoparticles emit fluorescence
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continuously; a stably adherent gold nanoparticle can be localized to at least 10-20 nm
precision in each frame and thus can be used as a reference to correct for stage drift during
PALM/STORM image acquisition. By averaging trajectories of multiple gold
nanoparticles, stage drift could usually be corrected to better than 5 nm. An open source
software, pManager [134], was used to acquire raw SRM images. SRM image

reconstruction was performed using home-written scripts in Matlab (MathWorks, MA).

SEM images were taken at 2 kV with a FEI Helios 650 Nanolab FIB/SEM. All
imaging was performed using the solid state concentric backscatter detector at a working

distance of 4 mm.

Since the gold particles can be localized with high precision (better than 5 nm) in both
SRM and SEM, they were used to align and register all correlative SRM - SEM datasets.
Image registration was done using custom scripts based on the Control Point Registration
toolbox in Matlab (Mathworks, Natick, MA). Typically a total number of 15-20 gold

nanoparticles were used to register each SRM-SEM dataset.

2.1.4. Quantitation of cell distortion

After image registration using gold nanoparticles as fiduciary markers, correlated
SRM and SEM images were both analyzed with custom Matlab scripts to define the cell
boundaries using functions built in the Imaging Processing Toolbox. The distortion in cell
morphology was calculated as the total area between the cell boundaries (white and green
lines in Fig 2.1) in the two images, which is dependent on the contour length of the cell
boundary. To obtain a normalized distortion value, the SRM image was first divided into

100 x 100 nm? blocks (Fig 2.1); the total area of boundary blocks (Fig 2.1, gray) was then
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determined by counting the number of blocks at the SRM image boundary (Fig 2.1, green),
which is then used to normalize the area difference between the two boundaries. This yields

a Distortion Index defined as,

Total area between boundaries

Distortin Ind =
istortin Index = —————— of boundary blocks

In essence, the Distortion Index describes the average distance between the two
boundaries in units of 100 nm; in other words, a Distortion Index of 1 indicates that there
is a 100 nm distance across the two cell boundaries on average. Of note, both retraction

and expansion contribute positively to the total area difference between boundaries.

Figure 2.1 Schematics for quantitating morphological changes in correlative SRM
and EM images. Cell boundaries in both SRM (green) and SEM (white) images are
defined with custom Matlab scripts. The SRM image is also divided into 100 x 100 nm?
blocks. The difference in cell areas are calculated and normalized to the contour length
determined by counting the number of blocks (gray) along the cell boundary in the SRM
image (green). As such, both the area difference and contour length have the units of nm?.
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2.2. Results

2.2.1. Correlative PALM and SEM imaging

A Add 100nm
gold particles

Grow cells on Primary fixation | Y D Post-fixation Dehydration, drying
ITO coverslips [ ] with 3.7% PFA SRH with 0s0, ™ and coating SEM

B

Figure 2.2 Correlative SRM and SEM imaging. (A) Workflow of imaging the same cell
with correlative SRM and SEM; (B) Correlative SRM and SEM image of U20S cells
expressing mEos4 tagged tubulin. Magnified views of the boxed regions in the left image
are shown to the right. Scale bars, 1 pum.

We first tested the correlative workflow (Fig 2.2A) by imaging microtubules.
Microtubules are about 25 nm in diameter and are typically single filaments; the
microtubule network in U20S cells was well resolved by imaging mEos4-tubulin with
PALM (red in Fig 2.2B). Here the cells were briefly extracted with detergent to remove
tubulin monomers, the membrane, and many other soluble cytosolic components; the
cytoskeleton, including microtubules, was left behind in this process. The sample then went

through SEM sample preparation and imaging. We were able to identify the same regions
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that were imaged with PALM during SEM imaging. In SEM images, filamentous structures
are also clearly visible, of which a subset represent microtubules (gray in Fig 2.2B). Indeed,
many microtubule filaments revealed by PALM overlap well with filaments in the SEM
image (Fig 2.2B, middle panel). A significant fraction of microtubule filaments, however,
overlap loosely between the two images (Fig 2.2B, right panel), indicating morphological

changes during the sample preparation.

2.2.2. Effects of different drying methods and OsOs post-fixation on cell

morphology

In order to quantitate morphological changes during different SEM sample
preparation procedures, we applied the workflow shown in Fig 2.2A to image U20S cells
overexpressing PAmCherryl-tH, which targets to the cell membrane and demarcates the
cell boundary with approximately 20 nm spatial resolution in the PALM images (Fig 2.3A-
G, red). Next, the sample was processed for SEM imaging and the same cell of interest was
located (Fig 2.3A-G, gray). In both PALM and SEM images, 100 nm gold nanoparticles
were present, allowing us to register the two images with high precision. Of note, the SRM
images were rendered by using all raw localizations without combining any events even if
they were from the same molecules or gold nanoparticles; in this case, the gold
nanoparticles appeared as a halo of 80-100 nm, but the mean location of the gold
nanoparticle could be determined with better than 5 nm accuracy (typically 2-3 nm). The
mean locations of gold nanoparticles in the SRM images were used for registration with
the corresponding SEM images to achieve better than 20 nm precision (typically better than

10 nm, Figs 2.3E and F). Differences in the cell boundaries became evident at this
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resolution in the registered PALM — SEM images (Fig 2.3G), which were quantitated using

the approach described in Fig 2.1, as shown in Fig 2.3G-J.

We have also observed retraction of cell boundaries by ~100 nm, more evidently at
the trailing edge (Fig 2.3A) than at the leading edge, which usually displays a high density
of protrusions (Fig 2.3B). In order to obtain unbiased quantitation, we calculated cell
distortion from different regions of the cell boundary that make up the cell contour. Fig 2.4
shows example images and the quantitation results of cell distortion under different fixation
and drying methods. Among all the situations examined, shrinkage accounts for most of
the cell distortions. Boundary retraction was apparent in samples dried with either CPD or
HMDS. For samples fixed with the 3.7% paraformaldehyde and 0.1% glutaraldehyde only,
the two drying methods resulted in a cell distortion index of 0.64 and 0.60, corresponding
to an average cell border retraction of 64 and 60 nm, respectively. For samples dried with
CPD, primary fixation using 3% glutaraldehyde slightly reduced the distortion index from
0.64 to 0.56, compared with using 3.7% paraformaldehyde and 0.1% glutaraldehyde as the
primary fixative (Fig 2.4B). However, Strong glutaraldehyde fixation could negatively
impact the immunogenicity of biological specimen due to its high crosslinking activity
[135,136]. Hence, for correlative imaging, 3.7% paraformaldehyde and 0.1%

glutaraldehyde is deemed more suitable without sacrificing sample quality for SRM [137].

Additionally, we have examined whether OsO4 post-fixation helps to preserve cell
morphology and to reduce cellular distortion. After primary fixation and SRM imaging,
U20S cells were post-fixed with 1% or 2% OsO4 before dehydration and drying. We found
that post-fixation by OsO4 caused greater cell distortions compared to the samples only

fixed by aldehyde buffer, and the distortions increased with higher OsO4 concentration (Fig
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2.4A). Among samples dried by CPD, the calculated cell distortion index with 1% OsO4
post-fixation was 1.29, which doubles the index of samples without OsO4 post-fixation
(0.64). The distortion index further increased to 1.51 in samples treated with 2% OsO4. Of
note, these distortion index values represent an average magnitude of cell membrane
retraction of 64 nm, 128 nm and 151 nm for no OsO4 post-fixation, 1% and 2% OsO4 post-
fixation, respectively. A similar trend was observed for HMDS dried samples, where post-

fixation with 1% and 2% OsO4 led to evidently more cell distortion.

Figure 2.3 Image registration and quantitation of cell distortion. (A, B, C) Registered
SRM and SEM image of U20S cells expressing PAmCherryl tagged with the C-terminal
tail of H-Ras. Distortions in cell morphology were evident in multiple regions of the cell;
(D, E) Magnified views of the boxed regions in (C); Gold particles are both fluorescent
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and electron dense and thus were seen in both the SRM and the SEM images (E, F); (F)
Magnified view of the gold particles in (E); (G) Defining cell boundaries in the SRM (green
line) and the SEM (white line) image; (H) Area difference between the cells boundaries in
the two images in (G); (1) Total area of the blocks that fell on the boundary of the SRM
image (‘boundary blocks’) were used to represent the contour length in units of nm? and to
normalize the area difference. Scale bars, 1 um in (A, B, D and E), 2 um in (C), and 100
nmin (F).
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Figure 2.4 Cell distortion under different fixation and drying conditions. In sample
either dried with CPD or HMDS, larger cell distortions were observed with OsO4 post-
fixation (A). The resulting images were then quantitatively analyzed for distortion (B) as
described earlier. Effects of different primary fixation, drying and post-fixation conditions
on cell distortion were examined. For each condition, images of 16-20 cells from 4-5
experiments were analyzed. Error bars represent standard deviations. Scale bars, 2 um in

(A).
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2.2.3. Characterizing effects of OsO4 post-fixation with SRM

To further verify effects of OsOs post-fixation on the observed morphological
changes, we took STORM images of the same cells before and after OsO4 post-fixation. In
this case, the sample remained hydrated and no drying or other steps for SEM sample
preparation were involved. We labeled the cells with wheat germ agglutinin (WGA)
conjugated to Alexa Fluor 647 for STORM imaging. WGA is a carbohydrate-binding
protein that recognizes sialic acid and N-acetylglucosaminyl sugar residues, both highly
abundant on the plasma membrane [138]. Fluorescent WGA effectively labels plasma

membranes and can be used as a counter stain to outline cells in STORM imaging.

STORM images of the same cells before and after post-fixation were registered using
the same Matlab routines as described for SRM-SEM image registration (Fig 2.5A-C).
Changes in cell morphology, including cell shrinkage, protrusion distortion and
discontinued membrane features after 1% OsO4 post-fixation were commonly observed
(Fig 2.5D-F). Additionally, much of the WGA labeling was lost after OsO4 post-fixation,
and the cell boundary in the STORM images became discontinuous, making it difficult to
accurately define the cell contour. To quantitate cell boundary distortion, we draw a broad
line perpendicular to each visually detected membrane segment in the registered pre- and
post-fixation SRM images (yellow line in Fig 2.5G). Then the intensity profiles of both
pre- (red in Fig. 2.5G) and post- (green in Fig 2.5G) fixation image segments were plotted
along the distance of the line (Fig 2.5H). The cells boundaries from both channels were
defined as the position at the half maximum intensities (dashed line in Fig 2.5H). Cell
distortion was then calculated as the distance between the two boundary positions. As such,

we clearly observed that 1% OsOj4 post-fixation alone caused an average of 120 nm cell
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boundary retraction on the sample (Fig 2.51), even in the absence of dehydration or drying
steps. Damage to the WGA signal was too high in samples treated with 2% OsO4 to permit

a reliable estimation of the morphological change.
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Figure 2.5 Effects of OsO4 post-fixation on cell morphology. (A) STORM image of a
cell stained with WGA conjugated to Alexa Fluor 647; (B) STORM image of the same cell
after post-fixation with 1% OsQO4 and re-staining with WGA-AF 647; (C) Overlaid image
of (A) and (B); (D) Magnified view of the boxed region in (C); Cell shrinkage (D),
distortion of protrusions (E), and discontinued membrane features (F) after OsO4 post-
fixation were observed; (G-1) Quantitation of morphological changes after OsO4 post-
fixation. In the absence of a continuous cell boundary after post-fixation, the morphological
changes were quantitated by comparing line profiles of short segments at the cell boundary,
where features were present in both images (G). In both line profiles, the ‘forefront’ of the
cell boundary was defined as the pixel position at the half maximum intensities (H), and
the distortion was then calculated as the distance difference between the two positions; (1)
Average cell distortion after 1% OsOs4 post-fixation (n = 20). The error bar represents
standard deviation. Scale bars, 5 um in (A, Band C), 1 um in (D, E) and 2 pm in (F).
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2.2.4. Fibronectin coating alleviates morphological changes by OsOs post-

fixation

Since less cell distortion was observed mostly at the leading edge of cells, improving
cell adhesion may help preserve cell morphology. Among other cell adhesion molecules,
fibronectin is an extracellular matrix protein that mediates cellular interactions with
extracellular matrix components via integrins and other fibronectin receptors. It is often
used to coat glass or plastic surfaces to enhance cell attachment in vitro. We therefore
investigated whether fibronectin would help stabilize cell morphology during SEM sample

preparation.

m 1% OsOy4 post-fixation

1.5 B No post-fixation

0.5 |

Cell Distortion Index

No coating 5 pg/ml Fibronectin 10 pug/ml Fibronectin

Figure 2.6 Growing cells on fibronectin-coated coverslips reduced morphological
changes by OsO4 post-fixation. The cells were grown on non-coated coverslips (left) or
those coated with 5 pg/mL (middle) or 10 pg/mL (right) fibronectin, fixed in an aldehyde
buffer, then processed either directly (gray bars) or after OsOa4 post-fixation (black bars)
for SEM. The cell distortion index was reduced from 1.29 to 0.78 and 0.72 after coating
with 5 or 10 pg/mL fibronectin, respectively (black bars). For samples only fixed with the
aldehyde buffer (3.7% paraformaldehyde plus 0.1% glutaraldehyde, gray bars),
morphology preservation was not evidently improved by fibronectin coating.
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Indeed, cells grown on ITO coverslips pre-coated with 5 or 10 pg/mL fibronectin
showed much reduced the cellular distortion caused by OsOa post-fixation (Fig 2.6). Cell
distortion indices were reduced from 1.29 to 0.78 and 0.72 with 5 and 10 pg/mL fibronectin
coating, respectively. With fibronectin coating, the distortion indices were approaching
that of cells grown on bare ITO without OsO4 post-fixation (0.64). Importantly, fibronectin
coating did not improve morphological distortion index for samples that were fixed only
with primary aldehyde fixatives (Fig 2.6). These data suggest that substrate coating with
fibronectin mostly protected cells from distortion by OsOs post-fixation but not from

shrinkage during dehydration and drying.

2.3. Discussion

Correlative SRM and EM promises to be a powerful tool for studying protein
localization and organization in the native cellular context [107]. For workflows that
perform SRM before EM, it is important to ensure that the cell morphology is well
preserved when the sample goes through the preparation steps. In this study, we have
examined morphological changes to adherent cells grown on a solid substrate during SEM
sample preparation, by imaging the cells with SRM in hydrated state prior to SEM sample
processing. Our results indicate that the degree of cell distortion, measured as the
differences between the cell boundaries defined by SRM and SEM images, ranges from
~60 nm to ~130 nm depending on the sample processing protocol. For example, post-
fixation with OsO4 causes more pronounced cell boundary retraction whereas fibronectin

coating helps reduce the morphological change. These quantitative measurements help to
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identify factors that contribute to cell distortion during SEM sample processing and to

develop strategies to better preserve cellular structure.

OsO4 has been extensively used as a post fixative and staining reagent in EM for
preserving ultrastructure and providing membrane contrast, but its exact effects on
biological specimen have not been clearly understood. Our study shows that OsO4 causes
slight shrinkage of the cell boundaries. This shrinkage is likely due to the strong oxidizing
activities of OsOg4 that, while important for staining membranes [139], may also destroy
some adhesion molecules that help the cell to attach to the substrate. Consistently, we have
observed that OsO4 post-fixation caused loss of WGA-binding sites in cells, some of which
is attributed to cell surface glycans. This adverse effect of OsOg is further corroborated by
the fact that coating the substrate with fibronectin almost completely reversed the shrinkage
caused by OsOastreatment. Here, the role of fibronectin is likely to enhance cell attachment

to the substrate, by making the cell - substrate interface more resistant to OsO4 treatment.

Similar effects of cell attachment on OsOj4 resistance were also observed on cells with
a leading and trailing edge, indicative of cell migration. As shown in Fig 2.3 (A, B), the
leading edge of the cell usually experiences significantly less morphological changes than
the trailing edge. The leading edge is typically characterized by a flat morphology and a
higher density of protrusions, where integrins, extracellular matrix proteins, and adapter
proteins form adhesion complexes to mediate cell attachment [140]. The trailing edge is
where the adhesion complexes dissolve to allow the cell body to migrate in the direction
of movement, resulting in a loose attachment with the substrate. Hence, coating with
fibronectin and potentially other molecules that improve cell adhesion seems a viable

approach to counter the cell boundary retraction observed during OsO4 post-fixation.
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It is worth mentioning that previous reports seem to mostly suggest that OsO4 post-
fixation cause cell swelling, which was attributed to a difference between the osmotic
pressure of the fixative and that of the cytoplasm [126]. This does not necessarily contradict
our observation, because a retraction in cell boundary does not prevent the rest of the cell
body from expanding. For example, the cells may have a slightly reduced footprint but
become significantly taller (i.e., overall rounding of the cell), and the net result is increased
volume. Therefore, a complete assessment in the morphological change of cells during
SEM sample preparation should compare SRM and SEM images of the same cell in all
three dimensions. While whole cell imaging with SEM is possible with volumetric
techniques such as FIB-SEM, similar imaging with SRM with comparable resolutions is
still in development [141]. Future work can utilize three dimensional super-resolution
techniques combined with volumetric SEM (such as FIB-SEM) to evaluate these effects

during sample preparation.

In this study, we also compared CPD and chemical drying with HMDS, which are
two of the most commonly used drying methods for biological specimen. Our results
indicate that CPD and HMDS yielded comparable cell boundary distortion. Between the
two, CPD has been the popular drying method designed to avoid artifacts due to surface
tension. HMDS is a cheaper and time-saving alternative that has been proven to work with
most biological sample types [117,142,143]. Together, CPD may still offer some
advantages in terms of preserving cell morphology although HMDS seems to suffice for

many samples.

Approaches for correlative SRM and EM have been reported for imaging plastic-

embedded TEM samples. The sample preparation procedures for those samples including
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high pressure freezing, freeze substitution and resin embedding are critical for preserving
cell morphology and cellular structures. Preserving cell morphology in these experiments
is similarly of concern, and the workflows developed here could potentially be adopted for
quantitation of morphological changes in those cases. With information provided through
these measurements, specific steps in the sample processing procedures of these
experiments may be modified for optimal preservation of specimen morphology and

ultrastructure.
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Abstract

Multimer formation in specialized membrane compartments has been implicated in
Ras signaling, but the identities of these compartments and how they regulate Ras multimer
formation and signaling remain unclear. Here, we combined super-resolution and scanning
electron microcopies to analyze the nanoscale organization of Ras and its immediate
cellular context. We found that K-Ras multimers are almost exclusively associated with
the cortical cytoskeleton and H-Ras multimers preferentially localize to dynamin-
dependent vesicles, although their monomers showed only a weak preference to either
compartment. Interestingly, Ras multimers associated with the cortical cytoskeleton are
predominantly dimers, and larger multimers were only found on the membrane vesicles,
indicative of distinct mechanisms of multimer formation in the two compartments. Lastly,
dynamin inhibition diminished Raf-MAPK activation by H-Ras but did the opposite for K-
Ras. Together, these results provide direct insight into how distinct membrane
compartments differentially regulate multimer formation and signaling of different Ras

isoforms.
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3.1. Introduction

The membrane-bound Ras GTPases regulate essential cellular functions such as
growth, proliferation, and survival through canonical pathways such as Raf-MAPK and
PI3K-Akt [144]. To activate the effectors, Ras needs to be both GTP-bound and on the
membrane [87]. GTP-binding is at the soluble, globular domain (G-domain, residues 1-
165/166), which is also the domain for GTP hydrolysis and effector binding. Point
mutations, such as those at residues G12, G13, and Q61, can lock Ras in the GTP-bound
state to cause constitutive effector activation, and these Ras mutations are frequently found
in human cancers [49]. For its roles in both physiologic and pathologic signaling, Ras has
been studied intensively for decades, revealing rich details of how the G-domain functions.
Historically, the vast majority of biochemical and structural studies on Ras have used
truncated proteins comprising only the soluble G-domain and missing the C-terminal,
membrane targeting motif [145]. To date, there is no high-resolution structure available for
full length Ras on the membrane, and efforts to reconstitute Ras functions in vitro using
model membranes have only had limited success. In fact, many aspects of Ras biology
seem to be relevant only when Ras is on an actual cell membrane, which is far more
complex in composition and structure than current model membrane systems. As a result,
relatively little is known about how Ras operates on the membrane despite that it was
appreciated early that the membrane is required for Ras to be biologically active.
Fundamental questions, for example, why the membrane is even necessary when all the
‘essential functions’ of Ras seem to be contained within the G-domain, have not been

addressed.
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Using a combination of high-resolution imaging, live cell imaging, and other
experimental and computational approaches, a series of recent studies started to suggest at
least two related roles of the membrane in regulating Ras activities in cells [47,78,79,82].
First, the membrane is implicated in spatially segregating different Ras isoforms into
compositionally and functionally distinct nanodomains. It is now well accepted that
biological membranes are not simply fluidic lipid bilayers where proteins float freely and
interact randomly; instead, subsets of lipids, proteins, and other species can transiently
aggregate to yield numerous, heterogeneous membrane compartments that span many
spatial and temporal scales [64]. Depending on the membrane targeting signal and
biological context, each membrane-bound species could be ‘sorted’ into specific
membrane compartments. While all Ras proteins target to the membrane through the post-
translationally modified C-terminal domain, the sequence of this domain and post-
translational modifications vary among Ras isoforms, hence the name hypervariable region
(HVR) [19]. For example, both H-Ras and K-Ras are prenylated at the last cysteine (C186),
but only H-Ras is palmitoylated at two other cysteines; another distinction is that K-Ras
HVR contains a string of six lysines and is therefore positively charged, which is not the
case for H-Ras. This major difference in the HVRs is expected to have a direct impact on
which membrane compartment these Ras isoforms preferentially localize to [146,147].
GTP-binding status also seems to have an impact on the spatial localization of the Ras
isoforms. In the current model, which is largely based on immuno-EM studies by Hancock
and colleagues, H-Ras primarily targets to caveolae when GDP-bound but migrates to non-
caveolae compartments when GTP-bound, whereas both K-Ras-GDP and K-Ras-GTP are

in undefined, no-caveolae compartments, likely those enriched in phosphatidylserine

63



[47,82,148,149]. By targeting to distinct membrane compartments, the Ras isoforms may
exhibit distinct biological activities in cells and in vivo [1,150]. Indeed, H-Ras and K-Ras
preferentially activate PI3K and Raf, respectively, despite the fact that the two isoforms
have nearly identical G-domains and both bind to Raf and PI3K in vitro. Additionally, in
human cancers K-Ras is the predominantly mutated isoform (85%), followed by N-Ras

(11%) and H-Ras (4%) [49].

Second, Ras may form multimers such as clusters and dimers on the membrane,
potentially a direct consequence of enrichment in nanoscopic membrane compartments
[46,47,86,151]. While the molecular nature and functional relevance of Ras multimers are
still debated, there is strong evidence that Ras mediated activation of Raf (and potentially
other effectors as well) involves Ras multimer formation. Nanoscopic clustering of H-Ras
and K-Ras on the cell membrane was first observed on prepared membrane sheets, based
on which it was estimated that each Ras nanocluster contains 5-8 Ras molecules [47,75].
More recently, quantitative single-molecule and super-resolution microscopy (SRM)
showed that K-Ras primarily exists as mixed monomers and dimers at physiological
expression levels, and higher order multimers are rare. Recombinant N-Ras may also form
dimers when tethered to artificial membranes via a synthetic linker [152], but the same still
needs to be validated for H-Ras and K-Ras. Both Ras nanoclusters and dimers have been
implicated in Raf-MAPK activation. Conditions such as depletion of cholesterol using
cyclodextrin and depolymerization of the actin cytoskeleton using latrunculin-A reduced
nanocluster formation of H-Ras and K-Ras, respectively, as well as Raf-MAPK activation.
Force dimerization of monomeric K-Ras-GTP at low expression levels caused strong

activation of Raf-MAPK equivalent to expressing K-Ras-GTP at physiological levels [46].
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Mutations at a putative G-domain dimer interface inhibited Ras-Ras interaction, Ras-GTP
induced Raf dimerization and signaling to Raf-MAPK in cells, as well as cell
transformation in vitro and in vivo [86]. Intriguingly, at least in the case of K-Ras, neither
the G-domain alone in solution nor the full length protein on artificial membranes were
able to drive dimer (or cluster) formation at physiologically relevant concentrations,
arguing for the requirement of scaffolding mechanisms on the membrane for efficient
multimer formation. Among other mechanisms, previous experimental and computational
investigations suggest that targeting to nanoscopic membrane compartments could be an
effective means to promote Ras multimer formation. The membrane compartments could
not only increase the local concentration of Ras by orders of magnitude but also bring in
additional lipids (such as phosphotidylserine) or proteins (such as galectins) to further

support Ras-Ras interactions.

With existing data strongly supporting a critical role of specialized membrane
compartments in regulating the signaling activity and specificity of Ras, it is imperative to
define the molecular and structural identities of the Ras-associated membrane
compartments to fully elucidate how Ras operates on the membrane. Efforts to identify
these membrane compartments have been met with severe technical challenges, primarily
due to the complexity of biological membranes in composition, structure, and dynamics.
The plasma membrane comprises hundreds of lipid, protein, and other species, and the
membrane compartments could span length scales from nanometers to microns and time
scales as short as milliseconds. Although immuno-EM has been routinely used for
observing Ras nanoclusters, it is devoid of chemical specificity other than for the immuno-

labeled target(s). In fact, Ras nanoclusters were first reported in 2001, but it was not until
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~2014 that common lipids species such as phosphoinositol phosphates (PIPs) and
phosphatidylserine (PS) were separately identified in the associated membrane domains
[153]. The Ras nanocluster-associated membrane compartments have also never been
directly visualized, perhaps because these compartments do not have a strong enough
contrast under TEM. Potential connections between Ras nanoclusters with caveolae or the
actin cytoskeleton were based on indirect evidence and using harsh perturbations. More
recently, quantitative SRM based on single-molecule localization microscopy has been
successfully used to visualize Ras dimers in cells. While SRM with 4+ colors have been
demonstrated [154], it is still difficult to use SRM to directly analyze the molecular and
structural identities of the Ras-associated membrane compartments without having a short
list of imaging targets. In consequence, up until now there is little information available
about the membrane compartments where Ras forms multimers and potentially also

interacts with effectors.

For the complementary information afforded with SRM and EM, in the past five years
there have been increasing efforts to combine SRM and various EM contrast mechanisms
at both room and cryogenic temperatures for high-resolution imaging of biological targets.
In particular, we and others have used correlative SRM and scanning EM (SEM) to
investigate specific cellular targets (SRM) along with the ultrastructural details of the
biological context. In our workflow, SRM is performed on hydrated samples, followed by
SEM sample processing and imaging; this avoids loss of SRM signals typically associated
with correlative SRM — EM workflows, which is critical for quantitative SRM. Compared
with transmission EM (TEM, as commonly used for immuno-EM), SEM is both more

convenient for samples on SRM-compatible substrates, such as prepared membrane sheets
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on ITO-coated coverslips. With moderate staining and coating SEM also benefits from the
rich contrast from various membrane-associated structures such as the cortical cytoskeleton
that are more difficult to directly visualize in TEM. We reasoned that, by combining SRM
with SEM, it may be possible to identify the Ras-associated membrane compartments along

with the connected cortical cytoskeleton multimers based on their morphological features.

In the present work, we have combined quantitative SRM with SEM to visualize the
spatial organization of Ras on the cell membrane along with the associated membrane
ultrastructures. Here, SRM allows localization of single H- or K-Ras molecules tagged with
PAmCherryl, a photoactivatable derivative of mCherry, on membrane sheets prepared on
ITO-coated coverslips at ~20 nm spatial resolution. SEM imaging of the membrane sheets
in the same field of view reveals both the cortical cytoskeleton, clathrin-coated pits (CCPs),
and various vesicular structures. Using feature extraction algorithms, the various
membrane ultrastructures could be identified in the SEM images, and the abundance of Ras
within ~20 nm to each structure was quantitated in the overlaid, correlative SRM — SEM
images, based on which the potential associations between H- or K-Ras and the
ultrastructures were determined. Using single-molecule counting, we further analyzed Ras
clustering on the membrane with respect to the nanoscale localizations and stoichiometry
of the Ras clusters in the SRM images as well as their associations with specific membrane
ultrastructures in the correlative SRM — SEM images. Lastly, we investigated whether Ras
signaling is correlated with clustering in specific membrane compartments by quantitating
the spatial organization of Ras and its relationship to the membrane ultrastructures under
perturbations that disrupt the structures. Results from these imaging experiments and

analyses clearly revealed an isoform-specific preference in the associations between Ras
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clusters and the various membrane ultrastructures, which dictates not only the locations but
also the stoichiometry of the Ras clusters. Additionally, the impact of disrupting subsets of
the membrane ultrastructures on Ras signaling was also isoform-specific. Our work for the
first time provided direct insight into the structural and compositional identities of the
membrane compartments in which Ras clusters form and potentially interact with effectors.
Given the importance of abnormal Ras signaling in cancer and the dependence of Ras
activity on membrane organization, potential strategies for inhibiting mutant Ras by

disrupting their spatial context could be developed.

3.2. Results

3.2.1. Correlative SRM and SEM enables nanoscopic imaging of Ras and

membrane ultrastructures at once.

To visualize both Ras molecules and their associated membrane compartments, we
prepared membrane sheets from cells expressing PAmCherry1 tagged tH, tK, H-Ras®!?,
and K-Ras®'?® mutants. Here tH and tK are the HVRs of H-Ras and K-Ras, which are
responsible for trafficking and anchoring Ras to the plasma membrane. For the full length
proteins, we focus on H-Ras®*?V and K-Ras®'?P because these mutants are constitutively

active and useful for studying the impact of spatial organization on downstream signaling.

The membrane sheets were first imaged with SRM based on photoactivated
localization microscopy (PALM) (Fig 3.1a). Despite ITO coating on the coverslips, we
achieved 20-30 nm spatial resolution with SRM, which is comparable to previous results

from cells grown on uncoated coverslips. The sample was subsequently processed with
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moderate heavy metal staining, dehydration, drying and carbon coating for SEM imaging
(Fig 3.1a). SRM and SEM imaging of the same membrane sheet was achieved by searching
for the same markings on the substrate in the two modalities, and the resulting images were
registered using 100 nm gold nanoparticles as previously described [114]. Zoom-in region
of Fig 3.1b shows the precise registration between the SRM and the SEM images of the
same membrane sheet (Fig 3.1b). From the registered images, localization of Ras
molecules with membrane structures can be directly observed. For example, there is clear
colocalization of H-Ras®!2V with large membrane vesicles at the membrane sheet, which

showed as round and dark from SEM image (Fig 3.1b red arrows).
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Figure 3.1 Correlative SRM and SEM imaging for visualizing Ras at membrane
ultrastructures. (a) Workflow of correlative SRM and SEM imaging of prepared
membrane sheets. (b) SRM, SEM-SE and SEM-BSE images taken from the same region
of a membrane sheet. Gold nanoparticles (100 nm in size) appeared in both the SRM and
the SEM images and were used for image registration.
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In our correlative workflow, three imaging contrasts, fluorescence (FL), secondary
electron (SE) and backscattered electron (BSE), of the same field of view were obtained.
As SE and BSE images highlight structures from the top and bottom of the sample,
combination of the two contrasts during SEM imaging offers more complete information
of the membrane ultrastructures. In both SE and BSE images of prepared membrane sheets,
a network of cortical filaments and various membrane vesicles on the inner leaflet are
clearly resolved. To identify the filamentous network, we performed SRM imaging on the
membrane sheet stained with phalloidin-Alexa Fluor 647 (Fig 3.2). At least a subset of the
network overlapped well between the SRM and the SEM images. We therefore attribute
the filaments observed in SEM images to cortical F-actin. During SRM imaging, we
observed a constant dissociation of phalloidin from actin filaments, leading to an

incomplete staining, which may account for the partial overlap.

Figure 3.2 Correlative SRM and SEM imaging of actin at the membrane sheet
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Visual inspection of the SEM images revealed the two main features: filaments and
vesicles. Since the two features are distinct in morphology and dimension, we developed a
simple computer algorithm for automated feature extraction. For this analysis, we typically
use SEM-BSE images because of the cleaner background and better separation between
the ultrastructural features than SEM-SE images. We first used intensity thresholding
(Otsu’s method [155]) to segment the SEM-BSE image into membrane vesicles (heavily
stained) and filaments (lightly stained), followed by morphological operations (dilation and
opening) to remove small objects and refine segmentation. This segmentation procedure is
demonstrated in Fig 3.3a. In the segmented images (Fig 3.3a, third column), features in

black represent membrane vesicles, and those in grey represent filaments.

Next, to quantitate the spatial distribution of Ras molecules relative to these structures,
we calculated the distances from each Ras molecule to the segmented features. Ras
molecules that were within 20 nm to (including those that overlap with) a feature are
assigned to the feature. We chose 20 nm as the cutoff distance based on the localization
uncertainty in SRM imaging. Of note, the same Ras molecule may be assigned to multiple
features if the calculated distances were all within 20 nm; conversely, a Ras molecule may
be omitted if none of the distances were within 20 nm. As demonstrated in Fig 3.3b, the
green dots are Ras molecules proximal to the vesicles, the red dots are those assigned to

filaments, and the yellow dots are those assigned to both features.

After assigning each molecule to the segmented features, we were able to calculate
the fraction of Ras molecules localized to either the cortical cytoskeleton or the membrane
vesicles. Overall, we observed a much higher fraction of Ras molecules proximal to the

cortical cytoskeleton than to the membrane vesicles. This is mostly attributed to relative
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abundance between the two features, i.e., the density of the cortical cytoskeleton is much
higher than that of the membrane vesicles. Therefore, for each correlative image, we
always generate ~100 simulated datasets with randomly distributed Ras molecules at the
measured molecule density overlaid on the same SEM image. These simulated datasets are
analyzed the same way as experimental images to obtain the mean and the standard
deviation of the fraction of Ras molecules on either feature as expected from a random
distribution. Results from the experimental and the simulated datasets were then compared

to determine whether Ras preferentially localizes to either membrane feature.
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Figure 3.3 Statistical analysis of Ras association with the membrane ultrastructures.
(a) Segmentation of vesicles and filaments of SEM image. Images are membrane of U20S
cells expressing PAmCherryl-tK. Features in black represents vesicles and features in grey
represents filaments. Ras localization determined by SRM was then used to analyze their
proximity to these segmented structures. (b) Proximity quantification of Ras molecules to
the membrane structures. Green dot represents Ras molecules within 20 nm distance to
vesicles, red dot represents Ras molecules within 20 nm distance to membrane filaments,
and the yellow dots are those proximal both features.
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3.2.2. tH and H-Ras®?V preferentially localize to membrane vesicles and

clathrin-caoted pits
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Figure 3.4 Preferential localization of tH and H-Ras®'?Y to membrane vesicles and
CCPs. (a) Correlative SRM and SEM images showed strong preference of tH localization
of membrane vesicles and CCPs. (b) Quantitative analysis of proximity of tH to membrane
vesicles and filament network at tH densities from ~10 to ~90 molecules/um?. (c)
Correlative SRM and SEM imaging of H-Ras®'?V showed its high localization preference
to membrane vesicles and CCPs. (d) Quantitative analysis of proximity of H-Ras®*?V to
membrane vesicles and filament network at H-Ras®!2V densities ranging from ~10 to ~100
molecules/um?.

Quantitative analysis of the correlative images from membrane sheets expressing
PAmCherry1-tH or full length H-Ras®*?V revealed a slight but significant preference of
both tH and H-Ras®*?V localizing to membrane vesicles and CCPs. This preferred
localization is first evident from visual inspection of the images (Figs 3.4a and c) and is

clearly demonstrated in the quantification results (Figs 3.4b and d). For tH, the fractions of

74



molecules proximal to vesicles and to filaments were typically around 36% and 67%,
respectively, and the fractions from random datasets were 26% and 78%, respectively. Of
note, the sum of the two fractions in both datasets was greater than 100% because some
molecules were assigned to both structures. In other words, the fraction of tH associated
with membrane vesicles is about 10% higher than random distributions; by contrast, the
fraction of tH next to the cortical cytoskeleton is about 11% lower than random. These
numbers are almost identical to those of full length H-Ras®!?V, indicating a similar
partitioning of H-Ras-GTP to that of tH between the cortical filaments and the membrane

vesicles.

The preferred localization of both tH and H-Ras®!?¥ to membrane vesicles was
observed across a wide range of expression levels. With single-molecule counting based
on the SRM images, we determined that the membrane sheets expressed tH or H-Ras®*?V
at molecular densities ranging from ~10 to ~100 molecules/um?, which allowed us to
investigate how the localization of tH and H-Ras®'?Y may change with the expression level.
As shown in Figs 3.4b and d, the difference between experimental and simulated data
remained almost constant across all molecular densities above 20 molecule/pum?.
Interestingly, at very low molecular densities (10-20 molecules/um?), both tH and H-

Ras®'?V showed a stronger preference to membrane vesicles.
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3.2.3. tK and K-Ras®¥?P preferentially localizes to the vicinity of cortical

cytoskeleton
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Figure 3.5 Preferential localization of tK and K-Ras®*?P to the vicinity of cortical
cytoskeleton. (a) Correlative SRM and SEM images showed tK localizing to vicinity of
cortical actin network. (b) Quantitative analysis of proximity of tK to membrane vesicles
and filamentous network at tK densities from ~10 to ~110 molecules/um?. (c) Correlative
SRM and SEM imaging of K-Ras®'?® showed its localization is excluded from vesicles
and CCPs. Instead, localization of K-Ras®'?P showed high preference to filamentous
network. (d) Quantitative analysis of proximity of K-Ras®'?P to membrane vesicles and
filament network at molecule densities ranging from ~10 to ~150 molecules/um?.

While the abundance and arrangement of the vesicles and filaments are similar

between tK/K-Ras®?® and tH/H-Ras®?V expressing membrane sheets, the spatial
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distributions of tK and K-Ras®?P are clearly different from tH and H-Ras®'?". Specifically,
most tK and K-Ras®'?P molecules are localized to membrane regions next to the cortical
cytoskeleton. At high expression levels, many tK and K-Ras®*?P molecules even tracked
the cortical filaments (Fig 3.5a). Only a minor fraction of tK or K-Ras®*2® molecules were
observed on or next to membrane vesicles. Moreover, both tK and K-Ras®?P were
essentially excluded from the CCPs (Fig 3.5¢). Using the same quantitative analysis
described above, we found that the fractions of tK proximal to the vesicles and to the
filaments are typically around 17% and 87%, respectively; those from simulated random
datasets are 25% and 78%, respectively. Hence, the fraction of tK associated with the
cortical cytoskeleton is about 9% higher than random distribution. The spatial distribution
of K-Ras®!?P is almost identical to that of tK. About 15% and 88% of K-Ras®'?® molecules
are proximal to membrane vesicles and filaments respectively, while the fractions from
random datasets are about 26% and 77% respectively. Similar to the case of tH and H-
Ras®!?V| the same pattern holds across a wide range of expression level of about 10-150
molecules/um?. Interestingly, at low molecule densities (below 20 molecules/um?), K-
Ras®!?P showed a stronger preference to the cortical filaments than at higher molecular

densities, which was not observed for tK.
3.2.4. H-Ras and K-Ras multimers differ in location, density, and size.

Recent evidence suggests that Ras multimers, such as clusters and dimers, may be the
active signaling units of Ras [156]. In all four cases (tH, H-Ras®*?V, tK, and K-Ras®'?P),
formation of multimers was evident in the SRM images. To investigate the association
between Ras multimers with either membrane compartment, we analyzed the location and

the size of H-Ras®'?V and K-Ras®?® multimers. Multimer identification and size
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calculation were performed using simulation-aided DBSCAN [156] as described
previously, which defines spatial clustering of point patterns based on variations in local
molecular densities. After defining the multimers and the monomers, the spatial locations
of each species relative to either membrane feature were analyzed as described for the
whole population. This allows us to determine which type of membrane compartment is

associated with H-Ras®'?V or K-Ras®'?P multimers in comparison with their respective
p p
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Figure 3.6 H- and K-Ras clusters differ in their membrane localization and cluster
density. (a) Localization of H- and K-Ras clusters and monomers to filaments or vesicles.
(b) Relationship between Ras cluster density and Ras molecule density. The Densities of
both tH and H-Ras®'?V clusters reached a plateau beyond 60 molecules/um?, while those
of tK and K-Ras®?P clusters kept increasing linearly with Ras molecule density up to 150
molecules/um?. (c) Relationship between fraction of Ras molecules forming clusters and
Ras molecule density.
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We found that in all cases, the Ras multimers showed even stronger preference to a
membrane compartment than the corresponding monomers. For tH and H-Ras®?V,
approximately 52% of the multimers colocalize with the membrane vesicles, compared
with approximately 15% for the monomers. For tK and K-Ras®!?P, the multimers are
predominantly (>82%) found at the cortical cytoskeleton. In comparison, only ~60% of the
monomers are localizing to the filaments (Fig 3.6a). From Figs 3.4 and 3.5, we anticipated
~25% and ~75% of randomly distributed Ras species (multimers or monomers) to be
located in proximity to the vesicles and the cortical cytoskeleton, respectively. Thus, we
concluded that whereas the Ras monomers roughly follow a random distribution on the
membrane, the Ras multimers have a strong preference for either membrane compartment,
with H-Ras®*2V multimers preferring the membrane vesicles and K-Ras®'?P the cortical

cytoskeleton.

Interestingly, multimers of H-Ras®'?" and K-Ras®?P also differ in density and size,
which refer to the number of multimers per unit area and the number of Ras molecules per
multimer, respectively. The densities of both tH and H-Ras®?Y multimers reached a
plateau beyond 60 molecules/um?, while those of tK and K-Ras®'?P multimers kept
increasing linearly at a Ras density of up to 150 molecules/um? (Fig 3.6b), which is the
highest density measured in our experiments. For tH and H-Ras®!?V, the percentage of
molecules forming clusters was increasing from 10% to ~38% within the molecule density
at 10-60 molecules/um?. After it peaked at ~38%, the fraction gradually decreased to ~25%
as molecules density continued to increase up to ~100 molecules/um?. Similar increasing
trend was observed with tK and K-Ras®'?P within the density at 10-80 molecules/um?. But

the fraction stays constant at ~40% beyond 80 molecules/um? (Fig 3.6c).
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distributions of H-Ras®'?" and K-Ras®?P clusters in either vesicles or cytoskeleton.

We also observed that H-Ras®*?V has a significantly higher fraction of large (>2 Ras
molecules) multimers than K-Ras®*?P at all Ras molecular densities (Figs 3.7a). As the
density of Ras molecules increases, H-Ras®*?V multimers became larger in size but the

multimer density plateaued at 6-7 per um?. By contrast, K-Ras®*?® predominantly remains
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dimeric even at high molecular densities. These results suggest that H-Ras®*?V tends to
form larger multimers in membrane vesicles and K-Ras®'?P tends to make dimers in
compartments related to cortical filaments, indicating that potentially different mechanisms

drive the multimer formation of Ras in the two membrane compartments.

3.2.5. Ras dimers predominantly localize to the cortical cytoskeleton, and

larger multimers to the vesicles

Since H-Ras®?V and K-Ras®!?P preferentially form multimers at the membrane
vesicles and the cortical cytoskeleton, and the two Ras isoform predominantly forms
dimers and mixed dimers and larger multimers, we asked whether the size of Ras multimers
has a direct relationship with the associated membrane compartment. To address this
question, we analyzed the multimer size distributions of both H-Ras®'? and K-Ras®'?P in
either membrane compartment. As shown in Fig 3.7b, both H-Ras®'?V and K-Ras®!?P
dimers are predominantly associated with the cortical cytoskeleton. The fractions of H-
Ras®!?V dimers associated with the membrane vesicles and the cortical cytoskeleton are
19% and 45%, respectively. For K-Ras®'?P, the fractions of dimers associated with the

membrane vesicles and the cortical cytoskeleton are 11% and 69%, respectively.

By contrast, we found that larger Ras multimers (3-mer and up) are predominantly on
membrane vesicles. For H-Ras®*?V, 36% of the multimers are the trimers and up; when
separated by membrane compartments, ~28% and ~7% out of the 36% multimers are
associated with the membrane vesicles and the cortical cytoskeleton, respectively. For K-
Ras®1?P, 19% of the total multimers are the larger ones, out of which ~12% and ~7% are

associated with the membrane vesicles and the cortical cytoskeleton, respectively.
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Based on this analysis, we conclude that both H-Ras and K-Ras predominantly forms
dimers in the cortical cytoskeleton-associated membrane compartment, and the vast
majority of larger Ras multimers are formed in the membrane vesicles. Thus, it appears
that the membrane compartment dictates the size of Ras multimers regardless of the
isoform, indicating that the two types of the membrane compartments may drive Ras

multimer formation through different mechanisms.

3.2.6. Ras cluster-associated membrane vesicles are dynamin-dependent

endocytic precursors

Currently, the identities of the membrane vesicles associated with Ras multimers are
unknown. Since some H-Ras®'2¥ multimers were found on the CCPs, we asked whether
eliminating the CCPs, for example through inhibition of dynamin, would cause H-Ras®!2V
to redistribute to other membrane compartments. For this purpose, we used Dyngo 4a, a
potent dynamin inhibitor that blocks the scission of newly formed CCPs. To our surprise,
treating U20S cells with Dyngo 4a caused a massive loss of all the heavily stained
membrane vesicles and not just the CCPs (Fig 3.8a). Indeed, previous reports suggested
that several endocytic precursors including CCPs, caveolae, and RhoA-dependent
endocytic vesicles, all depend on dynamin [157]. An increased membrane localization of
both H-Ras®'?Y and K-Ras®'?P was observed with Dyngo treatment (Fig 3.8b), indicating
that dynamin inhibition leads to accumulation of both H-Ras®*?" and K-Ras®!?P at the cell
membrane. Therefore, at least a subset of these dynamin-dependent vesicles is responsible

for endocytic trafficking of both Ras isoforms.
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3.2.7. Raf activation by H- and K-Ras has differential dependence on the

multimer compartments

With insight into the two compartments where Ras forms multimers, we next sought
to understand how the two compartments regulate Ras signaling. With Dyngo 4a treatment,
the membrane vesicles were eliminated, leading to an accumulation and spatial
redistribution of both H-Ras®!2" and K-Ras®!?P at the membrane (Fig 3.8b). In treated cells,
only ~20% of H-Ras®'?" or K-Ras®?P molecules were associated with residual vesicles,
which is comparable with random distribution (Figs 3.8f and g). In addition, Dyngo 4a
treatment also decreased the preference of H-Ras®!2Y multimers to membrane vesicles. H-
Ras®!?V still forms multimers, but only about 25% of H-Ras®?V multimers were
colocalized with the membrane vesicles (Fig 3.6a), which is 17% lower than the control;
by contrast, 70% of H-Ras®!? clusters are now located next to the cortical cytoskeleton.
For K-Ras®?P, about 21% of the multimers were associated with membrane vesicles after

Dyngo 4a treatment, which is 9% higher than control (Fig 3.6a).

Next, we examined if the redistribution of H-Ras®'?" at the cell membrane affects its
downstream signaling. We focused on the Raf-MAPK pathway using ppErk (dually
phosphorylated Erk) as the readout, since previous studies on Ras multimers (including
dimers) clearly indicated a role of these structures in Raf-MAPK activation. We observed
that both H-Ras®!?V and K-Ras®'?P accumulated at the cell membrane with Dyngo 4a
treatment, but the impacts on Raf-MAPK signaling output were opposite between the two
Ras isoforms. Downstream ppERK signal of H-Ras®'?V decreased as a result (Fig 3.8d). In
contrast, downstream signal of K-Ras®'?P was amplified with increased K-Ras level (Fig

3.8e).
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Figure 3.8 Redistribution of H- and K-Ras at the cell membrane by Dyngo 4a
treatment leads to differential isoform-specific signaling outputs. (a) SEM-BSE images
of membrane sheets with or without Dyngo treatment. An obvious decrease of membrane
vesicles and CCPs was observed with the treatment. (b) Confocal florescence images of
U20S cells with or without Dyngo treatment. Both H-Ras®'?V and K-Ras®?P were
accumulated at the cell membrane after Dyngo treatment. (c) Correlative SRM and SEM
images showed redistribution of both H-Ras®*?V and K-Ras®!?P at the cell membrane. (d)
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Western blotting demonstrating the effect of Dyngo treatment on Raf-MAPK (as indicated
by ppErk) activation in U20S cells expressing PAmCherryl-H-Ras®'?V. (e) Western
blotting demonstrating the effect of Dyngo treatment on Raf-MAPK activation in U20S
cells expressing PAmCherryl-K-Ras®?P, (f) Quantitative analysis of proximity of H-
Ras®?V to membrane vesicles and filament network with Dyngo treatment. (g)
Quantitative analysis of proximity of K-Ras®*?® to membrane vesicles and filament
network with Dyngo treatment.

We also examined whether disruption of the cortical cytoskeleton would affect Ras
membrane localization and downstream signaling. To this end, we treated the cells with
cytochalasin-D (1 uM) for 30 minutes. Cytochalasin D blocks actin polymerization and
filament elongation [158]. When examined using SEM, membrane sheets from cells treated
with cytochalasin-D showed loosened actin bundles of ~2 um wide in comparison with the
untreated membrane sheets, where the bundles were much tighter (~200 to 500 nm wide)
and straight (Fig 3.9a). However, this treatment did not dissolve filaments and had limited
effect on disrupting the finer cortical cytoskeleton network. The meshwork of thinner
(typically <50 nm) cortical filaments apparently survived cytochalasin D treatment (Fig
3.9a). Using western blotting, we also did not observe a significant effect on H-Ras or K-
Ras mediated Raf-MAPK activation from cytochalasin-D treatment (Figs 3.9b and c).
Other actin polymerization inhibitors such as latrunculin-A was too hash to the cells to

allow reliable membrane sheet preparation and thus were not pursued further.

These results confirmed the differential effects of the two membrane compartments,
particularly the membrane vesicles, on the spatial organization and signaling of H-Ras and
K-Ras. The formation of membrane vesicles, including CCPs are important membrane

ultrastructure that organizes H-Ras®*2V clusters and facilitates their downstream signaling.

85



b U20S/PAmCherry-H-Ras®'?V

Dox (ng/mL) 0 0.5 1 2 5
Cytochalasin D
(1 uM; 30 min) + + + +

PAmCherry-K-Ras®120 |
(65 kDa)

ppErk (42/44 kDa) I S .

Erk(42/44kDa)|—c.— —— ——— — —‘

Tubulm(SOkDa)|-— — e e G e —.—‘

U20S/PAmCherry-K-Ras®'?®

Dox (ng/mL) 0 0.5 1 2 5
Cytochalasin D
(1 pM; 30 min) * * * *
PAmCherry-K-Ras®'?® | e |
(65 kDa)

ppErk (42/44 kDa) | =

Erk (42/44 kDa) [onm o s e e e e o |

Tubulin (B0 kD) [ wm- - - - - - o - -]

Q.
o®

H-Ras®'?Y+Cytochalasin D K-Ras®'?P+Cytochalasin D

o
o
7
-
=

o @ .

£05]  eevcme 800 ® wevessy s £08] emess m8s 0 00 gay o .
9
‘5 0.6 o A with Cy S 061 ® A ith Cy
= A Molecules A iated with Vesi = 4 Molecules Associated with Vesicles
s o Molecules Associated with Cy 5 o Molecules A with Cy
5 0.4+ A Random-Molecules A d with Vesicles 5 0.4 A Random-Molecules A d with
= £~
§02_ AAAAMA Y DAA A AfA L AApA & §02 4adha B A0 4 54 fapp L2 Iy
uw Y. & 0.24
0.0 T T T T 1 0.0 T T T T T T T 1
0 20 40 60 80 100 0 20 40 60 80 100 120 140 160

Ras Molecule Density
(Number of Mnleculeslumz)

Ras Molecule Density

(Number of Molecules/um?)
Figure 3.9 Effect of cytochalasin D treatment on cortical actin network and Ras
distribution at the cell membrane. (a) SEM images of membrane sheet with or without
cytochalasin D treatment. (b) Western blotting demonstrating the effect of Cytochalasin D
treatment on Raf-MAPK activation in U20S cells expressing PAmCherry1-H-Ras®?V. (c)
Western blotting demonstrating the effect of Cytochalasin D treatment on Raf-MAPK
activation in U20S cells expressing PAmCherry1-K-Ras®'?P. (d) Quantitative analysis of
proximity of H-Ras®*?V to membrane vesicles and filament network with Cytochalasin D
treatment. (e) Quantitative analysis of proximity of K-Ras®'?® to membrane vesicles and
filament network with Cytochalasin D treatment.
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3.3. Discussion

Despite strong evidence that different Ras isoforms are spatially segregated into
different membrane compartments, the molecular and structural identities of the membrane
compartments have mostly been indirectly inferred. We have used correlative SRM and
SEM to investigate how Ras signaling in cells is spatially regulated by specialized
membrane compartments. By taking advantage of the complementary information offered
through SRM and SEM, we were able to directly visualize and identify the various
membrane compartments associated with multimers of H-Ras or K-Ras. We further show
that the membrane compartments had a major influence on how the Ras proteins form
multimers regardless of the isoform. Lastly, we provide direct evidence that Ras isoform
needs to be in the correct membrane compartment to activate its effectors. These results
highlight the critical importance of the membrane, and in particular the heterogeneous

membrane compartments, in governing the biological activities of Ras in cells.

Through quantitative analysis of the correlative SRM-SEM images, we were able to
directly visualize and identify the membrane ultrastructures associated with the different
multimeric states of each Ras isoform. When counting the whole population, H-Ras and
K-Ras have a weak preference over the membrane vesicles and the cortical cytoskeleton.
When separated by multimeric states, it became apparent that monomers of H-Ras and K-
Ras are essentially randomly distributed across the membrane and that it is the multimers
that are associated with specific compartments with a strong preference. For H-Ras®*?V, its
multimers are found more often in various membrane vesicles (including CCPs), and this
localization appears to be driven by its HVR, because tH showed almost identical

partitioning between the two compartments. For K-Ras®?®, the multimers are
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predominantly associated with the cortical cytoskeleton, and the localization is also
apparently driven by its HVR. Based on the same reasoning, it is likely that the G-domain
of either Ras isoform did not play a major role in driving multimer localization. Hence, we
expect the multimers of wild type Ras (GDP) to also follow a partitioning pattern between
the two compartments to the corresponding Ras-GTP and HVR. That said, the exact nature
of the compartments to which each of the Ras constructs (HVR, Ras-GDP, and Ras-GTP)
localizes may still be different. After all, our current, simple classification of all vesicles

or all membrane regions linked to the cortical actin to a single type may not be adequate.

A major finding from our work is that most, if not all, of the membrane vesicles
associated with H-Ras are dynamin-dependent. These vesicles are likely endocytic
precursors, and at least a subset of these is responsible for endocytic trafficking and
subsequent turnover of H-Ras, because elimination of these vesicles through dynamin
inhibition increased overall Ras protein level as well as the membrane localization of H-
Ras. The treatment displaced H-Ras from the vesicles, after which H-Ras formed dimers
proximal to the cortical cytoskeleton; surprisingly, these H-Ras multimers were not able to
activate Raf-MAPK, underscoring the importance of these dynamin-dependent vesicles to
H-Ras signaling activity. Additionally, this observation also indicates that, while H-Ras
can form multimers in the cortical cytoskeleton membrane compartment, those H-Ras
multimers may not be able to activate Raf-MAPK. By contrast, although K-Ras multimers
were also found in small numbers on the same type of vesicles, eliminating these vesicles
enhanced K-Ras activation of Raf-MAPK. This is likely because K-Ras signaling relies on
the multimers at the cortical cytoskeleton sites, where the most K-Ras multimers reside.

This is consistent with previous reports that the actin cytoskeleton seems to be involved in
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K-Ras nanocluster formation, although no direct colocalization between actin filaments
and K-Ras nanoclusters have been observed prior to our work. Thus, H-Ras and K-Ras not
only form multimers in distinct types of membrane compartments, but also depend on their

respective multimer compartments for signaling.

Dynamin has been implicated in several endocytic pathways, including CCP,
caveolae, and RhoA-dependent endocytosis. While the differential role of endocytosis in
signaling of H- and K-Ras have been examined before, previous studies point to clathrin-
independent mechanisms for Ras signaling [159]. Our imaging results provide direct
evidence that the CCPs, or clathrin-dependent endocytosis, may also be involved in
multimer formation and signaling at least in the case of H-Ras. Of note, K-Ras is essentially
excluded from the CCPs. Clathrin-mediated endocytosis, as a major endocytic pathway,
has been shown to play an essential role for sustained EGFR signaling [160]. CCPs
enhances the EGFR signaling by recycling the molecules to the membrane and thereby
prolongs the duration of signaling. The role of CCPs in H-Ras signaling needs to be further
investigated. One possible explanation for H-Ras localization to CCPs is that H-Ras, as a
downstream signaling molecule of EGFR, is recruited to the CCPs as part of the EGFR

signaling complex.

Aside from CCPs, we also observed localization of H-Ras multimers on unknown
membrane vesicles that were typically 100 -150 nm in diameter and also seem to attach to
the cortical cytoskeleton. These characteristics are consistent with caveolae and RhoA-
dependent endocytic vesicles, which are typically in the ~100 nm size range and also
involve actin in their biogenesis and invagination, but the identities of these small vesicles

still need to be accurately defined. Work along this line is currently underway. We note
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that, dynamin inhibitors such as Dynasore were shown to have side effects such as
depletion of membrane cholesterol [157], thereby offering an alternative explanation to the
observed loss of vesicles if the latter depend on cholesterol. It is unclear whether Dyngo
4a has the same effect on cholesterol; in all of our Dyngo 4a treatments, we did not observe
increased cell rounding or other apparent adverse effects (Figs 3.6a and b) as seen in
cholesterol depletion experiments using cyclodextrins (data not shown). Thus, it is possible
that Dyngo 4a does not impact membrane cholesterol as Dynasore. Even if it does, it would
have directly eliminated caveolae, among other vesicles, which were also dynamin-
dependent. Therefore, the general conclusion that H-Ras multimers are associated with

dynamin-dependent vesicles should remain valid.

Our work also provides evidence for the use of ‘scaffold’ mechanisms to facilitate
Ras multimer formation, at least in the cases of H-Ras and K-Ras. Recently, there have
been efforts to reconstitute Ras multimers on artificial membranes, using synthetic or
native membrane linkers. For H-Ras, while it was originally reported that dimers were
detected in a concentration (density) dependent manner on supported lipid bilayers [84],
the observation was later shown to be an artifact due to photo-induced oxidation of Tyr 64
[85]. For K-Ras, the proteins were not able to dimerize over a wide range of concentrations
or lipid compositions, even when phosphatidylserine was included. Thus, it appears that
merely attaching Ras to the membrane is not sufficient to drive multimer formation. In
single particle tracking (SPT) experiments, both H-Ras and K-Ras have been found to
make transient ‘stops’ at the membrane, which were hypothesized to be regions, or

scaffolds, on the membrane that mediate multimer formation [77].
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Among other scaffolding mechanisms, localization to specialized, nanoscopic
compartments such as the nanoscopic membrane vesicles, may offer an effective means to
promote Ras multimer formation. Thus, for H-Ras, the scaffolds for multimer formation
are offered in part through localization to dynamin-dependent endocytic vesicles. When all
available vesicular compartments are occupied, no more H-Ras multimers would form.
Instead, the H-Ras multimers could simply become larger, thus explaining why H-Ras
multimer density reaches a plateau at high molecular densities. Our results also suggest
that more than two Ras molecules can target to the endocytic vesicles to give rise to larger
multimers (3-mers and up), which holds true for both H-Ras and K-Ras. We note that,
compared to H-Ras, K-Ras only has a minor fraction targeted to the endocytic vesicles, in
good agreement with the well-known fact that H-Ras has more active cycling between the

plasma membrane and the cytoplasm than K-Ras [159].

Parallel to this passive targeting to membrane structures, recently there has been
increasing evidence to support an active mechanism that drive protein multimer formation
through dynamic polymerization and contraction of cortical actin filaments [161]. In this
mechanism, a small ‘aster’ of polymerizing actin filaments pushes membrane proteins to
form transient nanoclusters. Even classical ‘lipid raft’ markers such as GPI-anchored
proteins were found to form membrane nanoclusters through this mechanism. In the present
work, we found that K-Ras multimers predominantly form in membrane regions linked to
the cortical cytoskeleton, raising the possibility that K-Ras multimers may form through
this active mechanism. This hypothesis is supported by two pieces of evidence. First,
multimers found at the cortical cytoskeleton sites were predominantly dimers for both K-

Ras and H-Ras, suggesting a non-HVR driven multimer formation mechanism distinct
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from that facilitated through targeting to endocytic vesicles. Second, the anionic lipid
phosphatidylserine is implicated in the actin-driven mechanism, which has also been

strongly implicated in K-Ras nanocluster formation in a few recent studies [82].

Currently, it remains unclear how K-Ras connects to the cortical cytoskeleton. Unlike
other Ras isoforms, K-Ras4B HVR contains a single farnesyl modification and positively
charged polylysine sequence. Earlier study has identified Serine 181 as a specific
phosphorylation site required for oncogenic function of mutant K-Ras [162]. This site has
also been implicated in targeting to membrane microdomains and regulation of
downstream signaling of K-Ras. Therefore, it is important to define if residual Ser-181
assists mutant K-Ras gaining affinity to cortical actin network. In addition,
phosphatidylserine, an anionic lipid, has been directly implicated in Ras cluster formation
[82], but our observation connects the lipids with Ras through actin. Further research is
needed to confirm if the affinity of K-Ras to cortical actin is established through

phosphatidylserine.

In conclusion, our study demonstrated the power of correlative SRM and EM in
revealing unseen details of biological molecules operating in a complex environment like
the membrane. Using this tool, we have revealed distinct roles of distinct membrane
compartments in organizing Ras small GTPases in an isoform-dependent manner. In
addition to gaining initial insight into the identities of the compartments associated with
H-Ras and K-Ras multimer formation and signaling, our results also suggest parallel
mechanisms of multimer dynamics that impact both Ras isoforms. These exciting new
insights motivate future work on further defining the molecular composition and dynamics

of the membrane compartments linked to the multimers of various Ras isoforms.
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Ultimately, these investigations may lead to novel strategies for targeting mutant Ras in

diseases like human cancer.

3.4. Materials and Methods

3.4.1. Molecular cloning and establishment of stable cell lines

We used a genetically encoded photoactivatable fluorescent protein, PAmCherryl, to
label C -terminal tail of H-Ras (tH), C -terminal tail of K-Ras (tK), H-Ras®*?V and K-
Ras®!?P mutants. To generate expression plasmids for PAmCherryl-tH, PAmCherryl-tK,
PAmMCherryl-H-RAS-G12V and PAmCherry1-K-RAS-G12D, PCR fragments used for In-
Fusion reactions were generated using Phusion High-Fidelity DNA Polymerase (M0530,
New England Biolabs). We used the In-Fusion PCR HD Cloning kit (639649, Clontech) to
generate genetic fusions in the pENTR (Life Technologies) backbones, and the Gateway
LR Clonase Il kit (11791, Life Technologies) to shuttle the resulting fusion constructs from
the entry clones to expression clones. Lentiviral backbone (pLenti-puro-CMV/TetOn,
17293, Addgene) was used for expressing these clones. Viral particles containing pLenti-
puro-CMV/Teton-PAmCherryl-tH, pLenti-puro-CMV/Teton-PAmCherryl-tK, pLenti-
puro-CMV/Teton-PAmCherryl-H-Ras-G12V or pLenti-puro-CMV/Teton-PAmCherry1-
K-Ras-G12D were generated using the ViraPower lentiviral packaging system (K497500,
Life Technologies), which were then used to infect U20S cells (HTB-96, ATCC) to make
stable cell lines expressing PAmCherry1-tH, PAmCherryl1-tK, PAmCherry1-H-Ras®?V or

PAmCherry1-K-Ras®*?P under tetracycline or doxycline regulation. Single clones were

93



isolated, grown out and assayed for repression of dox-induced gene expression; good

clones were used for subsequent studies.
3.4.2. Preparation of membrane sheet

Cells were cultured at 37°C and 5% CO: in DMEM supplemented with 10% FBS
(11995 and 10082 respectively, Life Technologies) and were plated on 25 mm diameter
coverslips (72225-01, Electron Microscopy Sciences). To obtain isolated membrane sheet,
cells are about 70% confluent before peeling. For Cytochalasin-D treated samples, cells
were incubated with 1 uM cytochalasin-D for 30 minutes at 37 °C and briefly washed
before peeling. To inhibit the formation of membrane vesicles and clathrin coated pits,

cells were incubated with 50 uM Dyngo® 4a (ab120689, Abcam) for 1 hour at 37 °C.

Membrane sheet are prepared according to the protocol from Prior 1A et al [ref]. #1.5
indium-tin-oxide (ITO) coated coverslips (06486-AB, SPI supplies) as a secondary surface
were coated with 1 mg/ml poly-L-lysine (P1399, Sigma-Aldrich). Cells growing on normal
coverslips (primary surface where cells originally growing on) were facing down and were
pressed onto the poly-L-lysine coated ITO coverslips by a cork. Two coverslips were then
carefully separated and membrane sheets attached to ITO coverslips were ripped off from
cells. Surface of ITO coverslips were gentling washed with KOAc buffer (25mM Hepes,
115mM KOAc, 2.5mM MgCI2, pH 7.4) and membrane sheets were fixed immediately with
3.7% PFA and 0.1% glutaraldehyde in KOAc buffer for 20 min at room temperature. Gold
particles (~100 nm in size, Cytodiagnotics, G-100-20) were added about 20—30 min prior

to imaging so they could adhere to the coverslip and be used as fiduciaries.
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3.4.3. Western Blot

For Western blotting, cells were plated in six-well plates at densities to reach
confluency in 24-48 h. Cells were treated as indicated and harvested using a RIPA cell lysis
buffer (Thermo Scientific, no. 89901) supplemented with a mixture of phosphatase and
protease inhibitors (ThermoFisher no. 88668) and a cell scraper. Collected cell lysates were
incubated on ice for 15 min and vortexed 3-5 times in the period. The lysates were then
centrifuged at 12,000 x g and 4 °C for 10 min on an Eppendorf 5424 centrifuge equipped.
Supernatants were collected and assayed with a BCA kit (ThermoFisher no. 23225) to
measure the total protein concentrations. Equal amounts (10-20 pg) of total proteins for
each sample were mixed with a 4x NUPAGE LDS loading buffer (Life Technologies, no.
NP0007), supplemented with B-mercaptoethanol (BME). The mixture is brought to the
correct volume with water, mixed, and heated at 95 °C for 10 min. After cooling down to
room temperature, samples were loaded into a Bris-Tris gradient gel (4-12%,
LifeTechnologies no. NP0323) and run at 110 V for 30 min and then 160 V for 60 min at
room temperature. Protein transfer was performed on a wet-transfer system at 200 mA for
90 min with water cooling, using a low fluorescence PVDF membrane (EMD Milipore no.
IPFL10100). Blots were incubated in blocking buffer (LICOR no. 927-40000), primary
antibodies diluted in blocking buffer, washed, followed by incubation with dye-secondary
antibodies for imaging on a LICOR Odyssey imager. Antibodies used for Western blotting
in this study are: H-Ras (Rabbit polyclonal, Santa Cruz Biotechnology no. sc-520), KRas
(Mouse monoclonal, Abcam no. ab55391), ppErk (Mouse monoclonal, Sigma-Aldrich no.
M9692), tubulin (Mouse monoclonal, Life Technologies no. 32-2600), and total Erk

(Mouse monoclonal, Cell Signaling Technology no. 4695).
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3.4.4. Correlative imaging on membrane sheet

SRM imaging was performed on a Nikon Ti-U inverted microscope equipped with a
Nikon 60x APO TIRF objective (NA = 1.49). Total internal reflection (TIR) illumination
was used in all SRM imaging experiments. An open source software, pManager [134], was
used to acquire raw SRM images. SRM image reconstruction was performed using home-

written scripts in Matlab (MathWorks, MA).

After PALM imaging, membrane sheets on ITO coverslips were stained with 0.3%
uranyl acetate solution (in water, pH=4.5) on ice for 1 hour. The samples were then
dehydrated by a graded series of ethanol (50%, 60%, 70%, 80%, 90%, 95% and three times
100%) at 20 minute intervals. Following dehydration, solvent was removed with a critical
point dryer (CPD300, Leica). Samples were then coated with 5 nm carbon using a Leica

ACE®600 coater before SEM imaging.

SEM images were taken at 2 kV with a FEI Helios 650 Nanolab FIB/SEM. Imaging
was performed using the solid state concentric backscatter detector at a working distance

of 4 mm.
3.4.5. Image analysis

SRM-SEM images were registered by 100 nm gold nanoparticles. Image registration
was done using custom scripts based on the Control Point Registration toolbox in Matlab
(Mathworks, Natick, MA). Typically a total number of 15-20 gold nanoparticles were used

to register each SRM-SEM dataset.

To categorize vesicles and filamentous structures in SEM image, a simple intensity

thresholding (i.e., Otsu’s method 1) was applied to segment membrane vesicles and
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filaments followed by morphological operation including dilation and erosion with chosen
parameters to remove small objects and refine segmentation. After segmentation, the
association of Ras molecules to segmented structures was determined by a colocalization
analysis. To quantify proximity of Ras molecules to these microdomains, we calculated the
distance from each Ras molecule to segmented microdomains and then assign each
molecule to the microdomains within 20nm distance. If a Ras molecule is within 20 nm to
both filaments and vesicles, it will be assigned twice to both filaments and vesicles since

the localization precision of SEM is 20 nm.

To determine if the quantification result of SRM-SEM images is statistical
significance, each SRM-SEM dataset was compared with a random condition. The random
condition was created by shuffling the Ras molecules in a SRM image with fixed molecule
density. This random distribution was then processed for a colocalization analysis with its
corresponding segmented structures in SEM images. We shuffled the SRM images 100
times for each SRM-SEM dataset and an average quantification data was used to compare

with experimental data.
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Abstract

In Chapter 2, we have established optimal workflows for correlative SRM and SEM.
In Chapter 3, we used correlative SRM and SEM to investigate the spatial organization and
signaling of Ras in its membrane context. We were able to identify two distinct membrane
compartments that regulate Ras multimer formation and signaling to Raf-MAPK, one as
dynamin-dependent endocytic vesicles and the other as the cortical cytoskeleton. Being
able to capture the morphological and structural characteristics, SRM-SEM offered
important insight into the potential molecular identities of the two membrane
compartments. Guided by these results, we propose to take advantage of multicolor
imaging capability of SRM to further define the two membrane compartments. In particular,
multicolor SRM allows in situ analysis of multiple molecular species at high spatial
resolution, which can be correlated to SEM using an identical workflow as established in
Chapters 2 and 3. This will provide more complete information about molecular
compositions of Ras multimer-associated membrane compartments and aid in uncovering

the biological identities of the membrane compartments.
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4.1. Introduction

Photoactivated localization microscopy (PALM) [101] and stochastic optical
reconstruction microscopy (STORM) [163] are two single molecule localization based
imaging methods that achieve image resolution beyond the diffraction limit. These
techniques use stochastic blinking of fluorescent probes so that their spatial localization
can be determined with subdiffration precision [154]. PALM utilizes genetically encoded
photoactivable/photoswitchable proteins that are tagged to the protein of interest. These
fluorescent proteins are not fluorescent prior to photoswitching or activation. Single
molecules are turned on in a stochastic manner, typically by irradiation with 405 nm laser.
By contrast, STORM relies on organic dyes and special buffer conditions to assist
photoswitching. Typical STORM imaging buffers contain catalase, glucose and glucose

oxidase in combination with a reducing agent.

To understand the complexity of biological systems, multicolor super-resolution
imaging is a powerful tool for detecting and locating a multitude of key molecular
components. Multicolor SRM imaging was first achieved by using dichroic mirrors and
bandpass filters to discriminate between fluorophores whose emission spectra are separated
by 50-100 nm [153]. Due to their wide spectrum and heavy crosstalk, fluorescent proteins
were rarely used in multicolor SRM imaging. Even with organic fluorophores, this filter-
based signal separation method limits the practical spectral resolution to 3-4 colors, which
requires 4-5 lasers and as expected, suffers from server spectral crosstalk between the

fluorescence channels.
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More recently, spectrally resolved stochastic optical reconstruction microscopy (SR-
STORM) [164] and multispectral super-resolution microscopy (MSSRM) [165] were
introduced for simultaneous imaging of four dyes with their emission maximum only 10
nm apart. The MSSRM was developed in our lab independently from the SR-STORM. In
the SR-STORM imaging setup, two opposing objectives were used in a wide-field scheme
to collect two images per fluorophore. The image collected through path 1 was used to
determine the position of each fluorophore. In path 2, a dispersing prism was placed at the
Fourier plane between the two relay lenses to generate spectra of the same fluorophore.
The MSSRM uses a single-objective to collect signals from the field of view, after which
the signals are split between a positional channel (~1/3) and a spectral channel (~2/3) for
simultaneous location and spectrum determination. These approaches allowed concurrent
four color SRM imaging using four spectrally overlapping dyes and a single-laser
excitation, with an effective spectral resolution of 10-15 nm. Due to the stringent
requirement in spectral resolution, SR-STORM and MSSRM demand robust

photoswitching and high brightness of all the fluorescent dyes.

While PALM and STORM are both capable of multicolor imaging with optimized
sample labeling, it is often difficult to combine PALM and STORM in a single experiment
due to the incompatibility of most fluorescent proteins with STORM imaging buffer.
Fluorescent proteins switch poorly in the STORM imaging buffer. For SRM imaging of
Ras, currently PAmCherryl remains the best probe because of the lack of isoform-specific
antibodies. Thus, extending the current SRM-SEM workflow to a multicolor scheme for
imaging Ras and the membrane compartments at once requires a solution other than

STORM or the related SR-STORM and MSSRM.
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Figure 4.1 DNA-PANT concept (left) and labeling strategy using DNA-conjugated
secondary antibodies (right) [165].

DNA-based point accumulation for imaging in nanoscale topography (DNA-PAINT)
is a recent strategy for cyclic super-resolution imaging without needing to use
photoswitching fluorophore or buffers. In DNA-PAINT, a target of interest is labeled with
an antibody conjugated to a short DNA oligo (the ‘docking strand’ or DS); a
complimentary DNA oligo is conjugated to a fluorophore (the ‘imaging strand’ or I1S) and
added to the solution at a concentration of a few nanomolar (nM). Transient binding of the
IS to their complementary DS creates the ‘blinking” at each target position to enable super-
resolution imaging via single molecule localization (Fig 4.1) [166]. DNA-PAINT is in
principle suited for multiplexed imaging because orthogonal DNA sequences can be used
to label multiple targets and the imaging strands can be washed out to permit multiple
rounds of labeling and imaging. Importantly, DNA-PAINT can be readily combined with
PALM to achieve more colors because the imaging buffer for DNA-PAINT is typically

PBS supplemented with sodium chloride, which is compatible with photoswitchable or
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activatable fluorescent proteins used for PALM. This compatibility is very useful when

one target is a small molecule that is difficult to label with an antibody.

We have developed a hybrid DNA-PAINT and PALM workflow to enable multicolor
super-resolution imaging of Ras and several membrane structures in fixed cells. In the
previous chapter, by using correlative super-resolution and scanning electron microscopy,
we have identified the differential roles of membrane vesicles and cortical filamentous
network in organizing H- and K-Ras signaling complexes at the cell membrane. However,
the composition of the membrane vesicles has not be determined because SEM maostly
provides structural and morphological information and lacks chemical specificity. Here,
we used immunofluorescence to label multiple membrane components including clathrin,
caveolae and actin. By linking DNA-PAINT docking strands to antibodies, we are able to
implement multicolor SRM imaging with DNA-PAINT to image those targets. We
demonstrated the performance of sequential multiplexing using the same fluorescent dye
for DNA-PAINT and obtained three-color images. These results have clearly showed the
feasibility of using DNA-PAINT and SRM to investigate nanoscopic heterogeneities in
membrane organization, which can be used to further identify the ultrastructures that

organize Ras proteins at the cell membrane.
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4.2. Materials and Methods

4.2.1. Materials

Unmodified and fluorescently modified DNA oligonucleotides were purchased from
Integrated DNA Technologies. Phalloidin amine was purchased from Santa Cruz
Biotechnology. CF 640R succinimidyl ester was purchased from Biotium (#92108).
DBCO-Sulfo-NHS ester and azido-PEG4-NHS ester were purchased from Click
Chemistry Tools. NHS-azide was purchased from Thermofisher Scientific. Primary
antibodies including mouse anti-clathrin heavy chain antibody and rabbit-anti-caveolin-1
antibody were purchased from Abcam. Unmodified AffiniPure Rabbit Anti-Mouse 1gG
(Jackson ImmunoResearch, 315-005-003) and AffiniPure Donkey Anti-Rabbit 19G
(Jackson ImmunoResearch, 711-005-152) were purchased from Jackson Immuno Research.
Ethylene carbonate was purchased from Sigma-Aldrich (#E26258). Lab-Tek Il chambered

coverglass was purchased from Thermo Fisher Scientific.

4.2.2. Conjugation of DNA strands to antibodies

As illustrated in Fig 4.2, docking strand conjugated secondary antibodies were

generated with the following 3 steps.

1) DBCO-Sulfo-NHS was first incubated with Cy3-DNA docking strand-NHzin PBS
(pH adjusted by NaHCOs3) for 2 hours at room temperature on a shaker covered in
aluminum foil. Inclusion of Cy3 is useful for calculating the ratio of DNA docking strands
to antibody in the conjugation products and observing cell immunostaining with docking
strand-antibody conjugates before DNA PAINT experiments. The NHS ester will react

with amine on the fluorescently modified DNA docking strands. After the reaction is
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completed, DNA conjugates were purified by ethanol precipitation. To do this, 10% of total
volume of 3M NaCl and 2.5X volume of 100% ethanol were mixed with product solution
and then put in -80°C for 30 minutes to precipitate DNA. Centrifuge the product mixture
at 14,0009 for 40 minutes at 4°C and discard supernatant. Rinse the DNA pellet with 100%
ethanol for three times. Discarded ethanol supernatant and let residuals evaporate. The

DNA pellet was then dissolved in TBS.

2) Next, we used NHS-PEGA4-Ns3 to react with the NH> groups on the antibody. The
PEG4 was introduced as a link spacer between the bulky antibody and the oligonucleotide.
Reaction mixture contains a 10:1 molar ratio of NHS-PEG4-Nj3 to antibody, with the pH
adjusted by NaHCOz. Incubate the solution for 2 hours at room temperature on a shaker.
After the reaction is completed, unreacted NHS-PEG4-N3z was removed using Amicon 50k
centrifugal column (Millipore, #UFC505024). The column was first washed by 400 pL
PBS. Discard flow-though, load the product solution and add 40 pL PBS. Spin the column
at 1,500¢ for 1 minute at room temperature and discard flow-throug. Wash the column with
400 puL PBS for 15 times. To collect conjugated product, invert the column in an empty 1.5
mL vial and collect the flow-through by centrifuging. Measure the concentration on the
NanoDrop spectrophotometer. The concentration of antibody is usually around 1.2 mg/ml,
which is about ~70% yield. After this step, the antibody contained azide groups that were

ready to react with DBCO on the DNA docking strands.

3) Finally, DBCO-DNA docking strand-Cy3 binds to azide-modified antibodies via
copper-free click chemistry [134]. To do this, create a 10:1 ratio of DNA strands to
antibody and incubate overnight at room temperature on a shaker covered in aluminum foil.

The unreacted DNA strands were removed by using Amicon 50k centrifugal column
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(Millipore, #UFC505024). The filter was first washed by 400 puL PBS. Discard flow-
though, load the product solution and add 40 pL PBS. Spin the column at 1,500g for 1
minute at room temperature. Discard flow-through, wash the column with 400 uL. PBS and
spin at 1,500g for 1 min, repeat this washing by 3 times. To collect conjugated product,
invert the column in an empty 1.5 mL vial and collect the flow-through by centrifuging.
The antibody concentration and DNA to antibody ratio is measured using NanoDrop

spectrophotometer. Typically ~1.2 mg/ml antibody and 3:1 DNA to antibody ratio can be

obtained.
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Figure 4.2 Schematic representation of DNA docking strands and antibody
conjugation. DBCO-Sulfo-NHS first reacts with Cy3-DNA docking strand-NH2 to
introduce DBCO group to the DNA docking strands. Next, NHS-PEG4-Nz was used to
react with the NH groups on the antibody. Finally, DBCO-DNA docking strand-Cy3 binds
to azide-modified antibodies via copper-free click chemistry.
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The imager strand was generated in the similar method as the first step above. CF
640R NHS ester was first incubated with DNA imager strand-NH in PBS (pH adjusted by
NaHCOg) for 2 hours at room temperature on a shaker covered in aluminum foil. After the
reaction is completed, 10% of total volume of 3M NaCl and 2.5X volume of 100% ethanol
were mixed with product solution and then put in -80°C for 30 minutes to precipitate DNA.
Centrifuge the product mixture at 14,0009 for 40 minutes at 4°C and discard supernatant.
Rinse the DNA pellet with 100% ethanol for three times. Discarded ethanol supernatant

and let ethanol residuals evaporate. The DNA pellet was then dissolved in TBS.
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Figure 4.3 Schematic representation of DNA imager strands and dye conjugation.

4.2.3. Cell immunostaining

U20S cells (human osteosarcoma, ATCC, HTB-96) were cultured at 37°C and 5%
CO2 in DMEM supplemented with 10% FBS (11995 and 10082 respectively, Life
Technologies) and were seeded into Lab-Tek chambered coverglass (Thermo, 155409) 24
hours before fixation. Clathrin, Caveolae and actin were immunostained with the following
procedure: fixation with freshly made 3.7% PFA in PHEM buffer (60mM Pipes, 25mM
Hepes, 10mM EGTA, 2mM MgCl», PH 6.9) for 20 min; washing with PBS; block and
permeabilize with 3% BSA (w/v) and 0.1% Saponin (w/v) for 30 min; incubation overnight
with mouse anti-clathrin heavy chain antibody (abcam, ab24578), rabbit-anti-caveolin-1

antibody (abcam, ab32577) or preassembled phalloidin-DNA conjugates diluted to 10
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pg/ml in 3% BSA (w/v) and 0.1% Saponin (w/v) plus 0.5 mg/ml Salmon Sperm DNA
solution (Invitrogen, 15632011); washing with PBS for three times; incubation with
preassembled anti-mouse-DNA and anti-rabbit-DNA conjugates diluted in in 3% BSA
(w/v) and 0.1% Saponin (w/v) plus 0.5 mg/ml Salmon Sperm DNA solution for 1 hour;
washing with PBS for three times; post-fixation with 3.7% PFA and 0.1% GA in PHEM

buffer for 10 min; washing and adding 50 nm gold nanoparticles for drift correction.

4.2.4. Image acquisition and Image analysis

For single color imaging, the imaging buffer contained 10 nM CF 640R-labeled
imager strands in 10% (v/v) ethylene carbonate in buffer C (1x PBS, 500 mM NacCl, pH
8). For multiplexed imaging, each target of interest were imaged sequentially with buffer
exchange. In each cycle, 10 nM CF 640R-labeled imager strands imager strands in 10%
(v/v) ethylene carbonate in buffer C (1x PBS, 500 mM NaCl, pH 8) was added to
chambered-well. After image acquisition, imager strands were washed out completed

before next cycle.

Image acquisition was performed on a Nikon Ti-U inverted microscope equipped with
a Nikon 60x APO TIRF objective (NA = 1.49). Total internal reflection (TIR) illumination
was used in imaging experiments. An open source software, uManager [134], was used to
acquire raw dataset. Image reconstruction was performed using home-written scripts in

Matlab (MathWorks, MA).

Multiplexed images were registered by 50 nm gold nanoparticles. Image registration

was done using custom scripts based on the Control Point Registration toolbox in Matlab
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(Mathworks, Natick, MA). Typically a total number of 8-15 gold nanoparticles were used

to register each multi-color dataset.

4.3. Results

4.3.1. Imaging membrane ultrastructures with DNA-PAINT

We first tested the possibility of using oligo conjugation to secondary antibodies for
imaging cell membrane structures with SRM based DNA-PAINT. Three membrane
structures, clathrin, caveolae and actin were targeted. The results demonstrated that
conjugation to docking strand does not influence the specific labeling of secondary
antibodies. With optimized imaging conditions, SRM based DNA-PAINT was capable of

resolving the morphology of nanoscopic structures on the cell membrane.

With DNA-PAINT, we first imaged clathrin coated pits (CCPs) in U20S cells. From
the SEM images of CCPs in Chapter 3, CPPs are spherical cage-like structures that are
about 150 -200 nm in size. They are assembled from clathrin, the adaptor protein AP-2 and
many other accessory factors. The formation of CCPs is important for internalization of
receptors and extracellular ligands, for the recycling of plasma membrane components, and
for the retrieval of surface proteins destined for degradation [103]. To image CCPs, we
immunostained U20S cells with a primary antibody against clathrin and a secondary
antibody-DS-Cy3 conjugate. The correct immunostaining of secondary antibody-DS-Cy3
conjugate was confirmed based on Cy3 signal. When imaged by conventional fluorescence
microscopy, all CCPs appeared as nearly diffraction-limited spots with no discernable

structures. For DNA-PAINT, an imaging buffer containing 10 nM of CF 640R-IS was
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introduced into the sample chamber prior to imaging. Assisted by ethylene carbonate,
constant association and disassociation of CF 640R to the cell membrane was observed.
From the reconstructed SRM images (Fig 4.4), the circular ring-like structures of the pit
periphery were unambiguously resolved. The size of CCPs measured from SRM images
are typically around 150-200 nm, which agrees with the size observed using SEM as shown

in Chapter 2.

Figure 4.4 DNA-PAINT images of clathrin-coated pits in fixed cell.
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Figure 4.5 DNA-PAINT images of caveolae in fixed cell.

Next, we imaged caveolae, which mediate one of the dynamin-dependent but
clathrin-independent endocytosis pathways. Caveolae are rich lipids such as cholesterol
and sphingolipids and have been considered a special type of lipid rafts. Similar to the
CCPs, caveolae appeared as nearly diffraction-limited spots when imaged with
conventional fluorescence microscopy, which is expected since the size of caveolae ranges
from 50-150 nm depending on the cell type. To image caveolae with DNA-PAINT, U20S
cells were stained with a primary antibody against caveolin-1 followed by incubation with
a secondary antibody-DS-Cy3 conjugate. Here the DS has a distinct sequence to that used
for caveolae imaging. SRM based DNA PAINT images clearly resolved the circular
structure of the periphery of the caveolae at the cell membrane (Fig 4.5). According to the
cross-sectional profiles of the caveolae in Fig 4.5a, the size of ring-like caveolae is ~120
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nm as measured, which is consistent with the diameter of caveolae determined in previous

EM studies.

We also tested DNA-PAINT imaging of the actin cytoskeleton in fixed cells by using
a small molecule labeling agent instead of an antibody. To this end, a new DS-Cy3 was
conjugated to phalloidin, which binds to F-actin with high specificity. After fixation and
blocking, cells were stained with DS-phalloidin-Cy3 conjugates overnight at 4°C. It turned
out that the DS-phalloidin-Cy3 conjugates stained actin with high specificity and high
density. Networks of thick stress fibers and thinner filaments were both resolved in the
reconstructed SRM images (Fig 4.6). In addition, we also observed many small actin
clusters in the form of somewhat elongated dots. The presence of distinct cortical filaments
suggests that the ultrastructure of the F-actin network is well-preserved and sufficiently
stained with DNA-phalloidin conjugates. Thus, SRM based DNA-PAINT is capable of

characterizing the cytoskeleton architecture on the cell membrane as well.

Figure 4.6 DNA-PAINT images of actin in fixed cell.
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4.3.2. Multiplexed membrane imaging with DNA-PAINT

Next, we extended DNA-PAINT for multiplexed imaging of multiple membrane
structures. This was obtained by coupling CF 640R to multiple IS with orthogonal
sequences, each corresponding to a unique DS as previously used. The orthogonality of IS
ensures that there is no crosstalk between the different target channels [103]. The
experimental scheme for multiplexed DNA-PAINT imaging is illustrated in Fig 4.7, which
is described as exchange-PAINT by Jungmann et al., [102]. Briefly, each target was labeled
with an antibody carrying a unique DS oligo, and IS oligoes tagged with CF 640R were
sequentially introduced into the same sample chamber prior to each imaging cycle after the
last IS has been washed out. For example, during cycle 1, only IS1 was present in the
imaging buffer, and actin was specifically imaged. After image acquisition of cycle 1 was
complete, I1S1 was washed out simply by flowing in blank imaging buffer (with no IS).
Then, 1S2 was introduced for imaging cycle 2, where CCPs were imaged. By repeating the
imaging cycles three times, we achieved three color SRM imaging of cortical actin, CCPs,
and caveolae using the same dye, CF 640R (Fig 4.7). SRM images from same field of view
were registered using 50 nm gold nanoparticles as described in Methods. From the resulting
SRM images, we observed that all three membrane structures are well resolved with much

better spatial resolution compared to conventional fluorescence microscopy.
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Figure 4.7 Multiplexed imaging of membrane structures with DNA-PAINT.

4.4, Discussion and future work

In this chapter, we demonstrated multiplexed imaging of three membrane
ultrastructures using exchange-PAINT. Compared with prior SRM methods based on
PALM [102] or STORM [101], exchange-PAINT enables multiplexed SRM simply
through multi-round imaging using multiple, orthogonal DNA sequences. Multi-color
SRM imaging was previously achieved by using dichroic mirror and bandpass filter [154]

or by using dispersing prism [153,164] to distinguish the emission of different dyes.
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However, these methods are heavily dependent on selection of spectrally distinct dyes. In
exchange-PAINT, orthogonal docking strand sequences were used to tag different targets.
Therefore, the targets are distinguished based on orthogonal DNA sequences instead of the
spectra of the dyes. As such, multicolor imaging is achieved without having to deal with
spectral crosstalk. Since the only limitation is the orthogonality of DNA sequences,
multiplexed imaging can be extended to tens or even hundreds of targets. To date,
exchange-PAINT has demonstrated nine-color SRM imaging in cells [103,167]. The use
of secondary antibodies for multiplexed detection in our experiment, however, is limited
by the availability of primary antibodies from different species. To address this issue, direct
conjugation of DNA docking strands to primary antibodies or small molecules will be one

of the future efforts to achieve more colors.

Other advantages of DNA-PAINT include the selection of optimal dyes with good
photostability and photon vyield. In previous multi-color imaging experiments, the
photophysical properties of the dye used in each channel, such as the photoswitching
performance, photon output, duty cycle, and compatibility with the imaging buffers, are all
critical to successful high-resolution imaging. In DNA-PAINT, the same dye can be used
to tag all IS oligos as long as their sequences are orthogonal (i.e., one IS does not hybridize
with another DS). The remaining consideration will be the brightness of the dye. Since the
imaging process of DNA-PAINT does not involve photoswitching, it becomes much more
straightforward to choose an optimal fluorophore from the vast repertoire of existing
fluorophores without having to go through a tedious step to screen for the best
photoswitchers as in STORM. Once chosen, the dye can be used for all the imaging cycles.

Moreover, DNA-PAINT is intrinsically insensitive to loss of fluorescent probes due to

115



photobleaching. Instead, there is essentially unlimited supply of dye-IS in the solution that
can probe the same targets again and again during image acquisition. Hence, compared to
STORM and PALM, DNA-PAINT is more likely to yield quantitative results by avoiding

any loss of fluorescent probes, which is particularly valuable for low abundance targets.

In spite of these advantages, there are still some limitations to DNA-PAINT, one
of which is the slow image acquisition. Each raw image frame in DNA-PAINT takes 100-
300 ms, which is about an order of magnitude slower than STORM and PALM. This may
be overcome by combing DNA-PAINT with spectral-resolved STORM [153] or MSSRM
[164] with DNA-PAINT. Another limitation is that it remains difficult to use DNA-PAINT
for live cell imaging, due to the need for using antibodies and for the slow imaging speed.
For live cell SRM imaging, typically 100-1,000 raw image frames are needed to reconstruct
a single SRM image, which makes the time resolution essentially impractical when using

DNA-PAINT.

With future improvements on various aspects, multiplexed imaging with DNA-
PAINT will be a powerful tool to resolve membrane ultrastructures that organizing Ras
signaling complexes at the cell membrane. As discussed in Chapter 3, we have identified
distinct roles of membrane filaments and vesicles including CCPs in organizing and
regulating the membrane localization and signaling output of H- and K-Ras. CCPs can be
easily defined with SEM based on their distinct morphology. Some other vesicles, such as
caveolae, are more difficult to identify unambiguously since SEM does not provide
composition information of those vesicles. Moreover, some of the Ras multimer-associated
membrane compartment may not fall in any known categories. Therefore, we propose to

use correlative DNA-PAINT with EM as the potential next step to further define the
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membrane compartments. With more complete information about the molecular
compositions of these membrane compartments, we will be able to bring our understanding
of how the activities of the various Ras isoforms are intricately regulated by these

heterogeneous, nanoscale structures to achieve robust yet versatile signaling.
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